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UNITED STATES ENVIRONMENTAL PROTECTION AGENCY 
REGION III 

1650 Arch Street 
Philadelphia, Pennsylvania  19103-2029 

 

April 18, 2012 
 
SUBJECT:   EPA comments on Virginia’s Draft 2012 305(b)/303(d) Water 

Quality Integrated Report  
 

      

FROM: 
 

Gregory Voigt, Office of Standards, Assessment and TMDLs (OSAT), 
United States Environmental Protection Agency, Region 3 (EPA) 
 

TO: 
 

John M. Kennedy, Office of Water Monitoring and Assessment,  
Virginia Department of Environmental Quality (DEQ) 
 

THRU: 
 

Larry Merrill, Associate Director, OSAT 
EPA Region 3 
 
 

Thank you for the opportunity to review and comment on Virginia’s Draft 2012 305(b)/303(d) 
Water Quality Integrated Report (IR).  In addition to the specific comments below, EPA would 
like to have a conference call with DEQ staff to discuss the 2012 listing status of the mainstem 
Shenandoah River.  
 
Comments: 

1. On the 2010 IR, A15E-01-BAC is identified as ‘Pohick Creek’ (p.3.3a-3), but on the draft 2012 
IR, A15E-01-BAC is identified as ‘Gunston Cove’ (Appendix 3-2). 

2. For Austin Run (A28R-01-BAC), the 2010 IR indicates an original list date of 2004, but the draft 
2012 IR indicates an original list date of 2012 (see Appendix 1a-5).   

3. For Bridges Creek (A31E-11-BAC), the 2010 IR indicates an original list date of 2004, but the 
draft 2012 IR indicates an original list date of 2012 (see Appendix 1a-5).   

4. A34E-01-SF2: Should the waterbody name be ‘The Glebe - PARTIAL DELIST’? 
5. What happened to the A34E-26-SF (The Glebe) listing from the 2010 IR? 
6. What happened to the G05R-06-PH (Grassy Swamp Creek) listing from the 2010 IR? 
7. For Mill Creek (G08R-02-BAC), the 2010 IR indicates an original list date of 2004, but the draft 

2012 IR indicates an original list date of 2012 (see Appendix 1a-20). 
8. Appendix 1a-26 indicates Totier Creek Reservoir (H17L-01-DO) was initially listed in 2004, but 

Appendix 5 (p.429) indicates the impairment is new for 2012. 
9. Should the initial list date for Deep Run (H39R-19-DO) be 2004?  I could not find it on previous 

lists. 
10. What happened to the I07R-01-BAC (Dunlap Creek) listing from the 2010 IR? 
11. For Little Patterson Creek (I22R-04-BAC), the 2010 IR indicates an original list date of 2004, but 

the draft 2012 IR indicates an original list date of 2012 (see Appendix 1a-32). 
12. What happened to the E25R-01-DO (Mud Creek) listing from the 2010 IR? 
13. What happened to the E26E-20-BAC (Broad Creek) listing from the 2010 IR? 
14. For Waqua Creek (K17R-02-BAC), the 2010 IR indicates an original list date of 2002, but the 

draft 2012 IR indicates an original list date of 2012 (see Appendix 1a-53). 
15. Should the initial list date for Nottoway River - Upper (K30R-02-BAC) be 2008?  I could not 

find it on any previous list. 
16. Should the initial list date for Bear Creek (O03R-02-BAC) be 2010?  I could not find it on the 

2010 list. 
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17. Should the initial list date for Staley Creek (O03R-03-BAC) be 2010?  I could not find it on the 

2010 list. 
18. Should the initial list date for Powell River (P17R-08-BEN) be 2010?  I could not find it on the 

2010 list. 
19. Should the initial list date for Roaring Fork (P17R-09-BEN) be 2010?  I could not find it on the 

2010 list. 
20. Why was Big Cherry Reservoir (P18L-01-PH) moved from category 4C on the 2010 IR to 

category 5C on the draft 2012 IR? 
21. Should the initial list date for South Fork Powell River (P18R-03-BAC) be 2010?  I could not 

find it on the 2010 list. 
22. Should the initial list dates for Dismal Creek (Q05R-01-BAC) be 2006 and 2010?  I could not 

find it on previous lists. 
23. Should the initial list date for Home Creek (Q08R-02-BEN) be 2010?  I could not find it on the 

2010 list. 
24. What happened to the Q12R-03-BAC (Bartlick Creek) listing from the 2010 IR? 
25. Should the initial list date for Pound River (Q13R-03-BEN) be 2006?  I could not find it on 

previous lists. 
26. Should the initial list date for North Fork Pound River Tributaries (Q13R-08-BEN) be 2010?  I 

could not find it on the 2010 list. 
27. Should the initial list date for North Fork Pound River (Q13R-09-BEN) be 2010?  I could not find 

it on the 2010 list. 
28. Appendix 3-63: Should the waterbody name for VAP-C01E_BAR02A08 be Barrett Creek instead 

of Great Wicomico River? 
29. Should the initial list date for Reason Creek (C01E-57-SF) be 2010?  I could not find it on the 

2010 list. 
30. Should the initial list date for Lanes Creek (C04E-52-SF) be 2002?  I could not find it on previous 

lists. 
31. Should the initial list date for Starling Creek - Lower (C10E-13-SF) be 2008?   
32. Should the initial list date for Fisher Cove (C13E-23-SF) be 2008?  I could not find it on previous 

lists. 
33. A TMDL was approved by EPA for Mattawoman Creek – Upper (C14E-13-SF) on 5/6/2010.  

This is a CD segment and should not be listed in Category 5.  
34. A TMDL was established by EPA for Chesapeake Bay Segment CB7PH (CB7PH-EBEN-BAY) 

on 12/29/10.  This segment should not be listed in Category 5.  
35. Appendix 3-98: Should the cause group code associated with the e. coli delisting for Lake 

Anna/Gold Mine Creek (VAN-F07L_GMC01A02) be F07L-01-BAC instead of F06R-03-BAC? 
36. Why was Pamunkey River (F13E-01-BAC) moved from category 4C on the 2010 IR to category 

5C on the draft 2012 IR? 
37. Should the initial list date for Aberdeen Creek (F26E-02-SF) be 2002?  I could not find it on 

previous lists. 
38. What happened to the F26E-22-SF (Hockley Creek) listing from the 2010 IR? 
39. What happened to the F26E-26-SF (Purtan and Leigh Creeks) listing from the 2010 IR? 
40. Should the initial listing date for Laurel Creek (N21R-06-BAC) be 2004, not 2012? 
41. There are several waters in Category 4A of the draft 2012 IR for which EPA has no record of a 

TMDL being completed.  EPA Region III TMDL staff will work with DEQ TMDL staff to 
resolve these discrepancies prior to DEQ’s submittal of the final 2012 IR. 



3 
 

 
DEQ’s Response to EPA Comments: 
 

1. On the 2010 IR, A15E-01-BAC is identified as ‘Pohick Creek’ (p.3.3a-3), but on the draft 2012 
IR, A15E-01-BAC is identified as ‘Gunston Cove’ (Appendix 3-2). The draft 2012 IR has the 
correct waterbody name for A15E-01-BAC.  In the 2010 IR, A15E-01-BAC should have been 
identified as Gunston Cove on p. 3.3a-3, not as Pohick Creek.  Gunston Cove is formed by the 
confluence of Pohick Creek and Accotink Creek. 

2. For Austin Run (A28R-01-BAC), the 2010 IR indicates an original list date of 2004, but the draft 
2012 IR indicates an original list date of 2012 (see Appendix 1a-5).  The cycle first listed has 
been corrected to 2004.  2012 was the first cycle in which the listing was based upon E. coli 
instead of fecal coliform.  

3. For Bridges Creek (A31E-11-BAC), the 2010 IR indicates an original list date of 2004, but the 
draft 2012 IR indicates an original list date of 2012 (see Appendix 1a-5).  The 2004 impairment 
was for fecal coliform.  The impairment converted to enterococci in the 2012 cycle.  Therefore 
the initial list date is 2012, but the due date remains 2016 because of the original bacterial 
impairment. 

4. A34E-01-SF2: Should the waterbody name be ‘The Glebe - PARTIAL DELIST’? Name 
corrected. 

5. What happened to the A34E-26-SF (The Glebe) listing from the 2010 IR? The impairment was 
delisted.   There was a typo in the Delist comment for VAP-A34E_GLB02A00 (A34E-36-SF 
instead of A34E-26-SF).  The typo has been corrected. 

6. What happened to the G05R-06-PH (Grassy Swamp Creek) listing from the 2010 IR? The 
impairment was delisted.   There was a typo in the Delist comment for VAP-G05R_GRC01A04 
(G02R-06-PH instead of G05R-06-PH).  The typo has been corrected. 

7. For Mill Creek (G08R-02-BAC), the 2010 IR indicates an original list date of 2004, but the draft 
2012 IR indicates an original list date of 2012 (see Appendix 1a-20). The 2004 impairment was 
for fecal coliform.  The impairment converted to E. coli in the 2012 cycle.  Therefore the initial 
list date is 2012, but the due date remains 2016 because of the original bacterial impairment. 

8. Appendix 1a-26 indicates Totier Creek Reservoir (H17L-01-DO) was initially listed in 2004, but 
Appendix 5 (p.429) indicates the impairment is new for 2012. Totier Creek Reservoir was 
originally listed for a DO impairment in the Hypolimnion in the 2004 cycle.  All DO violations 
occurred in the Hypolimnion.  With the adoption of the Lake Nutrient Standards and the DO 
WQS only applying in the Epilimnion, Totier Creek Reservoir was de-listed as impaired in the 
2008 cycle based on the new Lake Nutrient Standards.  In the 2012 cycle, it was determined that 
Totier Creek Reservoir was impaired for DO based on 5 violations of the DO WQS in the 
Epilimnion.  The original listing date in ADB was INCORRECTLY identified as 2004.  I have 
updated ADB to correctly reflect that the DO listing is in 2012, not 2004.  

9. Should the initial list date for Deep Run (H39R-19-DO) be 2004?  I could not find it on previous 
lists. No. The segment was delisted in 2006 and impaired again in 2012. The initial list date has 
been corrected to 2012. 

10. What happened to the I07R-01-BAC (Dunlap Creek) listing from the 2010 IR? Dunlap Creek is 
delisted with the 2012 IR as recorded in the 2012 ADB and delist package.  These initially 2006 
Listed waters are fully delisted with the 2012 IR.  Bacteria (E.coli) excursions of the 235 cfu/100 
ml instantaneous criterion are zero of 14 observations with an exceedance rate of 0.0% at station 
2-DNP001.98 (Route 603 Bridge at Earlehurst).  The 2006 initial 303(d) Listing is based on two 
of nine E.coli excursions.  Exceeding values were 320 and 400 cfu/100 ml.  The bacteria (E.coli) 
303(d) Listing continued through the 2010 Cycle.  

11. For Little Patterson Creek (I22R-04-BAC), the 2010 IR indicates an original list date of 2004, but 
the draft 2012 IR indicates an original list date of 2012 (see Appendix 1a-32). As recorded in the 
2012 ADB and Impaired Waters Fact Sheet : 
2-LIP001.00-  Escherchia Coli (E.coli) replaces the former fecal coliform impairment with the 
2012 assessment.   Five of 12 Escherichia coli (E.coli) samples exceed the 235 cfu/100 ml 
instantaneous criterion within the 2012 Data Window.  Exceeding values range from 250 to 1300 
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cfu/100 ml. These waters were initially listed in 2004 where FC exceeded the former 400 cfu/100 
ml WQS instantaneous criterion in two of nine samples.  The two exceedences are 2800 (2001) 
and 2100 cfu/100 ml (2001).  In both the 2006 and 2008 assessments FC exceeds in two of 12 
samples with the same excursions as in previous cycles.  No additional data extended into the 
2008 or 2010 data windows.  The TMDL due date remains 2016 as the original listing occurred in 
2004 for fecal coliform bacteria and not escherichia coli; a 2012 initial listing.   

12. What happened to the E25R-01-DO (Mud Creek) listing from the 2010 IR? The impairing station 
was determined to be tidally influenced and is now located in VAP-E25E_MUC0A04.  As this 
segment is part of the Chesapeake Bay WQS segmentation, it is included under the RPPMH-DO-
BAY listing instead. 

13. What happened to the E26E-20-BAC (Broad Creek) listing from the 2010 IR? The impairment 
was delisted.   There was a typo in the Delist comment for VAP-E26E_BRD01A00, -BRD02A00, 
-BRD03A00, and -BRD04A00 (E26E-20 instead of E26E-20-BAC).  The typo has been 
corrected. 

14. For Waqua Creek (K17R-02-BAC), the 2010 IR indicates an original list date of 2002, but the 
draft 2012 IR indicates an original list date of 2012 (see Appendix 1a-53). The 2002 impairment 
was for fecal coliform.  The impairment converted to E. coli in the 2012 cycle.  Therefore the 
initial list date is 2012, but the due date remains 2014 because of the original bacterial 
impairment. 

15. Should the initial list date for Nottoway River - Upper (K30R-02-BAC) be 2008?  I could not 
find it on any previous list. Initial listing 2008 3 viol/25 obs.  Delist 2010 E.coli-Recreation Use 3 
viol/36 obs (Final 2010: 3.5 - 137).  The Recreation Use is impaired for Ecoli with 5 viol / 36 obs 
at 5ANTW0015.99 (Draft 2012: App 5 - p932) 

16. Should the initial list date for Bear Creek (O03R-02-BAC) be 2010?  I could not find it on the 
2010 list. The 2010 CGC was O03R-01-BAC for this listing. A portion of the segments in this 
CGC had TMDL studies completed and became 4A. This one remains 5A; therefore, it needs a 
new CGC. 

17. Should the initial list date for Staley Creek (O03R-03-BAC) be 2010?  I could not find it on the 
2010 list. The 2010 CGC was O03R-01-BAC for this listing. A portion of the segments in this 
CGC had TMDL studies completed and became 4A. This one remains 5A; therefore, it needs a 
new CGC. 

18. Should the initial list date for Powell River (P17R-08-BEN) be 2010?  I could not find it on the 
2010 list. The 2010 CGC was P17R-01-BEN for this listing. A portion of the segments in this 
CGC had TMDL studies completed and became 4A. This one remains 5A; therefore, it needs a 
new CGC. 

19. Should the initial list date for Roaring Fork (P17R-09-BEN) be 2010?  I could not find it on the 
2010 list. The 2010 CGC was P17R-02-BEN for this listing. A portion of the segments in this 
CGC had TMDL studies completed and became 4A. This one remains 5A; therefore, it needs a 
new CGC. 

20. Why was Big Cherry Reservoir (P18L-01-PH) moved from category 4C on the 2010 IR to 
category 5C on the draft 2012 IR? The original impairment was attributed to natural causes, 4C. 
Big Cherry now has pollutant caused impairment (P18L-01-HG), 5A. Because mercury was 
discovered in edible fish fillets, VDH established a Fish Consumption Advisory which resulted in 
Category 5A for Fish Consumption Use. The overall category is now 5C. 

21. Should the initial list date for South Fork Powell River (P18R-03-BAC) be 2010?  I could not 
find it on the 2010 list. The 2010 CGC was P18R-01-BAC for this listing. A portion of the 
segments in this CGC had TMDL studies completed and became 4A. This one remains 5A; 
therefore, it needs a new CGC. 

22. Should the initial list dates for Dismal Creek (Q05R-01-BAC) be 2006 and 2010?  I could not 
find it on previous lists. The 2010 CGC was Q04R-01-BAC for this listing. Dismal Creek was not 
included in the Levisa TMDL study, so was given a unique CGC. 

23. Should the initial list date for Home Creek (Q08R-02-BEN) be 2010?  I could not find it on the 
2010 list. The 2010 CGC was Q04R-01-BEN for this listing. Home Creek was not included in the 
Levisa TMDL study, so was given a unique CGC. 
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24. What happened to the Q12R-03-BAC (Bartlick Creek) listing from the 2010 IR? It became 
Q12R-01-BAC and was included with a nearby tributary with similar land uses. 

25. Should the initial list date for Pound River (Q13R-03-BEN) be 2006?  I could not find it on 
previous lists. The 2010 CGC was Q13R-02-BEN for this listing. A portion of the segments in 
this CGC had TMDL studies completed and became 4A. This one remains 5A; therefore, it needs 
a new CGC. 

26. Should the initial list date for North Fork Pound River Tributaries (Q13R-08-BEN) be 2010?  I 
could not find it on the 2010 list. The 2010 CGC was Q13R-02-BEN for this listing. A portion of 
the segments in this CGC had TMDL studies completed and became 4A. This one remains 5A; 
therefore, it needs a new CGC. 

27. Should the initial list date for North Fork Pound River (Q13R-09-BEN) be 2010?  I could not find 
it on the 2010 list. The 2010 CGC was Q13R-02-BEN for this listing. A portion of the segments 
in this CGC had TMDL studies completed and became 4A. This one remains 5A; therefore, it 
needs a new CGC. 

28. Appendix 3-63: Should the waterbody name for VAP-C01E_BAR02A08 be Barrett Creek instead 
of Great Wicomico River? Yes, the name has been corrected. 

29. Should the initial list date for Reason Creek (C01E-57-SF) be 2010?  I could not find it on the 
2010 list. Yes.  In 2010, the Reason Creek shellfish impairment was mistakenly listed under 
C01E-16-SF.  The fact sheet number was corrected this cycle. 

30. Should the initial list date for Lanes Creek (C04E-52-SF) be 2002?  I could not find it on previous 
lists. No. The segment was delisted in 2006 and impaired again in 2012. The initial list date has 
been corrected to 2012. 

31. Should the initial list date for Starling Creek - Lower (C10E-13-SF) be 2008?  Previous 2008 
impairment is delisted based on DSS change of shellfish condemnation category from 
Condemned to Seasonally Condemned.  The Shellfishing Use is fully supported with observed 
effect due to the DSS Seasonally Condemned shellfish direct harvesting condemnation # 075-118 
M1 (effective 20081105).  Delist 2010 fecal coliform (Final 2010: 3.5 - 165).  The Shellfishing 
Use is impaired based on the DSS shellfish harvesting condemnation & seasonal # 075-118 A 
(effective 20091023). (Draft 2012:  App 5 - p1223). 

32. Should the initial list date for Fisher Cove (C13E-23-SF) be 2008?  I could not find it on previous 
lists.  Partial delist 2010 – Fecal coliform [First listed 2008] (Final 2010:  3.5 - 168).  The 
Shellfishing Use is Fully Supported due to the Open DSS shellfish harvesting area # 084-043 
(effective 20080805).  Proposed for delisting previous 2008 IR DSS shellfish direct harvesting 
condemnation # 084-043 C (effective 20050908). Added in 2008 IR shellfish closures. Not 
covered under TMDL.  The Shellfishing Use is impaired based on the DSS Condemnation # 084-
043 C (effective date 20101216). Not covered under the TMDL. (Draft 2012:  App 5 - p1240). 

33. A TMDL was approved by EPA for Mattawoman Creek – Upper (C14E-13-SF) on 5/6/2010.  
This is a CD segment and should not be listed in Category 5. TMDL is EPA Approved 5/6/2010; 
SWCB Approved 9/30/2012.  

34. A TMDL was established by EPA for Chesapeake Bay Segment CB7PH (CB7PH-EBEN-BAY) 
on 12/29/10.  This segment should not be listed in Category 5. The EBEN (benthic impairment) 
cause is not addressed by the Bay TMDL. 

35. Appendix 3-98: Should the cause group code associated with the e. coli delisting for Lake 
Anna/Gold Mine Creek (VAN-F07L_GMC01A02) be F07L-01-BAC instead of F06R-03-BAC? 
The cause group code for the delisting of Lake Anna/Gold Mine Creek segment has been updated 
to F07L-01-BAC. 

36. Why was Pamunkey River (F13E-01-BAC) moved from category 4C on the 2010 IR to category 
5C on the draft 2012 IR? It was moved from Category 4A to Category 5A because it was realized 
that it should not have been considered a “nested” impairment due to the presence of a municipal 
WWTP that was not addressed in the downstream TMDL. 

37. Should the initial list date for Aberdeen Creek (F26E-02-SF) be 2002?  I could not find it on 
previous lists. Yes.  It was previously part of F26E-15-SF.  However, the TMDL "York River: 
Gloucester Point to Jones Creek", which was approved by the EPA on 7/30/2007, only addressed 
the 1998 portion of the condemnation.  This downstream expansion is Category 5B.  As the 
condemnation first expanded in the 2002 cycle, the TMDL will be due in 2014.  
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38. What happened to the F26E-22-SF (Hockley Creek) listing from the 2010 IR? Partial Delist 2012  
(Draft 2012:  App 3 - 102, 103, 104, 105).  During the 2010 cycle, a 5.8816 mi2 mile portion of 
the York River, plus Hockley Creek and several tributaries were impaired of the Shellfish Use 
due to the non-administratively condemned portion of 049-004A, 8/25/2005.  The impairment 
was addressed in the report "Bacteria Total Maximum Daily Load (TMDL) Development for the 
Upper York River, the Lower Pamunkey River, and the Lower Mattaponi River (Tidal) 
Watersheds" which was completed during the 2012 cycle and was approved by the EPA on 
7/28/2010.  However, during the 2012 cycle, condemnation A. 7/15/2010 shrank considerably 
and is now fully contained with the administratively condemned area. The tributaries are now 
open, Hockley Creek remains closed as 049-004C. The majority of the mainstem York River is 
now open for harvest; however, one portion remains closed as part of the Hockley Creek 
condemnation, and another is now seasonally condemned under 048-128M1, 7/15/2010. The 
open and seasonally condemned areas will be partially delisted (Category 2C); the condemned 
areas will be considered Category 4A. 

39. What happened to the F26E-26-SF (Purtan and Leigh Creeks) listing from the 2010 IR? The 
impairment was delisted.   There was a typo in the Delist comment for VAT-F26E_PTN01A08 
(F26E-12-SF instead of F26E-26-SF).  The typo has been corrected. 

40. Should the initial listing date for Laurel Creek (N21R-06-BAC) be 2004, not 2012? The original 
listing for fecal coliform is a 2004 Listing.  E.coli replaced fecal coliform with the 2012 
assessment; thus a 2012 initial listing date.  The TMDL Due Date remains as 2016 based on the 
original FC 2004 Listing. 

41. There are several waters in Category 4A of the draft 2012 IR for which EPA has no record of a 
TMDL being completed.  EPA Region III TMDL staff will work with DEQ TMDL staff to 
resolve these discrepancies prior to DEQ’s submittal of the final 2012 IR. Please see Excel files 
accompanying this document. 



 

 

April 27, 2012 

 
By e-mail 
 
John M. Kennedy 
DEQ Office of Water Monitoring and Assessment 
P.O. Box 1105 
Richmond, Virginia 23218-1105 
John.Kennedy@deq.virginia.gov 

  
RE: Comments on Draft 2012 305(b)/303(d) Water Quality Assessment Integrated Report  
 
Dear Mr. Kennedy, 
  
The Hampton Roads Sanitation District appreciates the opportunity to comment on the above 
referenced document and is encouraged to see enhancements in the assessment process that 
have the potential to more accurately characterize the quality of Virginia’s waters.  In general, 
the trend monitoring depicted a positive outlook and is a testament to the successes of Clean 
Water Act implementation at the state level.  Though the coastal monitoring completed in 
conjunction with EPA could not be used to assess against standards, the general 
characterization of our coastal waters was helpful and informative.  The report and its content 
improve with each assessment year despite the challenging economic environment.  As DEQ 
continues to improve the assessment process, HRSD would like to offer comment on issues 
with VPDES regulatory implications.   
 
Analytical Methodology 
The VPDES permit program requires that only 40CFR Part 136 analytical procedures be used 
to analyze samples when such a method is available.  The assessment program does not 
have a similar requirement.  Both the ambient monitoring program and the VPDES program 
determine the potential for impact in state waters.  Though all data used for supporting and 
listing purposes is collected using an EPA accepted and DEQ approved method, this does not 
address the concern that the use of varying methodologies between the two programs could 
result in conflict and undermine the credibility of the listings and subsequent TMDLs.  In the 
previous response to comments, DEQ indicated that there has been no known incidence of 
conflict.  Though there may have been no conflict to date, DEQ must be aware of this concern 
and strive to achieve unanimity between the two programs when possible. 
 
Tissue Screening Values 
HRSD requests that Tissue Screening Values (TSV) that are not linked directly to Water 
Quality Standards be subject to the Administrative Procedure Act (APA) process since these 
values do have regulatory impact.  The Virginia Department of Health (VDH) utilizes its own 
screening values to guide the decision to post a fish consumption advisory.  These VDH 
screening values are not subject to the APA process.  As an example, the DEQ screening 

mailto:John.Kennedy@deq.virginia.gov
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value for PCBs in fish tissue is 54 mg/kg.  The DEQ screening value has a direct linkage to the 
Water Quality Standard which is subject to review and approval by stakeholders.  However, 
VDH issues fish consumption advisories based on a screening value of 50 mg/kg PCBs in fish 
tissue.  This screening value has NOT been subject to the APA process.  In addition, though 
lead and arsenic standards do not exist for fish tissue, VDH currently has the discretion to 
issue advisories based on the results of the fish tissue analyses.  Such advisories on fish 
consumption require the state to identify the waterbody as impaired.  The regulatory 
community is not provided with the opportunity to comment on the VDH tissue screening 
values or their derivation.  While some VDH derived TSVs are listed in the Water Quality 
Monitoring Guidance but there isn’t enough information available on the derivation of these 
screening values to provide meaningful comment. 
 
Tributyltin Impairments 
The tributyltin water quality standard for saltwater was revised in the last triennial review.  The 
waters of Hampton Roads and the Elizabeth River were delisted for this impairment in the 
previous Water Quality Assessment Integrated Report (2010).  The current report, however, 
contains carry-over information in section 7.4, page 327 which still identifies these waters as 
impaired.   
 
 
Thank you for the opportunity to comment.  The report is an invaluable tool in characterizing 
the waters of the state and in identifying waters in need of improvement.   
 
 

 
  
 

 

Chief of Technical Services 
Hampton Roads Sanitation District 
1436 Air Rail Avenue 
Virginia Beach, VA 23455 
757-460-4220 
jmitchell@hrsd.com 
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DEQ’s Response to Hamptom Roads Sanitation District (HRSD) 

 

DEQ will continue to emphasize the importance of coordination amongst all water quality management 
planning programs--watershed monitoring and assessment, TMDLs, and Virginia Pollution Discharge 
Elimination System permitting.  Not only do stakeholders benefit when these programs work in concert, 
but the agency also has a vested interest in minimizing conflicts arising from different program 
requirements.  

Per Virginia Regulations 1 VAC 30-46, all analyte data submitted to DEQ for regulatory purposes, 
including both permit-mandated reporting and 303(d) listing, must be from a NELAC-accredited 
laboratory.   This ensures that only data of high quality are used.  Because laboratory certification and 
auditing are the responsibilities of the Division of Consolidated Laboratory Services (DCLS), concerns 
about inconsistencies in analytical procedures should be directed to DCLS. 

The Water Quality Monitoring, Information, and Restoration Act (WQMIRA) authorizes DEQ to make 
303(d) listing decisions based on recommendations from the Department of Health (VDH).  VDH public 
health assessments and fish consumption advisories are not subject to the requirements of the 
Administrative Process Act (APA).  This exemption from formal rulemaking is recognition that protection 
of public health is of utmost importance to the Commonwealth.  HRSD is correct that VDH has the 
discretion to issue advisories on lead and arsenic, but to date it has not done so and it is not anticipated 
it will any time soon.   

Thanks for your thorough review of the report.  The information about tributyltin and the Elizabeth River 
is outdated and will be corrected for the final version.  
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DEQ’s Response to the Center for Biological Diversity 

 

DEQ appreciates the attention the Center for Biological Diversity (CBD)  has brought to the issue of ocean 
acidification.  The direct effect of atmospheric CO2 levels on water quality is an emerging concern, one 
that promises to challenge environmental regulation and management for years to come.  As CBD’s 
literature review illustrates, the Chesapeake Bay is at the forefront of estuarine research.  The enormous 
body of data collected in the waters of the Bay provides a solid foundation for understanding the 
physiochemical and biological dynamics inherent to all coastal ecosystems.  DEQ is grateful for its long-
term partnership with the Bay research community, which has informed the decision-making behind the 
Bay TMDL and other regulatory tools being implemented for the protection of Virginia’s sensitive coastal 
ecosystems.   

While DEQ agrees that the issue of ocean acidification deserves further attention, a review of available 
monitoring datasets does not reveal evidence of systemic violations of Virginia’s water quality standards 
(pH 6.0 – 9.0).  DEQ analyzed more than 700,000 observations, spanning six years (from January 2005 to 
December 2010) and characterizing a range of environmental conditions, including both tidal tributaries 
and the Bay mainstem.   In addition to the bimonthly vertical profile datasets generated by DEQ and 
researchers at Old Dominion University, a large number of high-frequency continuous monitoring 
datasets were included in this analysis.  Continuous monitoring is much more sensitive than discrete 
sampling at detecting violations of water quality standards.  It also allows for precise characterization of 
diurnal, tidal, and seasonal physiochemical dynamics.  The monitors are deployed and maintained by the 
Virginia Institute for Marine Science, which has served as a role model for long-term continuous 
monitoring of estuarine waters for almost a decade.   Many of the continuous and discrete monitoring 
datasets used in DEQ’s analysis can be downloaded from the Virginia Estuarine and Coastal Observatory 
System website  http://www.vecos.org and the Chesapeake Information Management System 
http://www.chesapeakebay.net.  A summary of these data is shown in Figures 1 and 2. 

The majority of continuous measurements (99%) was at or above pH 7.2, and no continuous monitors 
detected long periods of time ( longer than two consecutive 24-hour periods) in which pH was sustained 
below 7.2.  The time-series generated by the continuous monitors reveal considerable diurnal and 
seasonal variability in pH.  At the single-depth monitors, the mean diurnal pH range at the surface was 
0.4 ± 0.2, possibly reflecting the variable nature of metabolic processes associated with highly 
productive estuarine waters (Hofmann et al., 2011).   Dynamics in pH also appear to vary spatially, with 
mesohaline wate rs exhibiting larger swings than polyhaline waters.  These findings support the 
argument made by Hofmann et al. 2011 that more high-frequency datasets from a diverse set of coastal 
ecosystems are needed to better understand the natural dynamics of pH.  Conclusions based on 
extrapolations from oceanic grab samples are likely inappropriate for determining impairment in 
estuarine waters.       

While violations of Virginia’s pH standard are  evident in both continuous and discrete monitoring data, 
most are of the standard’s upper limit (pH = 9.0) rather than the lower (pH = 6.0).  Six violations of the 

http://www.vecos.org
http://www.chesapeakebay.net
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lower limit (see Figure 2) were observed on a minor tributary of the Rappahannock River that is 
currently listed as impaired.  DEQ suspects pH is depressed there due to the creek’s low slope and 
flow—two characteristics which promote acidic and hypoxic conditions independent of anthropogenic 
influences. The depressed pH is more pronounced at upstream sections of this tributary, further 
indicating the lowered pH is caused by localized conditions characteristic of freshwater swamps and not 
by generalized ocean acidification. The three other mesohaline creeks that are currently on the 303(d) 
list for low pH have similar features.  If natural conditions and nutrient enrichment are ruled out as 
drivers, targeted TMDLs will be scheduled for these waters.  Either way they will continue to be 
monitored and assessed.   

Nutrient enrichment is implicated as a major source of pollution in the Chesapeake Bay, and it is 
addressed by the Bay TMDL.  Since eutrophication can  both depress (Cai et al., 2011) and elevate pH 
(Waldbusser et al. 2011), it is expected that successful implementation of the Bay TMDL will promote 
healthy pH levels throughout the Bay and its tributaries.   But as Waldbusser et al. (2011) suggests, the 
dynamics inherent to estuarine waters complicate predictions even under the best circumstances. 

CBD’s literature review highlights the importance of pH on aquatic life.  Evaluation of the integrity of the 
benthic community is a major part of the assessment of the aquatic life use.  Thirty-seven percent of 
Virginia’s meso- and polyhaline waters have degraded benthic communities.  It is believed that chronic 
hypoxia and sediment contamination are the major stressors impacting benthic fauna in the Bay, but 
stressor identification analysis will be performed as part of the TMDL development process.  While much 
work is needed to achieve full attainment of the Bay’s aquatic life use, Virginia is heartened by the 
growing reefs of the eastern oyster in the Lynnhaven River and the recent uptick in blue crab abundance 
revealed in the 2012 Winter Dredge Survey.   These recent trends indicate that management activities 
are having a positive effect on the Bay’s health.         

While Virginia’s off-shore environment has not been monitored as extensively as the Bay, violations of 
pH in these waters have not been documented by DEQ since the inception of its water quality 
monitoring program. 

DEQ uses both empirical and modeled monitoring data, held to specific quality requirements, to justify 
listing and delisting decisions.  Different lines of evidence may be considered to substantiate a judgment 
of water quality impairment, but DEQ is ultimately required to base this decision upon documented 
violations of Virginia’s water quality standards, which are promulgated only after scientific peer-review 
and procedures of formal rule-making.  DEQ accepts non-agency data on a continual basis, but data 
must have been submitted by March 2011 to have been included in the 2012 Integrated Report.  While 
the experimental work cited by CBD is informative, it does not meet the criteria DEQ requires for 
monitoring data used in assessments.  Thus, DEQ has no justification for listing its estuarine and coastal 
waters for ocean acidification at this time.  

Virginia currently has no standard for “allowable” variability in pH.  Such a criterion is needed to 
establish whether a waterbody has experienced a detrimental shift in aquatic life conditions.  As 
required by federal regulation, DEQ amends water quality standards in a process called Triennial 

http://www.vims.edu/features/programs/blue_crab_winter_dredge.php
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Review.  Recommendations should be made to the agency during this time so that they can be 
considered through formal rule-making.  Only after standards are adopted by the State Water Control 
Board and approved by EPA can they be used in water quality assessments.  Virginia’s next Triennial 
Review is anticipated to begin February 2013.   

           

 

Figure 1. Daily minimum pH values recorded at 20 continuous monitors deployed in mesohaline (blue) 
and polyhaline (red) waters of the Chesapeake Bay (n=14,177).  Most data were collected in shallow 
near-shore environments at the water surface.  Some data, indicated by the cross-shaped markers, 
were collected by two Vertical Profilers deployed in deeper waters (> 10 meters).  More information 
about continuous monitoring in the Chesapeake Bay can be found at http://www.vecos.org.   
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Figure 2.  Discrete measurements of pH taken at 378 monitoring stations in mesohaline (blue) and 
polyhaline (red) waters of the Chesapeake Bay (n = 59,599).   
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DEQ’s Response to the National Committee for the New River 

 

NCNR may be interested in two programs administered by the Department of Conservation and 
Recreation (DCR).  The Virginia Agricultural BMP Cost-Share Assistance Program  provides funding to 
private individuals, organizations, and businesses that install select best management practices (BMPs) 
on agricultural lands.  Some conservation practices that are covered include streamside buffers, stream 
exclusion fencing, and use of cover crops.  There is also funding support for residential BMPs (mainly 
focused on on-site sewerage improvements) in targeted watersheds—such as the watersheds of Mill 
and Dodd Creeks.  In addition to cost-share, DCR runs the Virginia Agricultural BMP Tax Credit Program.  
Agricultural producers with an approved conservation plan can take a credit against state income tax of 
25 percent of the first $70,000 spent on agricultural BMPs.  There are also tax credits to encourage 
farmers to use conservation equipment.  The Skyline Soil and Water Conservation District should be 
contacted for more information about both of these programs.  Assistance programs are also provided 
by USDA Farm Service Agency and Natural Resources Conservation Service, Virginia Cooperative 
Extension, Virginia Department of Game and Inland Fisheries, and the Virginia Department of Forestry.    

DEQ values its partnerships with citizen monitoring groups such as the NCNR, which has submitted data 
for 34 monitoring stations and over 300 sampling events in the New River.  Your data aids DEQ in 
listing/delisting decisions and helps to direct resources to locations needing follow-up monitoring.   DEQ 
appreciates your commitment to the New River and hopes to continue working with you in the future.   

 

http://dswcapps.dcr.virginia.gov/htdocs/agbmpman/Guidelines/Guidelines_2012.pdf#page=1
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David Ward 
Loudoun Watershed Watch 

38659 Bolington Rd 
Lovettsville, VA 20180 

April 26, 2012 
 
 
 
John M. Kennedy 
DEQ Office of Water Monitoring and Assessment 
P.O. Box 1105 
Richmond, Virginia 23218-1105 
 
Sent via e-mail to John.Kennedy@deq.virginia.gov  
 
Subject:  Comments on Draft 2012 305(b)/303(d) Water Quality Assessment Integrated Report 
 
Loudoun Watershed Watch is pleased to submit comment on the DRAFT 2012 Water Quality Assessment 
Integrated Report appearing at 
http://www.deq.virginia.gov/Programs/Water/WaterQualityInformationTMDLs/WaterQualityAssessments/201230
5b303dIntegratedReport.aspx  
 
Specifically, we wish to comment on the “Delisting” in Loudoun County appearing in Appendix B 
(http://www.deq.virginia.gov/Portals/0/DEQ/Water/WaterQualityAssessments/IntegratedReport/2012/ir12_Appen
dix3_Waters_Identified_for_Delist.pdf ) 
 
There are four proposed delistings for recreational use (bacteria) in Loudoun County.  We do not believe that VA 
DEQ should delist these streams for the following reasons: 
 

1. Several samples in 2006 failed to pass Quality Assurance.  The results for the four events that year suggest 
that the 10% threshold could have been exceeded for the 5-year data window. 

 
2. Examining data beyond the data window indicate that the period 2005 to 2010 is a temporary low and that 

recent 2011 and 2012 results suggest that future data windows will show impairments.  There is a strong 
likelihood that these segments will need to be “relisted” in 2014.  

 
3. Given the very limited number of samples collected, the variability is significant and that one sample can 

easily change the results when evaluating the 10.5% threshold. We suggest caution in delisting simply 
because, say 10.3% is less than 10.5%.  Recall that 10.5 percent was selected as a number greater than 10 
percent and one could strictly speaking have selected 10.000001% as the threshold above 10 percent. 

 
The text for the four delistings is copied below with specific comments on each river segment. 
 
Potomac and Shenandoah River Basins 

 
VAN-A01R_PIA01A00   Piney Run  3.51 Miles 
Delisting Summary: Recreation 
DELIST 2012 - E. coli - A01R-01-BAC, VAN-A01R-01, 00023 (CFL 1998 as fecal coliform) 
During the 2010 cycle, this segment was assessed as not supporting the recreation use because 
of excursions from the maximum E. coli bacteria criterion (6 of 31 samples - 19.4%) recorded 
at DEQ's ambient water quality monitoring station 1aPIA001.80 at the Route 671 bridge 
crossing. Additional bacteria monitoring has been conducted and found that a total of 3 of 29 
samples (10.3%) exceed the maximum E. coli bacteria criterion. It has been determined that 
this segment should be delisted for E. coli based upon an acceptable exceedance rate. 
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In 2006 four samples failed QC.  Of these there were two exceedances.  If the two failed exceedances were to be 
counted, then 5 (3 passed, 2 failed QC) of the 34 (29 passed, 4 failed QC) would results in 14.7%.  It is argued that 
delisting is premature. 
 
  
  
VAN-A07R_BEC01A00  Beaverdam Creek  6.33 Miles 
Delisting Summary:  Recreation 
DELIST 2012 - E. coli - A07R-01-BAC, VAN-A07R-01, 00065 (CFL 1998 - fecal coliform) 
During the 2010 cycle, this segment was assessed as not supporting the recreation use because 
of excursions from the maximum E. coli bacteria criterion (8 of 26 samples - 30.8%) recorded 
at DEQ's ambient water quality monitoring station 1aBEC004.76 at the Route 734 bridge. 
Additional bacteria monitoring has been conducted and found that a total of 2 of 24 samples 
(8.3%) exceed the maximum E. coli bacteria criterion. It has been determined that this segment 
should be delisted for E. coli based upon an acceptable exceedance rate. 
 
In 2006 four samples failed QC.  Of these there were two exceedances.  If the two failed exceedances were to be 
counted then 4 (2 passed, 2 failed QC) of the 28 (24 passed, 4 failed QC) would results in 4/28=14.2%.  It is 
argued that delisting is premature. 
 
 
 VAN-A08R_GOO01A00  Goose Creek  4.76 Miles 
Delisting Summary:  Recreation 
PARTIAL DELIST 2012 - E. coli - A08R-01-BAC, 00062 (CFL 2006) 
During the 2010 cycle, this segment was assessed as not supporting the recreation use because 
of excursions from the maximum E. coli bacteria criterion (6 of 30 samples - 20.0%) recorded 
at DEQ's ambient water quality monitoring station 1aGOO002.38 at the Route 7 bridge. 
Additional bacteria monitoring has been conducted and found that a total of 3 of 29 samples 
(10.3%) exceed the maximum E. coli bacteria criterion. It has been determined that this 
segment should be delisted for E. coli based upon an acceptable exceedance rate. 
 
In 2006 four samples failed QC.  Of these there was one exceedances.  If the one failed exceedances were to be 
counted then 4 (3 passed, 1 failed QC) of the of 34 (29 passed, 4 failed QC) would results in 4/34=11.7%  It is 
argued that delisting is premature. 
 
 
VAN-A08R_GOO03A02  Goose Creek  2.52 Miles 
Delisting Summary: Recreation 
DELIST 2012 - E. coli - A08R-06-BAC, 60011 (CFL 2006) 
During the 2010 cycle, this segment was assessed as not supporting the recreation use because 
of excursions from the maximum E. coli bacteria criterion (6 of 41 samples - 14.6%) recorded 
at DEQ's ambient water quality monitoring station 1aGOO011.23 at the Route 621 bridge. 
Additional bacteria monitoring has been conducted and found that a total of 4 of 39 samples 
(10.3%) exceed the maximum E. coli bacteria criterion. It has been determined that this 
segment should be delisted for E. coli based upon an acceptable exceedance rate. 
 
During the data window (2005-2010) there were no samples that failed QC.  During 2006 there were not 
exceedances, although two measurements did exceed 125 CU/100 ml.  While the percentage of 10.3 is calculated 
from 39 samples, this is just under the limit of 10.5% (a legal interpretation of a number greater than 10).  It is 
argued that delisting is premature. 
 
When data from 2002 to 2012 were examined and a second-order polynomial curve fit (including those with failed 
QC), each site demonstrated a declines from 2002 to 2006 and then an upward trend such that by mid-2011, levels 
were approaching 2002 conditions. 
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We appreciate the opportunity to comment on the water quality assessment and look forward to your response.   
 
 

Sincerely, 
 
 
 
 

David Ward 
Loudoun Watershed Watch 
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DEQ’s Response to Loudoun Watershed Watch 
 
DEQ appreciates the review and comments submitted by Loudoun Watershed Watch on the Draft 2012 
Water Quality Assessment Integrated Report regarding the delistings noted in Appendix B.  
 
The water quality assessment utilizes all of the QA/QC approved data collected at DEQ water quality 
stations within a 6 year period.  For the 2012 Integrated Report, this 6 year window of data is January 1, 
2005 through December 1, 2010.  Data collected within this window that failed to pass QA/QC were not 
considered or analyzed for the assessment of water quality.  
 
Delisting comments: 
 

1. Piney Run – VAN-A01R_PIA01A00 
In the 2012 IR data window from January 1, 2005 through December 31, 2010, there were 29 valid 
bacteria samples collected and assessed.  The four invalid bacteria samples collected in 2006 were not 
used in the assessment of Piney Run in the 2008 or 2010 Integrated Reports, and were not used in the 
assessment of Piney Run in the Draft 2012 Integrated Report. 
 

2. Beaverdam Creek – VAN-A07R_BEC01A00 
In the 2012 IR data window from January 1, 2005 through December 31, 2010, there were 24 valid 
bacteria samples collected and assessed.  The four invalid bacteria samples collected in 2006 were not 
used in the assessment of Beaverdam Creek in the 2008 or 2010 Integrated Reports, and were not used 
in the assessment of Beaverdam Creek in the Draft 2012 Integrated Report.  The most recent data 
collected within the assessment data window (2009 and 2010) show no exceedances of the bacteria 
criteria in the 11 bacteria samples collected. 
 

3. Goose Creek – VAN-A08R_GOO01A00 
In the 2012 IR data window from January 1, 2005 through December 31, 2010, there were 29 valid 
bacteria samples collected and assessed.  The four invalid bacteria samples collected in 2006 were not 
used in the assessment of Goose Creek in the 2008 or 2010 Integrated Reports, and were not used in the 
assessment of Goose Creek in the Draft 2012 Integrated Report.   
 

4. Goose Creek – VAN-A08R_GOO03A02 
In the 2012 IR data window from January 1, 2005 through December 31, 2010, there were 39 valid 
bacteria samples collected and assessed.  There were two bacteria samples collected in 2006 that 
exceeded 125 CU/100 ml, but were well below the single sample maximum of 235 cfu/100 ml.   

 
 The 2012 Water Quality Assessment Guidance Manual (Memo No. 11-2007) contains the assessment 
procedures and methods for the development and reporting of the 2012 Integrated Report.  Rule 1 states 
that “at least two exceedances and >10.5% of the total samples is required before a water is listed as 
impaired” for the conventional parameters including dissolved oxygen, nutrients, pH, bacteria, and 
temperature (except in tidal waters).  More specifically to the bacteria parameters, Rule 3 states that 
“where data are not sufficient to calculate a monthly geometric mean, at least two exceedances and 
>10.5% of the total samples taken during the assessment period exceeding the instantaneous maximum 
bacteria standard for primary contact recreation is impaired.” 
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These stations will continue to be monitored and assessed, if the data warrants, these stream segments 
may be listed again.  Many stream segments are near the threshold of impaired/not impaired and it is not 
uncommon for these stream segments to be placed on and removed from the impaired waters list over 
several assessment cycles.   
 



Shenandoah Riverkeeper 

P.O. Box 405  

Boyce, VA  22620 

540.837.1479 
keeper@shenandoahriverkeeper.org 

www.shenandoahriverkeeper.org     
 

  

 

 

April 23, 2012 

 

Via e-mail (John.Kennedy@deq.virginia.gov) 
John M. Kennedy 

Office of Water Monitoring and Assessment 

Virginia Department of Environmental Quality 

P.O. Box 1105 

Richmond, VA 23218-1105 

 

RE:  Comments on 2012 305(b)/303(d) Water Quality Assessment Integrated Report  

 

Dear Mr. Kennedy,  

 

 Please accept the following comments from the Shenandoah Riverkeeper regarding Virginia’s draft 2012 

305(b)/303(d) Water Quality Assessment Integrated Report. These comments were prepared with advice and assistance from 

the Environmental Law and Conservation Clinic at the University of Virginia School of Law.  

 

 Shenandoah Riverkeeper is a program of the Potomac Riverkeeper Inc., a 501(c)(3) non-profit corporation.  

Shenandoah Riverkeeper’s mission is to use citizen action and enforcement to protect and restore water quality in the 

Shenandoah River Watershed for people, fish, and aquatic life.  Shenandoah Riverkeeper and Potomac Riverkeeper are grass-

roots organizations with over 2,000 combined members.  These members use the Shenandoah and Potomac Rivers to swim, 

fish, boat, and recreate. Some are landowners along the river, and many use the river for business uses and as drinking water.  

 

 We request that the North Fork, South Fork, and Main Stem of the Shenandoah River be added to the list of 

Category 5 impaired waters due to significant algae blooms, which violate Virginia’s nuisance aquatic plant life standard and 

interfere with the public’s recreational use of these waters.  Although portions of these waters are already listed for a variety 

of impairments, the state should add the algae blooms as an additional cause of impairment. 

 

 Most of the Shenandoah system currently suffers from significant algae blooms through much of the year.  These 

blooms, by themselves, violate Virginia’s water quality standards.  The General Criteria explicitly provide: 

 

State waters, including wetlands shall be free from substances attributable to sewage, industrial waste, or other waste 

in concentrations, amounts, or combinations which contravene established standards or interfere directly or 

indirectly with designated uses of such water or which are inimical or harmful to human, animal, plant, or aquatic 

life. 

 

Specific substances to be controlled include, but are not limited to . . . substances which nourish undesirable or 

nuisance aquatic plant life. 
1
  (emphasis added.) 

 

As will be described more fully below, algae blooms that occur in the Shenandoah system clearly amount to “undesirable or 

nuisance aquatic plant life,” which alone violates the general criteria.  In addition, these blooms seriously impair recreational 

uses of these rivers.  The Commonwealth’s water quality standards make such recreational use a designated use of all state 

waters,
2
 and the impairment of that use constitutes violations of water quality standards. 

 

                                                           
1
 9 VAC 25-260-20(A). 
2
 9 VAC 25-260-10 (A). 
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I. The Nature and Extent of the Algae Blooms Constitute Nuisance Aquatic Vegetation and Impair 

Recreational Use of the Rivers. 

 

In my role at Shenandoah Riverkeeper, but also as a professional fishing guide for nearly a decade and recreational 

user for two decades, I have witnessed the severe algae blooms that hinder recreational use of the rivers.  In my observations, 

the algae can and do bloom at nearly any time of year and excessive nutrients are always available in the system to fuel algae 

growth.  It is quite rare in fact, to float a stretch of river and not see portions of the water column or the river bottom that have 

very significant growth of one form or another nearly year round.  With the availability of nutrients at all times, it seems that 

a handful of different algae species responds when other water conditions are conducive to the growth of that particular algae.  

The variables seem to include: a) sunlight angle b) water clarity c) presence of turbidity d) temperature e) length of day f) pH 

g) alkalinity and h) hardness.  These parameters are in constant fluctuation and contribute to the annual variability in the 

presence of algae.
3
 

 

During late October of 2009, I took it upon myself to make more formal and comprehensive observations of the 

algae.  During that month, I observed a filamentous periphytic algae in the South Fork of the Shenandoah River that covered 

the floor of the River from bank to bank.  The particular algae bloom extended approximately fifty miles from Front Royal to 

Luray.  In the spring of that same year, even though the river had cleared some, algae could be seen on rocks along a seventy-

five mile stretch of the river from Island Ford to Front Royal.  I have previously provided DEQ with photos that confirm 

these observations during my comments on the previous 2010 305(b)/303(d) Water Quality Assessment Integrated Report 

Draft, and which were part of the record during the time when EPA approved the previous draft 2010 303(D)/305(B) Water 

Quality Assessment Integrated Report. I would like to incorporate those comments, photos, and observations by reference in 

these comments.
4
   

 

In July of 2010, I began receiving complaints from landowners and businesses regarding a major algae bloom on the 

South Fork.  In particular, one landowner referred to the bloom as the worst algae bloom he had ever seen, and he further 

stated that he was no longer using the river because the algae was “so thick and smelled so bad.”  In that same month, I had a 

concerned mother contact me, because after her child swam in the river his swim trunks smelled like sewage.  The woman 

happened also to be a reporter for the Winchester Star, and shortly thereafter an article in the paper highlighted algae 

problem.  That article can be found at: http://www.winchesterstar.com/articles/printable/358092. 

 

The algae bloom in July of 2010 also impacted local businesses.  Multiple outfitters, including Downriver Canoe 

Company, Front Royal Canoe Company, and Shenandoah River Outfitters reported to me negative impacts from the algae 

blooms.  In some cases, they reported that customers had complained about diminished enjoyment of the river due to the 

severe algal growth.  Fishermen also complained that the algae in the Shenandoah River ruined their recreational experience.  

In particular they were frustrated, because the algae would foul their hooks making it impossible to fish large segments of the 

river.  They were also disgusted by the stench of the algae.  These complaints, and others, were also detailed in our comments 

regarding the 2010 305(b)/303(d) Water Quality Assessment Integrated Report. 

 

Since the algae blooms of 2009 and 2010, I have continued to monitor the algae blooms on the River, and it is clear 

that they still impair recreational use and are a nuisance to those who use the River.  The annual pattern has not changed and 

we continue to see periodic riverwide planktonic blooms after river rises, and then large periods of various periphytic and 

floating algae during the rest of the year.  

 

  During the spring and summer of 2011 for example, the Main Stem Shenandoah, through its entire reach exhibited 

the worst planktonic bloom I have seen to date.  The water literally was the color of thick green paint for over three months.  

Fish were sluggish and wildlife activity around the river was down to nearly zero.  This did not clear up until the sun angle 

and temperatures lowered in September.  The river was completely unsuitable for recreational use.  Also generally, we 

continue to see a handful of other algae during large parts of the summer and fall months that covered the bottom of the river 

and/or the surfaces over large swaths of river.  In repeated attempts to use the river last summer, I was turned off by either a 

heavy carpeting of filamentous algae covering the bottom of the river, or chunks and mats of algae floating around on the 

surface.   

                                                           
3
 Summers, James, Assessment of Filamentous Algae in the Greenbrier River And Other West Virginia 

Streams (West Virginia DEP DWWM, December 17, 2008).  
4
 Letter from Jeff Kelble, Shenandoah Riverkeeper (Sep. 23, 2010) (on record with Shenandoah Riverkeeper).  
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Most recently, in order to collect information for these comments, I solicited comments from stakeholders in order 

to better understand how algae in the Shenandoah River has continued to impacted recreational use of the river.  From the 

over 80 responses we received, it is clear that the algae continues to be a nuisance and violate the recreational designated use 

set forth in the Virginia Water Quality Standards. Those letters, which are appended to this comment and that we incorporate 

in our official comments, speak for themselves and detail the location and approximate dates of the observed nuisance algae 

by recreational river users and landowners.   

 

DEQ should note that these letters include observations of nuisance algae blooms at points along nearly the entire 

lengths of the North Fork, South Fork, and Main Stem Shenandoah.  DEQ should also note that the areas most often 

mentioned are the areas most heavily used by the public.  This does not necessarily mean algae problems are either limited to 

or focused in these areas.  Quite the contrary.  During my tenure as Riverkeeper I have documented repeatedly that when 

certain algae bloom, they are present from the top of the North Fork and South Fork and run all the way to the confluence 

with the Main Stem and on down to Harper’s Ferry and the terminus of the river.   

 

This is the case with the late spring/early summer planktonic blooms.  This river wide bloom is most often 

associated with 1) the early May bloom of a wooly green bottom covering algae, 2) the mid-summer blooms of cyanobacteria 

(blue-green toxic oscillotoria algae as identified by Harold Marshal of ODU) and other dark green filamentous bottom 

covering and star-grass coating algae, and 3) the bright green filamentous algae that blooms almost overnight in late 

September/early October when the native grasses die back naturally.
5
  On August 27, 2010, Shenandoah Riverkeeper drew 

two samples of water, one from the Main Stem Shenandoah at Route 7, the other from the Rappahannock River 300 yards 

downstream of the Remington Route 29 Business Bridge.  The water sample and algae were preserved in a red fixative that 

Dr. Marshal had provided to Shenandoah Riverkeeper several days prior.  Among other things this is what we derived from 

this single simple test: 

1) The algae community on the Shenandoah wase different than the Rappahannock 

2) The algeas found on the Shenandoahn are indicative of high nutrient levels and warm weather (summer sample) 

3) There were several species of blue green algae, aka Cyanobacteria present which are known nuisance algaes and 

which account for bad odors, floating mats and the production of mycrocystin which is a liver toxin 

 

In general, the complaints we are attaching highlight the excessive algae growth that occurs during the winter and 

mid-summer months in the North Fork, South Fork, and Main Stem of the Shenandoah River.   Virtually all of the letters 

complain of a planktonic algae bloom following rain events in the winter, as well as filamentous algae (“rock snot”) and 

“bubbly” algae that covers the surface of the river in the summer months.  That said, many complaints reiterate the point that 

although it is especially bad in the winter and summer, algae growth remains a nuisance throughout the year.    

 

It is worth pointing out a few specific examples of how the excessive algae has made swimming, fishing, and 

boating both unpleasant and difficult.  Colby Trow, the owner of a local fly shop and guide service, states that he has photos 

of the river for each month of the past ten years, and it is difficult to find a single photo that doesn’t illustrate the excessive 

algae growth.  He also describes being embarrassed when clients ask him why the river is so dirty.  William Amshey, states 

in his letter that he avoids wet wading in the river for “fear of infection.”  Another citizen, Andrew Riccobono, states that he 

travels as far as Pennsylvania or New York to fish, because at certain times of the year his flies become “covered in green 

muck after every cast” while fishing in the Shenandoah.  Yet another citizen, Beau Morgan, describes the algae as sometimes 

being so thick that “one could hardly get a canoe to glide across it.”  After describing his frustrations associated with trying to 

fish in the Shenandoah River and the foul smell that emanates from the algae, Bill Millhouser says plainly, “I just cannot use 

the River due to the odors and annoyance.” 

 

We are attaching a map that shows the location of the algae blooms either observed directly by Jeff Kelble or 

reported in the letters that we are submitting to DEQ.   The map clearly demonstrates that the entire reach of North Fork, 

South Fork, and mainstem Shenandoah are plagued by undesirable nuisance algae blooms every year, although reports are 

concentrated around the most heavily used areas. 

 

 These citizen letters demonstrate the frustration felt by landowners and river uses but represent only a few examples 

of the many Virginia citizens whose recreational use of the Shenandoah River has been diminished due to the excessive algal 

                                                           
5
 E-mail from  Harold G. Marshall, Professor, Old Dominion University, (Sep. 22, 2010, 2:29 PM) (Attachment I to these 

comments).  

msf11012
31



 

- 4 - 

 

growth.   The unnatural levels of algae in these parts of the river clearly violate the requirement in the General Criteria of the 

water quality standards that waters be free from substances that cause the growth of undesirable or nuisance aquatic plant life.  

In addition, all the Commonwealth’s waters have recreation as a designated use, and the algae blooms frustrate and impair 

that use.   

 

II. The Algae Blooms Violate Water Quality Standards, Even in the Absence of Numeric Criteria or 

Thresholds for Nutrients. 

 

In response to our similar comments on the 2010 Integrated Report, DEQ stated that it could not list the Shenandoah 

River due to algal growth, because “no listing threshold exists for nutrients, algae, freshwater submerged aquatic vegetation, 

and undetermined potential immune suppressors in these waters.”  This response implies that in order to list those portions of 

the river, a numeric criterion would have to be set and exceeded.  This position is contrary to the Clean Water Act.  The 

narrative standards that DEQ has established are just as enforceable as a numeric standard would be, and the facts set out 

above demonstrate a violation of those standards.  The information we are submitting today about the algae blooms in the 

Shenandoah system show quite plainly that pollution is fueling the growth of undesirable and nuisance aquatic plant life, and 

that the algae blooms are impairing recreational uses of the river, both in violation of state water quality standards. 

 

In PUD No. 1 of Jefferson County v. Washington Dept. of Ecology,
6
 the Supreme Court of the United States stated 

that “EPA has not interpreted § 303 to require States to protect designated uses exclusively through enforcement of numerical 

criteria.”
7
  The Court in that case went on to say that: 

 

Petitioners also appear to argue that use requirements are too open ended, and that the Act only contemplates 

enforcement of the more specific and objective ‘criteria.’  But this argument is belied by the open ended nature of 

the criteria themselves. . . . We think petitioners’ attempt to distinguish between uses and criteria loses much of its 

force in light of the fact that the Act permits enforcement of broad narrative criteria based on, for example, 

‘aesthetics.’
8
 (emphasis added.)  

 

The Court further explained that the idea of only enforcing specific numeric criteria is ridiculous, because that would 

imply that States would have to “study to a level of great specificity each individual surface water to ensure the criteria 

applicable to that water are sufficiently detailed and individualized to fully protect that water’s designated uses.”
9
   

 

The point is simple: “listing thresholds” are not necessary in order to designate the South Fork, North Fork, and 

Main Stem of the Shenandoah River impaired due to excess algae.  The fact that the algae blooms rise to the level of 

“undesirable or nuisance” aquatic plant life and hinder recreational use of these waters is enough to list the waters as 

impaired.  In our research, we have been unable to find any regulations or guidance from either DEQ or EPA that would 

suggest otherwise.  

 

The various citizen letters submitted with these comments show that the algae blooms in the Shenandoah system are 

excessive, are aesthetically unpleasing, cause foul odors, make it frustratingly difficult and sometimes impossible to fish in 

the river, make it unpleasant to wade and swim in the river, and even make it difficult to navigate the river with a canoe.  The 

general criteria, applicable to all waters of the state, require that waters “shall be free from substances attributable to sewage, 

industrial waste, or other waste” in amounts which interfere with designated uses.  The criteria specifically provide that 

“substances to be controlled include . . . substances which nourish undesirable or nuisance aquatic plant life.”
10
  The algae 

blooms we have documented plainly exceed any threshold for “undesirable and nuisance aquatic plant life,” and DEQ is 

responsible for adding that impairment to the impaired waters list. 

 

In addition, all state waters are designated for “recreational uses, e.g., swimming and boating.”
11
 The significant, 

unpleasant, and pervasive algae blooms in the Shenandoah River straightforwardly interfere with those uses.  This is an 

impairment of water quality standards under the Clean Water Act just as much as if a numeric criteria were violated.  DEQ 

                                                           
6
 511 U.S. 700 (1994). 
7
 Id. at 715.  
8
 Id. at 715-16.  
9
 Id. at 717-18. 
10
 9 VAC 25-260-20(A). 

11
 9 VAC 25-260-10 (A). 
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does not need a numeric threshold to determine that these portions of the Shenandoah River violate the General Criteria set 

forth in the Virginia Water Quality Standards.    

 

We ask that DEQ to add violations of the nuisance aquatic plant life and recreational use standards to the listed 

causes of impairment for the North Fork, South Fork and Main Stem Shenandoah River in the state’s 2012 305(b)/303(d) 

Water Quality Assessment Integrated Report.  If DEQ fails to take this step, it will be a great disservice to the citizens of 

Virginia who value the recreational opportunities that the Shenandoah River has historically provided.  We look forward to 

working with both DEQ and EPA to provide any additional information you might need in connection with this issue.  If you  

have any questions regarding this request, please contact Jeff Kelble at:  jeff@shenandoahriverkeeper.org or  (540) 837-1479.  

We appreciate your time and consideration and are grateful for the opportunity to provide comments.  

 

Sincerely,  

 
Jeff Kelble 

 

CC: Melanie Davenport 
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DEQ Response to Shenandoah Riverkeeper and Concerned Citizens  

 

Thank you for your comments on the 2012 Draft Water Quality 305(b)/303(d) Integrated Report 
regarding the presence of algae in the Shenandoah Basin.  The Department appreciates your concern for 
the Shenandoah River and its tributaries and your organization’s efforts to protect and preserve the uses 
of this important natural resource.  However, DEQ believes that listing the enti re stretches of the North 
Fork, South Fork and mainstem Shenandoah Rivers as impaired for recreational use due to the presence 
of “nuisance” algae is inappropriate .   

  Virginia’s EPA-approved 2012 Water Quality Assessment Guidance states:   

Impaired waters needing a TMDL are those waters that do not meet Water Quality Standards 
due to a pollutant(s).  A pollutant, as defined in 40 CFR 122.2, means any dredged spoil, solid 
waste, incinerator residue, filter backwash, sewage, garbage, sewage sludge, munitions, 
chemical wastes, biological materials, radioactive materials (except those regulated under the 
Atomic Energy Act of 1954, as amended (42 U.S.C. 2011 et seq.)), heat, wrecked or discarded 
equipment, rock, sand, cellar dirt and industrial, municipal, and agricultural waste discharged 
into water.  (emphasis added) 

As you noted in your comments, the 9 VAC 25-260-20(A) General Criteria provides as follows: 

State waters, including wetlands shall be free from substances attributable to sewage, industrial 
waste, or other waste in concentrations, amounts, or combinations which contravene 
established standards, or interfere directly or indirectly with designated uses of such water, or 
which are inimical or harmful to human, animal, plant, or aquatic life. 

Specific substances to be controlled include, but are not limited to . . . substances which nourish 
undesirable or nuisance aquatic plant life.  (emphasis added).   

Algae itself is not a pollutant to be controlled within the meaning of the General Criteria, whereas the 
presence of nutrients, depending on their source and impacts, may be.  However, at this time DEQ has 
no reliable methodology for assessing what may or may not be a “nuisance” nor has it reliable data 
demonstrating in what amounts and under what conditions nutrients might cause such a “nuisance” and 
therefore prompt a listing threshold.  As no listing threshold exists, there also exist no attainment goals 
for these uses and subsequent delisting. 

As outlined in the 2012 Virginia Water Quality Assessment Guidance, recreational use assessment 
includes swimming and other primary and secondary contact recreation uses such as water skiing and 
pleasure boating.  Determinations of “fully supporting” versus “impaired” are based on violations of the 
e-coli bacteria in freshwater and enterococci bacteria in saltwater and transition zones.  Refer to the 
excerpt from Table 1: Designated Use Matrix from Virginia’s Water Quality Assessment Guidance below. 
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5. Recreation/Swimming Use Conventional Pollutant (E. coli and enterococci 
bacteria) and/or VDH beach closures/advisories or 
other available bacteria data. Previously listed fecal 
coliform impairments with no additional 
conventional bacteria data. 

 

 Virginia’s bacteria water quality standard is based on the EPA-approved human health risk criteria of an 
illness rate of 8 in 1,000 individuals at the instantaneous Water Quality Standard of 235 cfu/100 ml.  The 
risk levels are based on swimming, where water frequently gets in the mouth, nose, and eyes.  DEQ 
believes that the use of a human health risk based standard is the most appropriate to determine 
recreational use support.  Impaired waters are defined as those with chronic, recurring or human health 
(emphasis added) related WQ Standard violations using Quality Assurance/Quality Control ( QA/QC) 
approved ambient monitoring data, special study data and/or other programmatic in-stream data 
collections.  

Listing the entire stretches of the North Fork, South Fork and mainstem Shenandoah Rivers based on 
anecdotal and subjective observations would be an abandonment of the agency’s long standing use of 
the human health risk-based numerical criteria for recreational use.  To date, no scientific cause and 
effect documentation has produced a water quality criterion to evaluate human health risks associated 
with the presence of algae.  The proposal to list the entire stretches of these rivers would be based on 
an “aesthetic” narrative standard alone.   Virginia has not listed waters solely based on narrative criteria 
in previous assessment cycles.  While the aquatic life use can be impaired due to the general narrative 
criteria for benthic macroinvertebrates, it is supported through the surrogate data from the Virginia 
Stream Condition Index.  Validated monitored data is and has been the basis for DEQ’s listing of 
impaired waters in Virginia.  This approach allows for consistency from assessment cycle to assessment 
cycle.   

DEQ evaluated data from many and varied sources for the 2012 Integrated Report.   These data are 
broken into two general categories for assessment purposes.  The first type of data is QA/QC approved 
“monitored” data.  These data come from the collection and analysis of chemical, biological, and/or 
physical samples taken by DEQ and/or other DEQ-approved data submitted during the reporting period.  
These data are referred to as Level III and are considered the highest quality data.  The 303(d) Impaired 
Waters list is comprised of only QA/QC approved monitored data due to the assessment confidence 
associated with the QA/QC monitoring requirements.  Monitored data are obtained using EPA accepted 
methods and DEQ approved protocols.  

All non-DEQ monitoring submittals, except U.S. Geological Survey chemical data submittals, must 
provide a sampling and analysis protocol and all field data for review.   The second type of data used in 
assessment is considered “evaluated” data.  These physical, chemical and/or biological data are 
primarily obtained from sources where there is not an EPA accepted sampling protocol and/or the use 
of non-DEQ approved sampling and analysis protocols.  These data are considered Level II and of lower 
quality with less confidence in their results; they are not used for listing waters as fully supporting or 
impaired.  If these types of data indicate water quality problems, the water is characterized as having an 
observed effect.   To date, there are no studies reliably and numerically correlating nutrient levels with 
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the presence of “nuisance” algae to the substantial exclusion of other causal conditions.  Further, algae 
have no systematic method of data collection and evaluation to allow a determination of what might be 
categorized as a “nuisance”.  Observations of algae growth can only be evaluated based on a subjective, 
anecdotal criteria and would be classified as Level II data.   

DEQ monitors and assesses as many miles of Virginia’s streams and rivers as resources allow.  The North 
Fork, South Fork and mainstem Shenandoah Rivers are no exception.   These rivers are systematically 
monitored and assessed against all available uses that monitoring data can provide.   

Algae growth has not been linked to impairments that have been identified on stretches of the 
Shenandoah Basin rivers and streams.  Typically, excessive algae can cause low dissolved oxygen levels 
in affected waters.  These conditions have not been documented in these waters.  As nutrients and 
algae are natural parts of a riverine system, it is very difficult to determine the “natural” amount for a 
riverine eco-system and when those levels exceed what is appropriate  for a “fully supported” aquatic 
system.  Algae blooms vary according to time and season and are unpredictable.  Other available data 
do not correlate nutrient levels to an increased algae presence.   Trend data evaluated in the 2012 
Integrated Report indicate either no change or declining trends for nitrogen and phosphorus levels on 
the North Fork and South Fork Shenandoah Rivers.  See table below:   

Shenandoah Basin Trend Stations: Status 1991-2010 
Station Total Nitrogen Total Phosphorus 

  1BNFS000.57 Declining No change 
  1BNFS010.34 Declining No change 
  1BNFS070.67 No change No change 
  1BNFS093.53 No change No change 
  1BSSF003.56 Declining Declining 
  1BSSF054.20 Declining Declining 
  1BSSF100.10 Declining Declining 
  

      Stream Codes: 
    NFS North Fork Shenandoah River 

  SSF South Fork Shenandoah River 
   

Virginia DEQ recognizes that the presence of excess nutrients can be among the factors leading to algal 
growth and thus, it is sensible that waters with notable algae growth be evaluated for the presence of 
excess nutrients, as well as other potentially-contributing factors.  DEQ is in the process of developing 
riverine freshwater nutrient standards which will allow the Department the ability to list streams/rivers 
as impaired for nutrients and by default address algal growth and bloom issues in the future. While 
nutrient criteria have not yet been adopted, the development of these standards has been ongoing.  The 
Academic Advisory Committee comprised of representatives from Virginia Tech, Virginia Commonwealth 
University, Virginia Institute of Marine Science and the University of Virginia has completed its report to 
the agency and we are now reviewing their recommendations.   Once these criteria have been 
established, they will be considered for inclusion in Virginia’s Water Quality Standards through the 
Triennial Review Process which updates, adds and deletes standards to better reflect the most recent 
science, trends and knowledge of pollutant effects.  
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As mentioned above, the development of these standards is a very complex undertaking as it is not a 
simple function of setting a fixed, maximum allowable amount of nutrients, as all waters are different 
and varied criteria based on other factors are necessary to determine impairment.  As you mentioned in 
your comments, different algae species respond when conditions are conducive to the growth of that 
particular algae.  Those variables include sunlight angle, water clarity, presence of turbidity, 
temperature , length of day, pH, alkalinity and hardness.  These parameters are in constant fluctuation 
and contribute to the annual variability in the presence of algae.   

As with all river systems, conditions in the headwater streams and tributaries have a significant impact 
on conditions in the mainstem.  The exchange of nutrients and sediment loads to the system occur 
primarily in these smaller, extensive watersheds and are transported to the mainstem.   In the South 
Fork Shenandoah River, stressor analysis determined the cause of the benthic impairment was 
phosphorus entering the system upstream of the impaired reach.  Through the development of the 
TMDL, it was determined that the needed phosphorus load reduction could not be achieved in the 
impaired reach as the reductions required were more than the inputs located in that reach.  Reductions 
upstream would be necessary to restore the benthic community.  Implementation of TMDL’s developed 
for phosphorus in the upstream tributaries was determined to provide the needed phosphorus load 
reductions.  This situation led EPA to re-classify the benthic aquatic life use impairment on the South 
Fork Shenandoah River from Category 5A (Impaired, requiring a TMDL) to Category 4A (Impaired, no 
TMDL required),  based on the approved TMDL’s upstream that outlined the necessary phosphorus 
reductions to return the aquatic life use to a fully supporting status.  This study confirms that the listing 
of the mainstem waters in the Shenandoah Basin for the presence of algae based upon nutrients and 
the subsequent development of a TMDL would be ineffective in addressing the presence of algae 
because the nutrients present are being transported from upstream sources.  

Local TMDLs, and to a lesser extent implementation plans, have been developed on 17 tributaries to the 
Shenandoah basin rivers which have identified sediment and nutrients as causes for benthic 
impairments.  These TMDL studies and implementation plans identify reductions and practices required 
to meet these loads and are outlined below.   

North Fork Shenandoah River South Fork Shenandoah River 
Turley Creek - Sediment Muddy Creek - Sediment & Phosphorus 
Long Meadow Run – Sediment 
& Nitrogen Mossy Creek – Sediment 

Smith Creek - Sediment Mill Creek (Rockingham) - Sediment & Phosphorus 
Holmans Creek - Sediment Pleasant Run - Sediment & Phosphorus 
Mill Creek - Sediment Moffett Creek – Sediment 
Toms Brook Sediment Upper Middle River – Sediment 

  Lewis Creek - Sediment, Lead & PAH's 
Mainstem Shenandoah Christians Creek – Sediment 

Spout Run - Sediment South River - Sediment & Phosphorus 
  Quail Run - Ammonia & Total Residual Chlorine 
  South Fork Shenandoah River - Sediment & Phosphorus 

 
Although the designated uses to be restored and protected by these TMDLs may differ from the purpose 
of the impaired listing which is being sought, those that deal with nutrients and sediments are expected 
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to help improve the algal conditions as well.   One example of how these existing and developing TMDLs 
can contribute to the cleanup of Shenandoah waters from the standpoint of nutrients is the South River 
TMDL (approved by EPA 12/9/10), which was developed to address bacteria and benthic impairments.  
This TMDL calls for phosphorus and sediment load reductions of 51% and 39%, respectively, in order to 
meet the established TMDL endpoint.  Phosphorus must be reduced by 70% from cropland, pasture, 
transitional and residential uses; along with a 70% reduction of the phosphorus load from septic 
systems.  An Implementation Plan (IP) was developed in October 2010 by the Dept. of Conservation and 
Recreation along with multiple stakeholders in the region.  The IP, which covers both the South River 
and Christians Creek, was approved by the State Water Control Board in June 2012, and is available at 
this DEQ webpage: 
http://www.deq.virginia.gov/Portals/0/DEQ/Water/TMDL/ImplementationPlans/southchristiansip.pdf.  
The IP calls for significant pollution reduction actions with staged implementation over 20 years, 
employing multiple Best Management Practices across all developed land use types, such as: 

• Livestock exclusion with riparian buffers 
• Constructed wetlands 
• Continuous no-till , conservation tillage and small grain cover crops 
• Pet waste education programs 
• Streambank stabilization 
• Bioretention filters, sedimentation basins and other urban stormwater controls 

 
In addition to the TMDLs and IPs focused on local waters, it is very important to recognize the 
development and approval of the far-reaching and comprehensive Chesapeake Bay TMDL and the 
Virginia Watershed Implementation Plan (WIP).  The entire Shenandoah basin is included in the 
watershed that is subject to the Chesapeake Bay TMDL and extensive controls on the point and 
nonpoint source inputs of nitrogen, phosphorus and sediment are called for under the WIP, many of 
which are already in operation.  Implementation of the WIP for Chesapeake Bay restoration will also 
have the coincidental benefit of improving local water quality conditions in the headwater areas.  
Significant municipal and industrial point sources are required to either upgrade to near state-of-the-art 
nutrient reduction technology or make other arrangements (e.g., nutrient credit exchange) to reduce 
their nutrient discharges and meet assigned nutrient waste load allocations (WLA); other smaller 
discharges are required to maintain “capped” loadings at their current design capacity.  In 2011, the first 
year for compliance with Virginia’s Chesapeake Bay Nutrient Discharge Watershed General Permit, the 
Shenandoah basin’s significant dischargers achieved substantial  nutrient reductions. The total nutrient 
loads discharged were well below their aggregate annual WLA -- Total Nitrogen (TN) was only 48% of the 
annual WLA and Total Phosphorus (TP) was just 67% of the annual WLA.  Comparing 2011 to 2009 
discharge figures, the TN load was reduced by 561,000 pounds per year; the TP load was 169,000 
pounds per year lower. 

For nonpoint sources, particularly agriculture, the WIP contemplates a significant expansion of the 
coverage of best management practices to control polluted runoff.  Of the agricultural practices 
contained in Virginia’s WIP, the most widely used practices (nutrient management, buffers, soil 
conservation and livestock exclusion) are expected to be at 90% or greater in 2025 in terms of coverage 
on all land that is suitable for receiving such practices.  In addition, the WIP prescribes 75,000 tons of 
manure to be exported from Rockingham and Page counties to outside the Chesapeake Bay watershed 
annually.  Beyond reductions achieved to date, within Virginia’s entire Chesapeake Bay watershed, the 

http://www.deq.virginia.gov/Portals/0/DEQ/Water/TMDL/ImplementationPlans/southchristiansip.pdf
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WIP calls for an additional 10 million pounds of reductions in nitrogen delivered to the Bay and 
approximately 1.8 million pounds of phosphorus reduction by 2025. 

The comments you provided are constructive and we share your concerns.  The Virginia DEQ recognizes 
that the reports included with these comments indicate that excessive algae may exist in various 
locations in the Shenandoah Basin.   

Virginia DEQ does not have specific criteria or standards to directly address the algae issues you have 
identified, and while the nutrient study process underway discussed above can seem to be frustratingly 
slow, it is imperative that the agency develop accurate, scientifically valid and defensible tools to 
determine the level of nutrients that reach the point of impairment.  A premature listing prior to 
development of these standards strains the agency’s credibility and objectivity in the eyes of both the 
regulated community and the public at large.  
 
We believe it is appropriate to recognize these sections of the river as having an observed effect of 
aquatic algae.   Therefore, we propose to modify the 2012 Draft Water Quality 305(b)/303(d) Integrated 
Report accordingly and list these waters under VA Category 2B (“waters are of concern to the state but 

no water quality standard exists for a specific pollutant, or the water exceeds a state screening value or 

toxicity test”) for the recreational use.   This designation means that these areas will remain a priority for 
monitoring and assessment in the future  and will be evaluated when water quality standards related to 
nutrients and supporting indicators are available for free flowing rivers and streams.  DEQ just received 
(July 2012) the aforementioned report from the agency’s Academic Advisory Committee entitled, A 
“Screening Approach” for Nutrient Criteria in Virginia.  That report is now under review to see if the 
findings have relevance to the development of a methodology for assessing whether or not a “nuisance” 
aquatic plant condition exists in a waterbody. 
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The Pacific oyster, Crassostrea gigas, shows negative correlation to naturally elevated

carbon dioxide levels: Implications for near-term ocean acidification effects

Alan Barton,a Burke Hales,b,* George G. Waldbusser,b Chris Langdon,c and Richard A. Feelyd

a Pacific Coast Shellfish Grower’s Association, Emerald Isle, North Carolina
bCollege of Oceanic and Atmospheric Sciences, Oregon State University, Corvallis, Oregon
c Department of Fisheries and Wildlife and Coastal Marine Experiment Station, Oregon State University, Newport, Oregon
dPacific Marine Environmental Laboratory, National Oceanic and Atmospheric Administration, Seattle, Washington

Abstract

We report results from an oyster hatchery on the Oregon coast, where intake waters experienced variable
carbonate chemistry (aragonite saturation state , 0.8 to . 3.2; pH , 7.6 to . 8.2) in the early summer of 2009.
Both larval production and midstage growth (, 120 to , 150 mm) of the oyster Crassostrea gigas were
significantly negatively correlated with the aragonite saturation state of waters in which larval oysters were
spawned and reared for the first 48 h of life. The effects of the initial spawning conditions did not have a
significant effect on early-stage growth (growth from D-hinge stage to , 120 mm), suggesting a delayed effect of
water chemistry on larval development.

Rising atmospheric carbon dioxide (CO2) driven by
anthropogenic emissions has resulted in the addition of
over 140 Pg-C (1 Pg 5 1015 g) to the ocean (Sabine et al.
2011). The thermodynamics of the reactions between
carbon dioxide and water require this addition to cause a
decline of ocean pH and carbonate ion concentrations
([CO 5

3 ]). For the observed change between current-day and
preindustrial atmospheric CO2, the surface oceans have lost
approximately 16% of their [CO 5

3 ] and decreased in pH by
0.1 unit, although colder surface waters are likely to have
experienced a greater effect (Feely et al. 2009). Projections
for the open ocean suggest that wide areas, particularly at
high latitudes, could reach low enough [CO 5

3 ] levels that
dissolution of biogenic carbonate minerals is thermody-
namically favored by the end of the century (Feely et al.
2009; Steinacher et al. 2009), with implications for
commercially significant higher trophic levels (Aydin et al.
2005).

There is considerable spatial and temporal variability in
ocean carbonate chemistry, and there is evidence that these
natural variations affect marine biota, with ecological
assemblages next to cold-seep high-CO2 sources having
been shown to be distinct from those nearby but less
affected by the elevated CO2 levels (Hall-Spencer et al.
2008). Coastal environments that are subject to upwelling
events also experience exposure to elevated CO2 conditions
where deep water enriched by additions of respiratory CO2

is brought up from depth to the nearshore surface by
physical processes. Feely et al. (2008) showed that
upwelling on the Pacific coast of central North America
markedly increased corrosiveness for calcium carbonate
minerals in surface nearshore waters. A small but
significant amount of anthropogenic CO2 present in the
upwelled source waters provided enough additional CO2 to
cause widespread corrosiveness on the continental shelves
(Feely et al. 2008). Because the source water for upwelling

on the North American Pacific coast takes on the order of
decades to transit from the point of subduction to the
upwelling locales (Feely et al. 2008), this anthropogenic
CO2 was added to the water under a substantially lower-
CO2 atmosphere than today’s, and water already en route
to this location is likely carrying an increasing burden of
anthropogenic CO2. Understanding the effects of natural
variations in CO2 in these waters on the local fauna is
critical for anticipating how more persistently corrosive
conditions will affect marine ecosystems.

The responses of organisms to rising CO2 are potentially
numerous and include negative effects on respiration,
motility, and fertility (Portner 2008). From a geochemical
perspective, however, the easiest process to understand
conceptually is that of solid calcium carbonate (CaCO3,s)
mineral formation. In nearly all ocean surface waters,
formation of CaCO3,s is thermodynamically favored by the
abundance of the reactants, dissolved calcium ([Ca2+]), and
carbonate ([CO 5

3 ]) ions. While oceanic [Ca2+] is relatively
constant at high levels that are well described by
conservative relationships with salinity, ocean [CO 5

3 ]
decreases as atmospheric CO2 rises, lowering the energetic
favorability of CaCO3,s formation. This energetic favor-
ability is proportional to the saturation state, V, defined by

Vf~
CO~

3

� �
Ca2z
� �

Ksp,f

where the subscript f refers to the phase of the mineral
being formed and Ksp,f is the apparent thermodynamic
solubility product of that phase. Precipitation is thermo-
dynamically possible for Vf . 1, and greater values of Vf

correspond to greater energetic favorability for precipita-
tion. Calcium carbonate exists in a variety of phases
distinguished by crystal structure and associated contribu-
tions of contaminaxting elements. The most common
phases are the low-magnesium phases calcite and aragonite
and high-magnesium calcite. Aragonite is about twice as* Corresponding author: bhales@coas.oregonstate.edu
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soluble as calcite, and the solubility of high-Mg calcites
increases with increased magnesium in the crystal lattice
(Morse and Mackenzie 1990). Aragonite, in particular,
plays an important role in the calcareous structures
produced by corals, pteropods, and early life stages of
larval oysters.

The CaCO3 shell-forming bivalves, including oysters
(Gazeau et al. 2007; Miller et al. 2009; Waldbusser et al.
2011), mussels (Gazeau et al. 2007; Thomsen et al. 2010),
and clams (Green et al. 2009; Talmage and Gobler 2009;
Waldbusser et al. 2010), show negative responses to
lowered V values, even when those perturbations occur
above the V 5 1 thermodynamic threshold for the minerals
in question. Larval oysters appear to be particularly
susceptible to the influences of ambient seawater chemistry,
as they form their larval shell material out of the more
soluble aragonite (Stenzel 1964) and only deposit less
soluble calcite following settlement. Additionally, some
studies indicate amorphous calcium carbonate (ACC) as an
even more soluble mineral precursor (Weiss et al. 2002)
during early stages of calcification, although other studies
question the ubiquity of this finding (Mount et al. 2004;
Kudo et al. 2010).

Regardless of exact calcification mechanisms, previous
studies have shown that oyster larvae respond negatively to
more acidic conditions. Kurihara et al. (2007) found a
reduction in development success when Crassostrea gigas
larvae were exposed to acidified conditions (pH 5 7.4).
Watson et al. (2009) exposed D-hinge (1-d-old) larvae of
the Sydney rock oyster (Saccostrea glomerata) to a range of
pH conditions (7.6–8.1) over a period of 10 d and showed a
significant decline in the survival and growth of young
larvae at lower pH. In a study starting with 5-d-old larvae,
Miller et al. (2009) also showed a significant decrease in
growth rate of C. virginica when exposed to lower pH
conditions but relatively little effect on survival. Reduced
larval growth of C. virginica in response to reduced pH was
also found by Talmage and Gobler (2009), with negative
effects on survival and metamorphosis also observed.
Studies on adult bivalves have shown that net calcification
was possible under more acidified conditions (Gazeau et al.
2007), and the ability to overcome dissolution increased
with postlarval size (Waldbusser et al. 2010). Mineral
polymorph, high energetic costs of early life history
development, and the generally high mortality rates in
larvae (Rumrill 1990) all suggest larvae will be the most
susceptible developmental stage of marine bivalves.

On the North American Pacific coast, native populations
of the oyster Ostrea lurida were unable to sustain extensive
harvesting (White et al. 2009), and the commercial oyster
industry there is supported primarily by cultivation of the
nonnative C. gigas, which was introduced near the
beginning of the 20th century but has limited naturally
sustaining populations (Ruesink et al. 2005) because of cold
in situ temperatures limiting reproduction of this species
and low residence times of water and, consequently,
planktonic larvae in many local estuaries (Banas et al.
2007). Therefore, the commercial oyster industry is
dependent on hatcheries that rear larvae to settlement size
before distributing them to the growers. In recent years,

natural and hatchery larval production have been severely
depressed in the Pacific Northwest, and a lack of sufficient
‘‘seed’’ has threatened an industry with a total economic
value estimated at US$278 million as of 2009 (Pacific Coast
Shellfish Growers Association 2010). Hatchery problems
started in 2006, when high concentrations of the patheno-
genic bacterium Vibrio tubiashii were observed, perhaps
associated with high-nutrient, low-O2 coastal upwelled
waters (Grantham et al. 2004; Chan et al. 2008) mixing
with warm late-summer bay waters (Elston et al. 2008). The
Whiskey Creek Shellfish Hatchery in Netarts Bay on the
northern Oregon coast (, 45.4uN, 123.9uW) experienced
high concentrations of V. tubiashii and difficulties in seed
production (Elston et al. 2008). However, by the summer of
2008, bacterial monitoring indicated that pronounced
mortality events often occurred in the absence of detectable
V. tubiashii. On the other hand, these larval mortality
events often coincided with strong coastal upwelling and
the presence of seawater thermodynamically unstable with
respect to aragonite in Netarts Bay.

Although the effects of ocean acidification have been
forecast for nearly 30 yr (Feely and Chen 1982), the issue
has only recently received community-wide interest with
workshops (Fabry et al. 2009) and strategy documents
(e.g., National Research Council 2010) completed in the
last few years, along with development of large-scale inter-
national integrated projects (http://www.epoca-project.eu)
and locally integrated observation networks (http://c-can.
msi.ucsb.edu). As a result, the chemical signature and
ecological effects of acidification have been under way long
before adequate scientific monitoring and classical exper-
imentation could sufficiently be put in place to resolve
either the baseline or the mechanisms of ecosystem
responses. Because of this known information deficiency,
workshop reports (Fabry et al. 2009) have strongly
recommended that the scientific community engage affect-
ed stakeholders and attempt to mine nontraditional data
sources for relevant information.

In this study, we follow this recommendation by
augmenting existing monitoring measurements with state-
of-the-art carbonate chemistry validation to evaluate the
response of C. gigas larvae, grown under otherwise optimal
conditions at an affected commercial hatchery on the
Oregon coast, to natural changes in carbonate chemistry
associated with periodic seasonal upwelling during the
summer of 2009.

Methods

Whiskey Creek Hatchery (WCH), a commercial shellfish
hatchery and largest independent producer of oyster seed in
the Pacific Northwest, is located in Netarts Bay, a small
bay on the northern Oregon coast (Fig. 1). Netarts Bay is a
lagoon-type estuary dominated by water inputs from the
adjacent North Pacific Ocean, with equivalent mean depth
and tidal amplitude (, 2 m) and only minimal freshwater
inputs via two small creeks that enter the east and south
edges of the bay. The hatchery is situated on the eastern
edge of the bay, about halfway between its northern and
southern extents. Seawater for larval rearing is drawn
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directly from the bay through a submerged intake pipe
about 0.5 m above the bottom at an average water depth of
about 2 m. Temperature is maintained at either , 18uC (for
broodstock) or , 25uC (for fertilization and larval rearing)
within the hatchery, while salinity varies with natural
fluctuations, in this case over a range of , 28–33.

The oyster production cycle within the hatchery follows
general procedures for oyster hatchery production. Brood-
stock are obtained from sustaining native populations in
Willapa Bay, Washington, oyster reserve or from the
Molluscan Broodstock Program (http://hmsc.oregonstate.
edu/projects/mbp/index.html) throughout the production
cycle. After they are brought to the hatchery, they are kept
in tanks flushed with ambient Netarts Bay seawater
maintained at 18uC and fed with an excess supply of algae
(produced in the hatchery) for a minimum of 2 wk to
maximize fitness and fecundity while preventing natural
spawning by not allowing temperatures to rise above 18uC.
Oysters are strip spawned by sacrificing several individual
males and females that are visually confirmed to be in peak
fitness and fertility. Spawns are performed two to four
times each week throughout the growing season, producing
cohorts of 2 3 108–2 3 109 larvae per spawn.

Harvested eggs are screened to remove debris and
thoroughly rinsed on a 20-mm screen. Clean eggs are

resuspended in 0.1-m3 tanks of filtered seawater, typically
at concentrations of 1010 m23, then fertilized with a sperm
suspension. Within 30–60 min, eggs are examined micro-
scopically to insure proper fertilization and then placed
into 22-m3 tanks of seawater at concentrations not
exceeding 2 3 107 m23. This represents one cohort of
oyster larvae.

After 48 h, D-hinge larvae are collected during tank water
change and transferred to 22-m3 tanks of new seawater
pumped from the bay; larvae are stocked initially at a
concentration of 5 3 107 m23. Small larvae are fed a diet of
the haptophyte Isochrysis galbani at cell densities of , 5 3
1010 m23 until 7–10 days after fertilization. For the next few
weeks, larvae are fed a mixed diet of diatoms (primarily
Chaetoceros gracilis and Thalassiosira sp. fed at cell densities
of , 7 3 1010 m23), and water in the holding tanks is replaced
completely every 48 h. Larvae are typically large enough to be
retained on 100-mm sieves (nominally 140–150 mm in long-axis
shell length) within 1–2 wk after fertilization.

Although we do not discuss later development here, the
hatchery produces and rears larvae until roughly 12–24 h
before settlement, when they are packaged and shipped to
commercial oyster growers across the Pacific Northwest.
Rearing of successful cohorts continues for an additional
7–14 d beyond the times described above, at which point

Fig. 1. (a) Map of Oregon coast from California border to the mouth of the Columbia
River. Dotted contours offshore show the position of the 100- and 200-m isobaths. (b) Expanded
view of Netarts Bay, where ‘‘WCH’’ denotes the position of the Whiskey Creek Hatchery.
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larvae are harvested on 236-mm sieves (310–330-mm shell
length) and distributed to growers. Low-production co-
horts are not maintained beyond the 150-mm size threshold.

Hatchery operators have found that certain optimal
ratios of biomass per volume are ideal for growth and
feeding in various settings. In order to balance production
rates and expenses associated with heating and maintain
water, the hatchery maintains a near-constant tank-specific
biomass by condensing or dividing cohorts into or across
tanks as required. The hatchery uses a volumetric cone to
estimate tank biomass and adjust the number of tanks as
needed at each tank change. We can therefore utilize the
data collected on the total number of tanks per cohort as a
measure of larval biomass production. The change in the
number of tanks is thus a proxy for the net production of a
cohort of larvae. Relative larval production, P, was
calculated from the relative change in the number of tanks
between the initial number of tanks at the postfertilization
D-hinge stage to the number of tanks when larvae are
retained on 100-mm screens, that is, P 5 (T100 2 TD)/TD,
where T100 and TD are the numbers of tanks at the 100-mm
screen and D-hinge stages of production, respectively. A
value of 0 in this case would imply no larval biomass
production and could be attained by either limited growth
and high survival or high growth and low survival, while a
value of 1 would imply a doubling of larval biomass, and a
value of 21 would imply complete mortality.

Hatchery personnel estimate larval development and
growth by various metrics. Early development is tracked
by estimating the number of fertilized eggs that develop to
healthy D-hinged larvae as the ratio of healthy D-hinged
larvae over successfully fertilized eggs. Growth is tracked by
logging the number of days it takes for components of a
cohort to reach benchmark sizes based on direct observa-
tions and sieves used to capture larvae during regular tank
changes. Specifically, the number of days until the first
observation of 120-mm larvae and the number of days until
all surviving larvae reach 150 mm are cataloged. We utilized
these records to estimate early-stage growth and midstage
growth related to important transitions in larval feeding and
development stages. Early-stage growth was defined as the
time required until the first observation of individuals in a
cohort reaching a shell length of 120 mm. Up to this size
stage, sizes are obtained by microscopic analyses of
subsamples from the cohort. Importantly, this metric
potentially captures the dynamics of the fittest individuals
in the cohort; however, the D-hinge developed integrates the
entire early development. We defined midstage growth by
calculating the time between first observation of larvae at
120-mm shell length and the time at which all surviving larvae
are retained on a 100-mm screen (nominally 150-mm shell
length). Larval nutrition in early-stage growth is reported to
be mixotrophic with larvae depending on both egg reserves
and limited ingestion of microalgae (Rico-Villa et al. 2009;
Kheder et al. 2010a,b). In midstage growth, larvae become
more dependent on exogenous food sources, and changes in
diet or food availability have more pronounced effects on
growth (Rico-Villa et al. 2009; Kheder et al. 2010a,b).

Water samples were collected from the hatchery seawater
system weekly in the morning (, 08:00 h local time) and

afternoon (14:00 h) in addition to a few other times selected
by the hatchery personnel. This sampling point was
separated from the bay by a flow transit time of a few
seconds and coincides with the location in the hatchery
where the tanks are filled. Samples for analysis of seawater
CO2 partial pressure (PCO2) and total dissolved CO2 (TCO2)
were collected in 350-mL amber glass bottles with minimal
headspace and poisoned with 300 mL of saturated HgCl2
solution before being sealed with urethane-lined crimp-seal
metal caps. We have shown in previous research (Hales
et al. 2005; Bandstra et al. 2006) that samples collected in
this manner are stable for several months or more for CO2

analyses. Samples were analyzed for TCO2 following the
method developed in Hales’s lab by Bandstra et al. (2006)
and for PCO2 by recirculating headspace air through the
sample and a nondispersive infrared detector using a small
air pump and a fritted bubbling stone. Results were
corrected for the pressure of analysis headspace and for
the temperature difference between analytical and in situ
conditions to yield PCO2 values in dekapascals rather than
the nearly numerically equivalent and more widely used
matm unit at in situ temperature (T) and TCO2 values in
mmol kg21. Uncertainty for the TCO2 analyses is expected
to be less than 0.2% (accuracy and precision), based on the
results of Bandstra et al. (2006), and less than 5% for the
PCO2 analyses, based on comparison between archived
samples and measurements made in situ by a variety of
methods (membrane and showerhead equilibration of
flowing sample streams and moored measurement of
PCO2 using absorbance-based sensors; Evans et al. 2011).

Inlet water aragonite saturation state (VA) was calculat-
ed from the T, salinity (S), and PCO2 and TCO2 data at in
situ conditions using a program written by the authors that
accounts for the equilibrium interactions between the
carbonic acid species at in situ conditions, using the
carbonic acid dissociation constants of Mehrbach et al.
(1973) as refit by Lueker et al. (2000), the boric acid
constants as defined by Dickson (1990), and the aragonite
solubility as defined by Mucci (1983). This choice of
constants is appropriate for freshwater and salinities above
20 but is unverified for the range 0–20 and should be used
with caution in lower salinity ranges where verification is
insufficient. Calcium concentrations were calculated as-
suming conservative dependence on salinity with a fresh-
water end member of 1 mmol kg21, appropriate for local
riverine inputs. From these measurements and choice of
equilibrium constants, we can calculate pH on the total
hydrogen ion scale, hereafter referred to as pHT. Propaga-
tion of analytical uncertainty in the measured PCO2 and
TCO2 data (stated above) dominates the uncertainty in
calculated VA, which is about 5%, while calculated pHT is
uncertain by about 6 0.02. We do not consider inaccuracy
in the thermodynamic constants used in our calculations.
The most significant of these is the inaccuracy of the
solubility of aragonite, which, as reported in the literature
is uncertain by about 6 10%,. Absolute values of VA and
pHT will suffer additional accuracy uncertainty if the
equilibrium constants are considered, but relative changes
in either term are known to within the above-stated
propagation of analytical precision. Comparison of these
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results with those of other studies will require careful
examination of acid dissociation and mineral solubility
assumptions.

It is important to note that the data presented here are
for the conditions at the hatchery inlet sampling point. We
maintain this for two reasons. Part of our objective is
quantification of the natural variation in conditions in
ambient bay waters, and direct measurements were not
made in the water after heating. Treatment of the water
approximates isochemical heating, in which alkalinity and
TCO2 do not change because of the quiescent conditions
and short time scale of the heating and the slow response of
CO2 to gas exchange. If waters were only warmed,
calculated VA values would be about 0.2 higher in warmed
waters than at the intake at in situ T, and thus the
responses we report would take place at more stable
mineral solubility conditions. The most likely chemical
change would be relaxation of the warmed waters to PCO2

values in equilibrium with the atmosphere while alkalinity
remained constant. This would have two consequences.
Warmed waters would mostly lose CO2 to the atmosphere,
resulting in potentially higher mean VA values, and moving
toward a common PCO2 would tend to reduce the dynamic
range in VA. Therefore, our measurements, if anything,
underestimate the mean VA and overestimate its dynamic
range in fertilization and rearing waters. We believe that
this choice of VA values is the most conservative in
implicating ocean acidification effects on larval oysters.

The high variability of the bay-water chemistry and the
frequency of the spawning operations made the approxi-
mately weekly discrete samples alone insufficient for
capturing the conditions experienced during spawning
operations, and we were forced to use these discrete
samples to ground-truth a continuous record of pH being
recorded by an in situ Yellow Springs Instruments (YSI)
6000 EDS sonde, located in the bay at the inlet of the

hatchery intake pipe, starting in late May 2009. Along with
pH, the sonde also recorded temperature and salinity at 30-
s intervals. The sonde was recovered monthly for cleaning
and calibrated for pH using Oakton buffers (http://www.
4oakton.com) at pH 7 and 10 on the National Bureau of
Standards (NBS) scale. One calibration operation occurred
in the middle of the presented record on 01 July 2009 and
two others preceding and following the sampling interval.
No drift was obvious during these calibrations, and no drift
correction was applied.

As there can be decoupling between pH and mineral
saturation state, pH is an imperfect variable for assessing
corrosivity of ocean water to calcium carbonate biomin-
erals. This is especially true in a complicated matrix like
seawater where ionic strength effects can lead to large
uncertainties in the determination of pH itself. We made
two corrections to the in situ pH record. We first corrected
the NBS-scale YSI measurements to the total hydrogen ion
scale using the nonlinear empirical relationship between the
total hydrogen ion activity coefficient and temperature and
salinity given by Millero et al. (1988). The corrections made
to adjust to the pHT scale were on the order of 0.13 unit,
with dependence on the T and S of the sample water. We
then synchronized our discrete measurements with the
continuous in situ record and used our calculated pHT

values to verify the accuracy of the in situ measurements.
We limited our analyses only to times when the measured
discrete sample T and S agreed with the synchronized in
situ observations to within 6 0.5uC and 0.75, respectively,
to ensure comparisons of common water types. The
discrete and in situ T and S measurements were quite
closely correlated (R2 . 0.98 for both parameters), but
periodic deviations occurred, as expected in a dynamic
setting such as this. The linear relationship between in situ
and discrete-sample calculated pH (Fig. 2a) was used to
convert the continuous in situ record into one that was

Fig. 2. (a) Correlation between pHT,calc calculated from PCO2 and TCO2 measured on discrete samples and pHT,YSI, corrected to the
total hydrogen ion scale from the NBS-scale pH measured with the YSI 6000 EDS sonde, for those samples with good T, S agreement.
pHT 5 0.45pHT,YSI +4.22, F1,12 5 26.80, p 5 0.0002, R2 5 0.70. (b) Relationship between aragonite saturation state (VA) and pHT,calc for
all discrete samples (VA 5 20.288 + 0.9274e(1.7345DpHt), F2,23 5 248.84, pseudo-R2 5 0.96, p , 0.0001, where DpHT 5 pHT 2 7.5 and
pseudo-R2 5 1 2 [residual sums of squares divided by the total corrected sums of squares], appropriate for nonlinear regressions).
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internally consistent with our CO2 chemical analyses
(pHT,calc 5 0.45pHT,YSI + 4.22, F1,12 5 26.80, p 5 0.0002,
R2 5 0.70). This correction is large, with slope , 1 and
offset . 0. This is not unexpected, as the YSI electrode is
advertised to produce accuracy of only 6 0.2 unit, although
precision is 0.01 unit (http://www.ysi.com/productsdetail.
php?6600V2-1). If this inaccuracy exists as nonlinearity in
relatively narrow pH ranges (, 0.6 in this case) or as
function of T and/or S fluctuations, none of which are
specified by the manufacturer, it could account for the
majority of this disagreement. However, the average
residual difference between predicted pHT from our
regression analysis and measured pHT is 0.06 (6 0.06, 1
SD), with a maximum residual value of 0.19; thus, for our
purposes, this is adequate.

As stated, pH is not expected to be a perfect predictor
for mineral saturation state, but the correlation between
pHT and VA from our discrete samples (Fig. 2b) was strong
enough to give good predictive power (VA 5 20.288 +
0.927e(1.735DpHt), F2,23 5 248.84, pseudo-R2 5 0.96, p ,
0.0001, where DpHT 5 pHT 2 7.5 and pseudo-R2 5 1 2
[residual sums of squares divided by the total corrected
sums of squares], appropriate for nonlinear regressions).
After correcting the in situ pH with the relationship shown
in Fig. 2a, we then converted that record to a continuous
time series of VA with the relationship shown in Fig. 2b.
Conditions for individual spawns were determined by
averaging the VA record between 0:800 h and 12:00 h local
time on the day of the spawn, corresponding to the interval
in which spawn tanks were filled.

A simple linear regression analysis was used to quantify
the effect of aragonite saturation state at time of spawn on
the proportion of healthy D-hinge, relative production
value (both described above), the early-stage growth rate
(up to 120-mm shell length), and the midstage growth rate
(120–150-mm shell length). The proportional D-hinge data
were arcsin square-root transformed because of the
problems associated with parametric analysis of propor-
tional data. Assumptions of heteroscedasticity and nor-
mality of residuals were checked with visual examination of
residuals and by the Shapiro–Wilk statistic, and these
assumptions were met. We additionally checked for overly
influential data points by examining Studentized residuals
and Cook’s distance and found one observation that
corresponded to an overly influential data point in two of
the three regressions. We censored each point and repeated
the statistical analyses but have included the point on
subsequent graphs. The exclusion of this point did not
change the inferences from either analysis. All analyses
were run in SAS v9.1, using Proc Reg for linear regressions
and Proc Nlin for the nonlinear regression.

Results

Netarts Bay carbonate chemistry—Water sampling and
continuous analysis for the period 01 June–03 August 2009
(Figs. 3, 4) show that the bay is subjected to two major
forcings that affect its carbonate chemistry. The first is the
upwelling state of the adjacent coastal ocean. During
upwelling, evidenced by high atmospheric pressure and

strong north winds (Fig. 3a), colder, saltier (Fig. 3b), low-
pH (Fig. 3c) aragonite-undersaturated (Fig. 3d) deep-ori-
gin upwelled water is brought to the surface very near the
coast (Hales et al. 2005; Feely et al. 2008), and this water
spills over the sill at the bay mouth into the bay. During
reduced upwelling or relaxation events, low-CO2 photo-
synthetically modified (high pH, high VA) surface waters
are forced back onshore and enter the bay. The time scale
of this forcing ranges from several days, corresponding to
the frequency of relaxation events during the upwelling
season, to several months, corresponding to the seasonal
shift between winter downwelling- and summer upwelling-
favorable winds. During the record of interest in 2009,
there were periods of strong upwelling from about year-day
161–186 (10 June–05 July) and again from about year-day
195–212 (14–31 July), punctuated by periods of weak
variable to south winds from year-day 153–161 (02–10
June), 187–194 (06–13 July), and 213–217 (01–05 August).

The second forcing factor is diurnal metabolic variability
within the bay. This is visible as the high-frequency patterns
superimposed on the smoothed records of Fig. 3, and one
part of the record is examined in more detail in Fig. 4. The
bay contains broad shallows populated by extensive eel-
grass beds and benthic microalgae, and on high-insolation
days, photosynthetic uptake of CO2 from bay waters is
high. In contrast, nighttime respiration produces abundant
CO2. This results in a clear pattern of high PCO2 and TCO2

in the morning discrete samples, with greatly reduced levels
in the afternoon samples (Fig. 4), that drives the diurnal
signal in pHT and VA (e.g., increasing values during the day
and decreasing values through the night). Note that
thermal forcing alone would predict higher afternoon
PCO2, opposite of what is seen. This effect occurs
independent of tidal forcing and is apparent in both
upwelling and relaxation (or reversal) oceanic conditions.
Unlike the upwelling-modulated changes, the bay’s car-
bonate chemistry is decoupled from its temperature and
salinity in these intervals.

Oyster larval performance—Larval performance was
assessed by four measures derived from hatchery records:
early development to D-hinge, the relative production,
early-stage growth when larvae depend on mixotrophic
nutrition, and midstage when larvae transition to exoge-
nous food sources. Successful development from fertilized
egg to D-hinge is measured by the proportion of fertilized
eggs that make it to D-hinge in , 24 h. The relative
production term provides a proxy for cohort biomass, with
positive numbers indicating growth in cohort biomass and
negative numbers indicating mortality. Our early- and
midstage growth metrics estimate the time required to
reach and exceed a benchmark size. Aragonite saturation
state at the time of spawning did not have significant effects
on D-hinge development (F1,14 5 3.97, p 5 0.0663, adjusted
R2 5 0.17; Fig. 5a) and early-stage growth (F1,15 5 0.00,
p 5 0.9845, adjusted R2 , 0; Fig. 5b). However significant
effects of carbonate conditions at time of spawn were found
on midstage growth (F1,14 5 13.87, p 5 0.0025, adjusted R2

5 0.47; Fig. 5c) and relative production (F1,15 5 17.93, p 5
0.0008, adjusted R2 5 0.53; Fig. 5d). Differing numbers of
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degrees of freedom result from either missing data points or
one data point in each of the midgrowth and relative
production regressions having been censored due to the
finding that each point was overly influential by Studen-
tized residuals, Cook’s distance, and DFFITS diagnostics.
These censored data points have, however, been included in
the plots of Fig. 5 as filled circles.

Discussion

This work differs from previous studies of calcifying
organism responses to changing acid-base chemistry in
several key ways. First, we utilized hatchery records of
larval performance under naturally fluctuating ambient-
water CO2 chemistry of Oregon’s coastal upwelling system

Fig. 3. Variability in environmental conditions in Netarts Bay, 01 June–03 August 2009. (a)
Record of north wind velocity (left axis) and atmospheric pressure (right axis), showing the
atmospheric conditions driving upwelling variability over the period of interest. (b) Record of
salinity (left axis) and temperature (right axis) at the hatchery intake. Black lines are 3-day
running-median smoothed representations of each record, distinguishing the upwelling forcing
from the diurnal forcing. Similarly colored circles are corrected discrete measurements of each
parameter, corresponding to the discrete samples analyzed for CO2 chemistry. (c) pHT from the
corrected in situ measurements made by the YSI sonde at the hatchery intake (blue line) and
calculated from the discrete samples analyzed for PCO2 and TCO2 (blue circles). Black line is the 3-
day filtered pHT record, as for T and S, above. (d) Aragonite saturation (VA), calculated from the
corrected YSI pHT data and the regression of Fig. 2b (green line) and from the discrete
measurements of PCO2 and TCO2 (green circles).
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with C. gigas, a nonnative study organism that has been
resident in these waters for nearly a century. No artificial
manipulations of water chemistry outside of those occur-
ring naturally were conducted. Second, we have focused on
the larval stages of several cohorts grown under commer-
cial hatchery conditions and protocols. Finally, we have
resolved the vagaries of in situ pH electrode time-series
data with discrete measures of seawater carbonate chem-
istry analyzed with state-of-the-art methodology. With this
novel approach, we have observed significant relationships
between aragonite saturation states at the time of spawning
and subsequent growth and production of larvae over the

size range of , 120 to , 150-mm shell length (Fig. 5) but
not on early growth and development.

Recent work by A. Hettinger (unpubl.) on the native O.
lurida showed carryover effects of water chemistry experi-
enced at early stage (larvae) to the later postlarval juvenile
stage. The carryover effect was evident after 1 mo of
growth when juveniles exposed to acidified conditions in
their larval stages failed to attain the same size as juveniles
derived from larvae exposed to less acidic conditions. Our
findings and those of A. Hettinger (unpubl.) illustrate
important concepts of how variable acidification may affect
coastal and estuarine ecosystems. The timing of spawning

Fig. 4. Demonstration of effect of diurnal variability on Netarts Bay carbonate chemistry
for a subset of the data presented in Fig. 3, 08–17 July 2009. (a) Tidal stage is largely uncorrelated
with (b) in-bay T and S or (c) pH or (d) aragonite saturation. Bay carbonate chemistry shows
regular diurnal variability, with maximum pHT and VA at or shortly after local noon and minima
in early morning. Vertical dashed lines represent local midnight (major ticks) and noon
(minor ticks).

Ocean acidification and Pacific oyster 705



and release of gametes into the water column are critical in
light of variable local conditions occurring on top of a
shifting CO2 chemistry baseline (Waldbusser et al. 2010,
2011). Others have demonstrated the importance of
environmental conditions related to climate and weather
patterns in controlling interannual oyster recruitment
(Kimmel and Newell 2007). Our results further highlight
the ecological significance of windows of opportunity for
successful recruitment that may be likened to match–
mismatch theory (Cushing 1990). However, it is important
to note that in the current study, we have evaluated
hatchery production and therefore minimized the typically
extreme mortality of larval oysters in the wild by growing
them under otherwise ideal conditions.

Long-term records of recruitment of Pacific oysters in
Willapa Bay, Washington, have previously shown multiple
year failures in recruitment (Dumbauld et al. 2011). Recent
Pacific Northwest failures in natural recruitment have also
corresponded with diminished oyster seed production at
WCH (S. Cudd pers. comm.). Within a hatchery setting,
oysters are spawned frequently (every few days at WCH

over several months) and cohorts distinct, whereas natural
populations typically have fewer cohorts per season that
are often variable in timing and generally result in an
integrated cohort over the spawning season. Within the
hatchery, temperature and food concentrations are all held
at near-constant and optimal levels, and broodstock are
optimized for reproduction, while these conditions vary
significantly in natural waters during the spawning season.
Additionally, Rumrill (1990) noted that fertilization failure,
adverse hydrography, substrate limitation, and predation
are the most important determinants of the success of
natural populations of meroplankton, such as larval
oysters. Recent biochemical studies of oyster larvae
indicate the importance of food quality and quantity in
conjunction with sensitivity to fluctuating salinity and
temperature (Hofmann et al. 2004). Increased food
availability and quality generally improved tolerance of
C. gigas larvae to salinity and temperature variability in
these modeling studies. If we view the less favorable
aragonite formation energetics associated with high-CO2

upwelling conditions as sublethal acute stress and recognize

Fig. 5. Relationship between saturation state of aragonite and (a) proportion of larvae developing to D-hinge stage, (b) number of
days for larvae to reach a nominal 120-mm size, (c) number of days for larvae to grow from 120- to 150-mm nominal size, and (d) overall
relative production of each cohort. As described in the Methods section, relative production does not include the changes in the cohort
prior to D-hinge; relative production captures only the changes from the D-hinge stage up to competent to settle. Data points in black on
graphs 5c and 5d are statistical outliers and were excluded from regression analysis. Reduced R2 values and p-values of linear regression
analyses are shown in the figure. Other statistics for significant relationships are (c) midstage, growth slope 5 23.95 6 1.05 days,
intercept 5 12.02 6 1.67 days and (d) relative production, slope 5 1.22 6 0.29 days, intercept 5 22.13 6 0.44 days.
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that early development is energetically expensive, as is shell
construction (Palmer 1992), then the moderate acidification
we measured can be considered a stress that requires
additional energy to overcome (Portner 2008).

Many marine bivalve species share similar developmental
stages from egg fertilization to metamorphosed juveniles,
although the timing and typical sizes at which these stages
occur will vary both within and among species. Recent
studies suggest that early C. gigas larvae up to about 120
microns in shell length are mixotrophic, with egg yolk
reserves providing a major source of nutrition (Rico-Villa
et al. 2009; Kheder et al. 2010a,b). In our analyses of
production and growth, there was no significant VA effect
(over the natural range of conditions) during early egg
development on growth through this early stage (Fig. 5a,b);
however, production was ultimately affected (Fig. 5d). This
finding suggests that within-cohort variability may allow
some individuals to continue to grow without incident while
reaching our initial early-growth benchmark (Fig. 5b), while
others cannot survive, leading to increased mortality and
ultimately decreased cohort production (Fig. 5d). It is
important to note that the relative production term uses
the change in number of tanks from the D-hinge stage to
competent to settle and therefore does not overlap with the
proportion of D-hinge value. Growth was, however,
significantly affected for midstage larvae that depend
primarily on exogenous food sources (Fig. 5c). These
findings suggest that the effects of acidification during egg
development may have carried over (A. Hettinger unpubl.)
to affect the growth and survival of midstage larvae. The
nature of this putative carryover effect is unclear but could
be due to the cumulative effects of stress on later larval
development, metabolism or feeding physiology. Further
research on the effects of ocean acidification on larval
development and physiology is needed.

The fact that the bay itself experiences large fluctuations
in carbonate chemistry driven by primarily natural
mechanisms provides an opportunity for adaptive strate-
gies to be implemented by resource managers such as
hatchery operators. In the case of Netarts Bay, WCH
operators have already implemented a strategy to avoid
early morning tank-filling operations during strong up-
welling conditions and as a result have restored a
significant amount of lost production. Nevertheless,
climatic shifts that are likely to move the mean state
toward higher-CO2, more corrosive conditions are a cause
for concern (Feely et al. 2009; Rykaczewski and Dunne
2010). Feely et al. (2008) estimated that the most recent
exposure of upwelled source waters off the US west coast
was a few decades ago, yet the waters were still influenced
by addition of anthropogenic CO2 from a 1960s-vintage
atmosphere. If correct, this means that waters already in
transit to the upwelling locations have been exposed to
more recent, higher-CO2 atmospheres, and increasingly
corrosive upwelled water is inevitable in coming years.
Likewise, the intensity and persistence of upwelling that has
accompanied hypoxic events (Grantham et al. 2004; Chan
et al. 2008) off the Oregon coast has been hypothesized as a
recurring feature of a warming climate (Barth et al. 2007;
McGregor et al. 2007). Enhanced upwelling will carry

increased corrosivity of shelf waters, much as it drives
increased hypoxia. In each case, the fluctuations in local
CO2 chemistry will be superimposed on a trend of
increasing corrosivity, meaning that the conditions favor-
able for larval oyster production will have lower frequency
of occurrence and shorter persistence. Even if commercial
shellfish producers are able to predict favorable conditions,
the windows of opportunity for these adaptive strategies to
be implemented will be diminished.

Two significant shortcomings exist with regard to under-
standing acidification effects on natural populations of
organisms in variable coastal and estuarine habitats: predic-
tion of how carbonate conditions will vary in coastal and
estuarine environments with increasing atmospheric CO2 and
a better understanding of the fundamental biology underlying
the responses of multicellular organisms to acidification. The
first of these will be addressed by development of better
predictive capability (Juranek et al. 2009) such that stake-
holders may be able to plan production operations for the
most favorable conditions. Our limited experience suggests
that the multitude of forcing time scales still requires high-
resolution monitoring of water CO2 chemistry before we are
fully capable of developing predictive models.

The second can be addressed only by more focused
experimental work on physiological mechanisms of early
larval response in conditions with tightly controlled
carbonate chemistry. Our findings in the hatchery setting
corroborate the laboratory-based experiments of Kurihara
et al. (2007) illustrating the sensitivity of the very early
developmental stages to ambient chemistry, although the
hatchery larvae in this study experienced a much narrower
range of carbonate chemistry. The descriptive biology of
oyster larvae has been well documented; however, the
dynamic responses of initial shell formation to environ-
mental signals is still poorly understood. Initial shell is
thought to be formed between the periostracum and the
shell gland and thus ‘‘protected’’ from ambient conditions.
How protected this initial shell material is, the energetics of
this initial shell formation, and physiological plasticity are
still poorly constrained. Numerous studies have now
illustrated a pattern of negative response to acidification
for many marine species, including bivalves (Kurihara et al.
2007; Miller et al. 2009; Watson et al. 2009), and many
more will likely follow. In almost all cases, it has been
shown that mollusks tend to respond negatively to
increasing corrosiveness of water. However, only a handful
of studies have addressed the underlying physiological and
ecological mechanisms of these responses to develop a clear
and well-founded argument for how other related organ-
isms will respond (Wood et al. 2008; Thomsen et al. 2010;
Ries 2011). Although shell mineralogy is a possible first-
order explanation for the responses of calcifying organisms
to acidification (Cooley and Doney 2009), it is clear that
many other factors will determine susceptibility of biogenic
minerals to dissolution (e.g., Glover and Kidwell 1993),
and calcifying organisms may respond in less predictable
ways (Ries et al. 2009). Although the history of studies of
biomineralization spans several decades, aspects of the
mechanisms of shell formation are still poorly understood, in
particular during the very early life stages of mollusks. Some
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recent work questions our current understanding of biominer-
alization (Mount et al. 2004), and we are far from understand-
ing the processes underlying the patterns of response.

The fact that multiple parameters in the CO2 chemistry
system (pH, PCO2, VA, and so on) all change in response to
perturbations complicates this understanding, as there are very
likely differential effects of these variables on different
physiological processes. Experimental methods that can
elucidate these mechanisms will be important. Finally, the
ability to predict the acute and chronic sensitivities of
organisms to high-CO2 waters should be a goal of future
research. There has been some suggestion that larval and
juvenile organisms need to reach critical development states
where they can compensate for the deleterious effects of
elevated CO2 levels (Green et al. 2009; Waldbusser et al. 2010),
and it may be that C. gigas larvae are especially sensitive to
chemical conditions at the time of spawning. This may require
development of acute and chronic threshold definitions,
assessment of the sensitivity of organisms to the persistence
of conditions, and stage-based models of organism responses.

The current study illustrates the value of monitoring
efforts, which, if applied with stakeholder interests at hand,
can provide valuable economic feedback (as is the case with
WCH). Our study, relying on hatchery records and utilizing
their production model, does potentially suffer from the
lack of strict control as found in other more constrained
experimental systems. We therefore acknowledge the
correlative and suggestive nature of this study; however,
it highlights the significance of current-day variable
carbonate chemistry effects on commercially important
species (and reliant regional economy) in surface waters
and validates previous laboratory-based acidification ex-
periments in which carbonate chemistry was manipulated.
The significant effects on hatchery-based oyster production
indicates that local and regional acidification effects are
already on us, and responses of these coupled natural
human systems to increasing CO2 are likely unfavorable.
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Reduced early life growth and survival in a fish in
direct response to increased carbon dioxide
Hannes Baumann, Stephanie C. Talmage and Christopher J. Gobler*
Absorption of anthropogenic carbon dioxide by the world’s
oceans is causing mankind’s ‘other CO2 problem’, ocean
acidification1. Although this process will challenge marine
organisms that synthesize calcareous exoskeletons or shells2–6,
it is unclear how it will affect internally calcifying organisms,
such as marine fish7. Adult fish tolerate short-term exposures
toCO2 levels that exceed those predicted for the next 300years
(∼2,000ppm; ref. 8), but potential effects of increased CO2 on
growth and survival during the early life stages of fish remain
poorly understood7. Here we show that the exposure of early
life stages of a common estuarine fish (Menidia beryllina) to
CO2 concentrations expected in the world’s oceans later this
century caused severely reduced survival and growth rates.
When compared with present-day CO2 levels (∼400ppm),
exposure of M. beryllina embryos to ∼1,000ppm until one
week post-hatch reduced average survival and length by
74% and 18%, respectively. The egg stage was significantly
more vulnerable to high CO2-induced mortality than the post-
hatch larval stage. These findings challenge the belief that
ocean acidification will not affect fish populations, because
even small changes in early life survival can generate large
fluctuations in adult-fish abundance9,10.

Since the industrial revolution, average atmospheric and oceanic
CO2 concentrations have risen by 40% to 393 ppm (ref. 11;
in 2011); levels that now far exceed those of the past one
million years (180–280 ppm; ref. 12). Current emission scenarios
predict that CO2 concentrations will increase further and reach
∼800 ppm during this century and potentially 2,000 ppm by
the year 2300 (ref. 8). Apart from accelerating global climate
change, another major concern is the absorption of CO2 by
the world’s oceans and the resulting decrease in ocean pH,
carbonate ion concentration (CO3

−2) and calcium carbonate
(CaCO3) saturation state (!; refs 1,2,4). Collectively known as
ocean acidification, these shifts in marine chemistry will probably
alter the phenotypes and hence the fitness of many marine
organisms, particularly those with exoskeletons and shells made
from calcium carbonate (CaCO3; ref. 3). Experimentally increased
CO2 conditions have been shown to adversely affectmany species of
foraminifers13, coccolithophores14, corals3, pteropodes2, bivalves5,6,
crustaceans15 and echinoderms16.

In contrast, direct effects of ocean acidification on fish, the
world’s most important marine resource, are at present assumed
to be negligible4,7,17. Fish calcify internal (bones, otoliths) rather
than external skeletal elements, and as highly mobile vertebrates
have evolved effective acid–base and osmoregulatory mechanisms
to overcome high metabolic CO2 levels4. The high CO2 tolerance
of juvenile and adult fish has been extensively documented for
decades, suggesting no measureable growth or survival effects even
at exposures of up to 16,000 ppm CO2 (ref. 7; eight times the
relevant level for future climate change scenarios). However, the
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susceptibility of the earliest life stages of fish to increased CO2
levels has not yet been sufficiently examined7, even though CO2
sensitivity is highest during the larval stages in most other marine
organisms5,6,16. Recent studies have documented that increased
CO2 levels (>700 ppm) can have detrimental behavioural effects
on larval reef fish by impairing their ability to detect olfactory
cues of predators or nearby reefs18–20. White sea bass larvae reared
at 1,000–2,500 ppm CO2 were shown to grow abnormally heavy
otoliths21. Despite such signs of CO2 sensitivity in larval fish,
however, direct CO2 effects on larval-fish growth or survival have
yet to be demonstrated7,22.

Here we report on a series of controlled CO2 exposure
experimentswith embryos of the inland silversideMenidia beryllina.
This small, schooling fish occurs naturally in estuaries along
the North American Atlantic coast, where it is of ecological
importance as both a zooplanktivore and prey for higher trophic
animals. In addition, M. beryllina is commonly used as a
model species in environmental risk assessments. In five separate
experiments, we exposed a known number of newly fertilized
eggs (<24 h old) to replicated CO2 concentrations ranging
from ∼390 to 1,100 ppm (Supplementary Tables S1–S5). CO2
levels were carefully administered and monitored by adhering to
established best practices for ocean acidification research (European
Project on Ocean Acidification23). Approximately one week after
hatching, the surviving larvae were counted, photographed and
measured for length.

Our results were surprisingly unambiguous. Despite variable
control survival rates, each experiment revealed a consistent decline
in larval survival with increasing CO2concentration (experiment 1,
analysis of variance F1,4 = 5.2, p = 0.08; experiments 2–5, four
analyses of variance, F1−3,6−12 = 14.5–38.9, p < 0.009; Fig. 1a).
When averaged across replicate means, an exponential decay model
best fitted the entire data set (r2 = 0.80) and indicated a 74%
reduction in average survival at increased (∼1,000 ppm) when
compared with control levels (∼400 ppm).

An alternative interpretation of the patterns in Fig. 1a is that
CO2 sensitivity in M. beryllina remained essentially stable until
reaching a threshold (650–800 ppm, consistent with refs 18,20),
beyond which survival and growth (Fig. 1a,b) sharply declined.
Regardless of the functional relationship, M. beryllina seems to
show a direct link between early life mortality and the levels of
oceanic CO2 predicted for the twenty-first century. Whether this is
common among fish is at present unknown. However, the question
has important implications for future fish stock abundance, because
larval survival mediates the strength of new year classes in fish
populations, including those of commercial importance9,10.

Compounding these concerns, we also observed a consistent
decrease in larval length with increasing CO2 concentration.
Average lengths (±1 s.e.m.) of survivors approximately one
week post-hatch declined significantly (F1,6 = 30.6, p = 0.001)
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Figure 1 | Effect of increased CO2 on early lifeM. beryllina survival and length. a, Survival was averaged across replicates (experiment 1, n= 3;
experiments 2, 3, n=4; experiment 4, n=6; experiment 5, n= 5) for each experiment and CO2level. b, Weighted means (±1 s.e.m.) of standard length
averaged across replicates per experiment and CO2 level. Pooled data in a and b were fitted with an exponential decay model (thick grey line) with 95%
confidence intervals (thin grey lines). Experiment 1, red squares; experiment 2, blue down triangles; experiment 3, green diamonds; experiment 4, yellow
circles; experiment 5, black up triangles. Points represent means± 1 s.d.

by 18% from 4.0 ± 0.07mm at control levels (400 ppm CO2)
to 3.3 ± 0.3mm at 1,000 ppm CO2 (Fig. 1b). In most fish
species, larval growth and mortality rates are inversely related,
because slower-growing larval cohorts are vulnerable for longer to
the suite of ichthyoplankton predators and therefore experience
higher cumulative mortalities24,25. Reduced early life growth
may therefore further reduce the productivity of fish stocks in
future acidified oceans.

Precisely how increased CO2 levels affect survival and growth in
fish early life stages is at present unknown. For some fish species,
the explanation may involve the high surface-to-volume ratio of
eggs and larvae, which may make individuals more vulnerable to
diffusive processes across epithelia26. The heightened CO2 sensitiv-
ity of the earliest life stages may further reflect poorly developed
mechanisms of acid–base regulation and cardiorespiratory control,
as both are probably linked to increased gill function andmuscle ac-
tivity due to swimming in later-stage larvae, juveniles and adults27.
Third, even if fish embryos and early larvae are capable of some
level of physiological adaptation to increased CO2, this would incur
further metabolic costs7 and thus reduce energy available for tissue
synthesis (growth reduction) or post-hatch survival on diminished
yolk reserves. As some fish eggs, including those of M. beryllina,
seem to be tolerant of low-pH conditions28, the high levels of CO2 or
associated changes in carbonate chemistry may be more important
to larval-fish survival than hydrogen ion concentrations.

It is possible that the earliest life stages of fish (that is, embryos in
eggs) are most susceptible to CO2. To test this hypothesis, a further
experiment was conducted where CO2 exposure of M. beryllina
was switched from control (410 ppm) to increased (780 ppm) levels
only after eggs had hatched (5 days after fertilization, Fig. 2).
Survivorship five days later was then compared with constant-
control and constant-increased CO2 treatments (10 days of 410
or 780 ppm, respectively). As survival in the ‘switch’ group was
only marginally lower than in the constant-control group (t -test,
df = 6,p = 0.5), but significantly higher than in the constant-
increased group (t -test, df = 6,p < 0.01), the main CO2 impact
evidently occurred during the egg stage (Fig. 2). This may partly
explain why studies so far that have carried out experiments
on fish larvae, but not on eggs, have not observed the negative
effects of ocean acidification21,22. Furthermore, one day post-hatch
M. beryllina showed a significantly (t -test, df = 10,p< 0.01) higher
percentage of malformations in increased (37%, 960 ppm) when
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Figure 2 | CO2 sensitivity of the egg versus early post-hatch stage in
M. beryllina. Bars depict average survival (±1 s.e.m.) 10 days after
fertilization in control (410 ppm), increased (780 ppm) and ‘switch’, where
CO2 concentration was increased only after eggs hatched (5 days
post-fertilization), treatments. Precise CO2 levels and complete carbonate
chemistry from experiments appear in Supplementary Tables S1–S5.

compared with control CO2 levels (7%, 410 ppm), supporting the
particular sensitivity of the egg stage (Fig. 3).

In summary, we present evidence of direct adverse growth and
survival effects in the early life stages of fish due to exposure to CO2
levels that are expected in the world’s oceans later this century. To-
gether with other emerging evidence18–21, such apparently high CO2
sensitivity contradicts the notion that ocean acidification will have
no direct consequences for marine fish populations. Furthermore,
the CO2 levels used in our experiments already occasionally occur in
temperate coastal waters, often coincidingwith the spawning season
of fish29,30. Hence, CO2-induced offspring mortality may already
be influencing patterns of adult-fish abundance in the ocean. We
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Figure 3 |M. berylina larvae exposed to normal and elevated levels of CO2. a–c, Larvae with curved or curled bodies were significantly more common at
increased (b,c) when compared with control (a) CO2 levels. Scale bar= 1mm.

expect, however, in a manner similar to what is now emerging
from studies on invertebrates1,3–5, that responses to increased CO2
levels in fish will be highly species specific. For example, oceanic
fish species that spawn pelagic eggs might be more susceptible
to CO2 increases than benthic spawners22, where eggs may be
more adapted to natural CO2 fluctuations due to elevated rates of
microbial respiration.

In light of the broad implications of our findings, we believe that
there is now a need to comprehensively investigate not only the
incidence, the physiological causes and the form of the functional
response of early life CO2 sensitivity in fish, but also the general
potential of marine organisms to adapt to the CO2 levels projected
for future oceans. Our study indicates that future work should focus
on the earliest life stages, as the effects of increased CO2 may be
especially acute during this phase of development.

Methods
All five experiments were conducted between July 2010 and January 2011, using
<24-h-old M. beryllina embryos obtained from a large, commercial brood stock
(Aquatic Research Organisms). A known number of eggs (experiments 1–3,
n= 100; experiments 4, 5, n= 50) was randomly placed in each of three to five
replicate rearing containers (4 l) per CO2 level (390–1,060 ppm, Supplementary
Tables S1–S5). An air: CO2 mix, adjusted to desired levels by a gas proportionator
system (Cole Parmer Flowmeter), was continuously delivered to each rearing
container. Attained CO2 levels were calculated with the program CO2SYS on the
basis of measured total inorganic carbon (EGM-4 Environmental Gas Analyser, PP
Systems), pH, temperature and salinity. Fish were reared at constant temperature
(24 ◦C), salinity (30) and photoperiod levels (15L:9D) and were provided with
live rotifers and brine shrimp nauplii after hatching. Survival was measured 7±2
days post-hatch as the percentage of live larvae relative to the number of seeded
eggs. Our protocols ensured that potential mortality sources unrelated to CO2, for
example due to varying egg quality, transport and handling, minor fluctuations
in food and water quality, or the shape of our rearing containers, were random
between replicated treatments and experiments. Standard lengths of survivors were
measured using calibrated digital pictures and image analysis software (ImagePro
4.5.1, Media Cybernetics). All reported p and F values were derived from analyses
of variance to compare survival (arc-sine transformed) and length between CO2
treatments (PASW Statistics 18). Further details regarding methods are available as
Supplementary Methods.
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T he scene is more than a little
askew here in a picnic park along
the suburban shore of Maryland’s

Severn River not far from the Chesa -
peake Bay. On a drowsy, late-June morn-
ing, a high-school kid mows grass in the
park, zodiacs and kayaks line the parking
lot, and some pleasure craft are bobbing
at anchor.  

But the picnic tables are laden with
an assortment of notebooks and odd
tools. And some purposeful folks have
unloaded tall green pressure tanks topped
with gauges that could be mistaken for a
welding kit, now installed in a big plastic
chest under the trees. Tubes from their
tanks run down into the river and out to
a ten-meter square of water. It’s marked
off by colorful floating foam noodles and
attended by two students in snorkel gear. 

These are researchers, not welders,
and the low-tech look of their apparatus

belies the high-stakes questions behind
their work. Designed as a kind of time
machine, their river setup is meant to
simulate Severn River waters as they will
be in the future, circa 2050 and 2100.
The green tanks are filled with carbon
dioxide (CO2), the same gas that now
concentrates in the atmosphere as we
burn coal, oil, and forests across the
planet. 

The Severn River project is part of a
suite of new and recent research on the
effects of rising CO2 levels on the Bay. It
is a collaboration between Whitman
Miller, a marine ecologist with the
Smithsonian Environmental Research
Center (SERC), and Tom Arnold, a
chemical ecologist with Dickinson
College. 

The two researchers plan to pump
CO2 out of their green tanks and down
into that marked-off square of river
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study site used by scientists from the Smith -
sonian Environmental Research Center.
PHOTOGRAPHS BY MICHAEL W. FINCHAM. 
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rise in Maryland and Virginia, and both
states have ambitious plans to rebuild
some of the Bay’s historic oyster reefs.
Those ancient reefs played a key role in
the ecology of an ecosystem once known
as the “great shellfish bay.” 

A second question to be answered:
what would happen to seagrasses in an
estuary with higher CO2 levels? Tom
Arnold is planning on taking samples
from the meadow of widgeon grass that
seems to be flourishing in this part of the
river. Heavy rains haven’t hurt the wid-
geon grass, so Arnold can simply walk
over and turn the handle on the tank
regulator to start pumping CO2 into the
Severn River. 

Miller and Arnold set up these experi-
ments in the Bay because higher levels of
CO2 in the atmosphere are already
changing both the climate of the Earth
and the chemistry of the open oceans. We
think of sky and water as distinctly sepa-
rate in their vast reaches, but in fact
where they meet, they mingle. As CO2

gas increases in the atmosphere, it seeks
equilibrium, pressing on the surface of
open water and steadily diffusing into it,
mixed in by wind and waves. As addi-
tional CO2 dissolves into the ocean, it
lowers pH and raises acidity. Scientists call
this process ocean acidification. 

The oceans, as a result, are changing at
a faster rate than at any time in the last
300 million years, according to a report
published this March in the journal
Science. And that’s worrisome. An earlier
episode of rapid ocean acidification not
only brought extinction to many one-
celled organisms along the ocean bottom,
it also caused the collapse of coral reefs
and dissolved all the carbonate plankton
shells that once littered ancient seafloors. 

If the ocean continues to acidify, sea-
water could once again become corrosive
to calcium carbonate structures, dissolving
coral reefs and the shells of many marine
organisms. The oceans are already 30 per-
cent more acidic than they were 250

ESTUARY?

water. They are doing on a small scale
what industrial nations are doing on a
global scale by pumping CO2 into the
atmosphere in ever-higher amounts.
Nearly a third of that airborne CO2 ends
up absorbed in the world’s oceans,
unleashing chemical reactions that raise
acidity levels and alter life for many
marine species, especially shellfish. 

What would happen to oysters in an
acidifying Chesapeake? Miller plans to
answer that question by placing baskets of
young oysters out in that marked-off
square of river and then raising CO2 lev-
els. He already knows that oysters don’t

Problem”

grow well — at least in a lab — under
higher CO2 levels, but lab studies have
their limits. “A lab study by its nature is a
controlled environment,” Miller notes.
“The more controlled it becomes, the less
realistic.”

It turns out real-world experiments
also have their limits, as Miller is discover-
ing. Heavy, early summer rains have filled
the Severn River with fresh, low-salinity
water. Since oysters need moderate salini-
ties to survive, he may have to delay
deploying his samples.

The fate of oysters is a high-stakes
question because oyster farming is on the

As CO2 levels are rising in the atmosphere, acidity
levels are rising in the ocean, slowing growth rates for

coral reefs, oysters, and other shell-building species.
What’s happening in the Chesapeake Bay?
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years ago, in the pre-industrial era.
According to the Science paper, the cur-
rent rate of acidification raises the possi-
bility “that we are entering an unknown
territory of marine ecosystem change.”

What’s happening in the ocean could
affect the Chesapeake, according to scien-
tists who launched several of the early
studies on acidity in the estuary. It’s
difficult  to draw sweeping conclusions,
however,   since only a handful of studies
have been completed so far. If ocean
acidification research is in its infancy, as
the National Research Council suggests,
then the research on estuaries like the
Chesapeake is embryonic. 

Basic questions, such as what are
acidification levels and trends in the
Chesa peake, are difficult to answer. To
determine acidity, scientists test for pH,
the classic scale used to measure the bal-
ance between acidity and alkalinity. In
an estuary with changing salinities, most
pH readings come with an inevitable —
and large — margin of error. Checking
on acidification, it turns out, is not as
easy as dunking some litmus paper in
the water. 

As a result, “we don’t really know how
the Bay is going to respond,” says ecolo-
gist George Waldbusser, whose expertise is
in bottom-dwelling organisms. While at
the University of Maryland Center for
Environmental Science, he was lead
author of a recent study that reviewed
historical water quality data and tried to
reconstruct how acidity has changed in
the Bay over the past two decades. The
records, he found, were imprecise and
tricky to evaluate . 

One trend, nevertheless, seems clear:
acidity has increased sharply in the Bay’s
saltier waters — more than can be
explained by CO2 in the atmosphere. In
the Bay, acidity levels are also driven by
other factors, especially by the runoff of
nitrogen and phosphorus pollution from
farms and sewage. These nutrients gener-
ated by human activity lead to explosive
growth of phytoplankton in the Bay’s
waters as photosynthesis converts nutri-
ents and sunlight and CO2 into plant
material and oxygen. When all those

excess plankton die, however, the decay
process sucks oxygen out of the water,
creating the Bay’s famous dead zones
every summer. It also releases a lot of lit-
tle-noticed CO2. The net effect can be a
rise in the Bay’s acidity. 

“If you say there is no CO2 problem
in the Bay, then you have to say there is

no oxygen problem in the Bay,” says
Waldbusser, now a researcher at Oregon
State University. “Hypoxia is a byproduct
of that oxygen uptake and CO2 release.
Those things are linked through biology.”
For now, that biology and those land-
borne nutrients create more acidity in
the water than airborne CO2 does. 

Coral reefs are falling victim to disease, warming waters, and acidifying oceans. The growth of
coral reefs, especially in colder waters, is slowing in the open ocean as levels of CO2 are rising in
the global atmosphere. The oceans absorb nearly a third of the airborne CO2, creating chemical
changes that raise acidity and even threaten warm-water coral reefs, like this one (top) in St.
Croix, U.S. Virgin Islands. Oyster reefs in the Chesapeake Bay (bottom) and other coastal waters
could also suffer from growing acidification. Labora tory research indicates that higher levels of
CO2 would slow shell growth of young oysters. PHOTOGRAPHS: NOAA (TOP) AND MICHAEL EVERSMIER (BOTTOM).



Other trends he found: some histori-
cal records show decreases in acidity in
the less salty mid-Chesapeake, but sur-
prisingly they also show sharp increases
in acidity in the southern Bay where
saltier waters have greater buffering
power. Waldbusser’s explanation: while
more plankton dieoffs occur in the mid-
Bay, much of the resulting CO2 is trans-
ported downstream to the southern  Bay. 

When Waldbusser applied his find-
ings to laboratory research, he was able
to measure some of the impacts of acidi-
fication on young oysters and on shell
reefs that are critical for the establish-
ment and survival of oyster colonies. His
three conclusions: At current average pH
levels in some parts of the Bay, the rates
of shell growth in young oysters are
slowed, creating shells that are likely to

be abnormally thin and more vulnerable
to predators. In addition, the saltier
waters in the southern Bay are likely to
become even more acidic and increas-
ingly corrosive to oyster shell. And,
finally, some Chesa peake waters, he
claims, may already be unsuitable for
shell preservation in areas that once sup-
ported oyster populations. His analysis,
says Waldbusser in his recent paper,
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Higher CO2 reduces a key ingredient in shells.

How Rising Carbon Dioxide Threatens Shell-Builders

CO2

absorbed by 
seawater
(H2O).

CO2 reacts to form car-
bonic acid; makes water
more acidic (more hydrogen
atoms). 

Carbonic acid breaks down into bicarbonate and
hydrogen ions (H+). Bicarbonate breaks down into more
H+ and car bon ate , key to organisms like oysters, clams,
corals, and other marine organisms that make shells and
skeletons. But as acidity increases, less bicarbonate changes
into carbonate .

ACIDIFICATION AND OYSTER SHELLS IN THE CHESAPEAKE BAY

In an estuary like the Chesapeake Bay, sources other than the atmosphere — like runoff of excess nutri-
ents — may add additional CO2 to the water, contributing to acidification. Evidence suggests that higher
acidity in the Bay could slow the rate of growth in the shells of young oysters, making them thinner and
more vulnerable to predators.

MARINE ACIDIFICATION

Higher CO2 causes shells to dissolve.
Calcium carbonate is the main building block in the shells of marine animals. As seawater becomes more
acidic, calcium  carbonate — and the shells — can dissolve  .
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The pteropod, or “sea butterfly,”
is a tiny sea snail about the size
of a small pea. The photos above
show what happens to a ptero-
pod’s shell when placed in seawater
with pH and carbonate  levels pro-
jected for the year 2100. The shell
slowly dissolved  over 45 days.
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should be viewed “cautiously” and fol-
lowed up with additional research. 

If acidification is affecting oysters in
the laboratory, could it also be stressing
animals and plants out in the waters of
the Chesapeake Bay? That’s the question
that brought scientists Whitman Miller
and Tom Arnold to the Severn River last
summer. According to Miller, “Nobody’s
really been looking.”

That may be changing. Arnold
designed a project to examine the impact
of rising CO2 levels on the Bay’s under-
water grasses by pumping CO2 gas into
an underwater research plot that held
widgeon grass. His focus was photosyn-

thesis and the protective compounds that
grasses use to ward off predators and
disease . 

Perhaps more CO2 in the water
could improve prospects for the Bay’s
underwater seagrasses. Under ideal con-
ditions, CO2, sunlight, and water all
combine to drive photosynthesis for
these submerged grasses, a key support
system for the health of the Bay. Since
the 1970s, unfortunately, conditions have
been less than ideal, and nearly all sea-
grass species have declined dramatically.
The Bay’s waters remain so clouded with
silt pollution that the grasses no longer
get much light. 

Arnold’s findings from last summer’s
fieldwork were less than hopeful. Starved
for light, seagrasses, he found, are unlikely
to take advantage of added CO2. There
may not be enough light to help CO2

stimulate photosynthesis, but there is
enough acidification, unfortunately, to
erode the grasses’ protective compounds.
By the end of the season, his research
established that a rise in CO2 levels was
followed by a sharp reduction of those
protective compounds. 

“I’ve been doing this for about 20
years now, and it’s the largest change I’ve
ever seen,” Arnold said recently, sum-
ming up last year’s experiment.
“Everything we see so far tells us that
it’s not going to be so great for the sea-
grasses after all.” 

There were no findings at all, how-
ever, about oysters in the Severn River.
Miller had planned to chart the physical
development of juvenile native oysters as
they matured over the summer, sitting in
a basket amid plumes of elevated CO2

and rising acidification. When heavy rains
kept salinities too low for oyster survival,
Miller decided he would have to post-
pone his river experiment. 

Based on his earlier lab findings, Miller
suspects that rising acidification will make
it more difficult for the Bay’s oysters to
form calcium carbonate structures —
shells and skeletons. When he charted
shell growth under a variety of CO2

regimes, he found that higher CO2

brought slower shell growth. At levels pre-
dicted for the year 2100, he found that
the shell area of maturing native oysters
decreased by 16 percent, and their cal-
cium content by 42 percent.  

Similar failures have already shown up
among ocean calcifiers such as sea butter-
flies, some planktons, and corals. In oyster
hatcheries along the northwest Pacific
Coast, large dieoffs of oyster larvae have
been linked to upwellings of acidic ocean
water (see “Shell Game,” p. 8). In the
Chesapeake, acidification could also affect
plankton as well as some or all of the
many mollusk species that grow shells
(see “Crab vs. Oyster,” p. 13). 

Not all scientists agree, however, that
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The pH Scale: Yardstick for Acidity

The pH scale — that staple of introductory chemistry courses — is the measuring stick that
scientists use to gauge acidity in the Chesapeake Bay.

The scale normally runs from 0 to 14; the lower the number, the greater the acidity. A pH of
7, the middle point, is regarded as neutral pH. That is the reading for distilled water, or pure
H2O with nothing dissolved in it.

The pH scale indicates the concentration of hydrogen ions in a solution. Strong acids like sul-
furic acid contain lots of unattached hydrogen ions floating in them; strong alkalines, like bleach,
contain few.

The scale is logarithmic, which means it measures a very big range. A difference of one pH
unit is equivalent to a 10-fold difference in hydrogen ions. A reading of “4” is 10 times as acidic
as a 5 and 100 times as acidic as a 6.

The “H” in pH refers to hydrogen, but the “p” has several meanings (for example, “power”),
depending on which science historian you ask.

The pH in the Bay varies widely over time and along its length, influenced by salinity and
temperature. The open ocean’s different chemistry makes its pH range tighter and, on average,
less acidic than the Bay’s.

Neither the Bay’s waters nor surface waters of the ocean typically register an average pH in
the acidic range, below 7.Their waters are not acidic. Scientists, however, speak of ocean water
as “acidifying” or “acidified” because its pH has dropped over time, making it more acidic than a
few decades ago. On average, the ocean’s pH has dropped from 8.2 to 8.1 since the industrial
age began. That seemingly small change translates to a 30-percent increase in relative acidity. Sci-
entists forecast a further drop of about 0.3 pH units by the year 2100, lowering pH to 7.8. That
level would translate to a further increase of 150 percent in relative acidity.

Parts of the Bay are already at least as acidic as pH 7.8. As for the trend of pH in the Chesa-
peake, that is less extensively studied .

Chesapeake Bay (6.5-9.0)
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rising acidity levels will be a threat to the
Bay’s ecology. This brand of optimism, for
example, is sometimes heard: because
plants and animals in the Chesapeake
ecosystem are adapted to variability, they
will not be sensitive to added increments
of acidification. Native species may in a
sense be pre-adapted, from an evolution-
ary standpoint, to at least some degree of
future change in acidity. 

But shellfish calcification in particular
is a long-term process of integration, says
Richard Feely, a senior scientist who stud-
ies ocean acidification with the National
Oceanic and Atmospheric Administration.
“When they calcify, they calcify all day
long, so what matters is that average value,
over the course of time,” he says. “That’s
what affects their rates. So yeah, you see a
lot of variability, but you want to know
what the overall trend is.” 

The overall trend is clear, at least
according to scientists like Waldbusser,
Miller, and Feely. The change in atmos-
pheric CO2 is permanent — it will be
with us for hundreds or thousands of
years — and it is all in one direction. 

And it’s that long-term, one-way
direction that may pose a future threat to
the Chesapeake Bay. “What we’re most
concerned about is a baseline shift of the
whole system,” Miller says. “You can
imagine if we increase the CO2 just a bit

more, what happens is you will still have
variability, but you’ll shift that variability
to a different place on the pH scale. And
it may not take a tremendous amount
before many parts of the cycle of varia-
tion are outside the tolerance level of the
organisms. If we have a shift in the base-
line, that could mean bad news for lots
and lots of organisms, no matter how
adaptable they are.” 

The idea is worth dwelling on. You
can think of the Chesapeake’s normal
cycles as rising and falling within certain
limits, as if they were inside a picture
frame. Aquatic life has adapted to live
within those boundaries, but survival
rates fall off near the edges. If you move
the whole picture frame incrementally —
as atmospheric CO2 rises, for example —
survival chances diminish. The Miller-
Arnold experiments are moving that
frame, simulating acidification that is an
evolving threat to the already sorely chal-
lenged, unstable health of the Bay. 

Because their projects simulated CO2

in the years 2050 and 2100, they may
give the illusion that we have plenty of
time to figure things out and ease the
threat. The changes, though, are incre-
mental — they won’t arrive all at once, a
few decades out. “Fifty to 100 years is not
a very relaxed schedule, actually, given the
magnitude of the problem,” Miller says.

“We’re fighting against a time clock
here.” 

The fight, however, has to focus first
on the immediate, and crucial, job of
throttling back on land-based pollution
threats, especially farm runoff and
sewage flows (see “Should We Regulate
Acidity in the Bay?” p. 15). For now,
these nutrients generate more CO2 in
estuaries like the Chesapeake than
atmospheric CO2 does. According to
Wald busser and Miller and other
scientist s who study acidification in the
Chesa peake, these nutrients are the
strongest factors that may move the
baseline, tipping  acidification levels
beyond the tolerances of life in the Bay. 

“We’ve altered coastal ecosystems in
ways that have affected that carbonate
chemistry and already pushed the system
to levels that are predicted for [the open
ocean] a hundred years from now, or
even further into the future,” adds
Waldbusser. “I think we’re worse off than
the open ocean.” 

Stephen P. Nash teaches journalism at the
University of Richmond and has written for
Bioscience, The New York Times, The
New Republic, The Scientist and The
Washington Post. His most recent book is
Millipedes and Moon Tigers: Science and
Policy in an Age of Extinction. 

How would small oysters like these (above)
grow in more acidic waters? Researchers
Whitman Miller (far right) and Tom Arnold
(right) wanted to pump CO2 from tanks into
a patch of the Severn River to see whether
small oysters and widgeon grass would grow
well in an acidifying river. PHOTOGRAPHS BY

STEPHEN P. NASH.





Mike Congrove was
cruising through a
pretty good season for

spawning oysters when the water
in the Piankatank River began to
change. He runs a commercial
hatchery down on Gwynn Island
where this Virginia river meets
the Chesapeake Bay. There he
takes in water from the river and
the Bay, coaxes males and females
to spawn, and sells their offspring
to a growing number of oyster
farmers and gardeners in Virginia.

About the middle of June
2011, his good season hit a big
slowdown. At his hatchery, Oyster
Seed Holdings LLC, new oyster
larvae began dying in large num-
bers. Larval production dropped
from 100 million larvae a week
down to 10 million. “We were
spawning the same amount of
oysters, fertilizing the same num-
ber of eggs,” he said, “but we were get-
ting extremely low survival rates.” 

A slim, bearded, and blonde-haired
young man, Congrove has worked in the
seafood business long enough to know
this kind of sudden slowdown could have
multiple causes. In this dieoff, however,
one major change drew his attention: he
was seeing river water with lower levels
of pH, a traditional measure of the bal-
ance between acidity and alkalinity. The
Piankatank and the Chesapeake — at
least for a while — had become more
acidic.

The Piankatank incident raised a red
flag with Congrove — and with opera-
tors at half a dozen other Virginia hatch-

eries who also were seeing a lot of dying
and deformed larvae. Their problems
here in the Chesapeake sounded a lot
like the dieoffs of oyster larvae that
struck two Pacific Coast hatcheries back
in 2008 and 2009. Researchers and
hatchery experts eventually concluded
that upwellings from deep in the Pacific
had brought acidic water up into the
intake pipes for these hatcheries. One
result of the acidic influx was a series of
oyster dieoffs at Taylor Shellfish Farms in
Washington state and at Whiskey Creek
Hatchery in Oregon. A second result was
a crisis for the entire West Coast oyster
industry.

Those two large hatcheries produced

much of the oyster seed used by
growers from Canada down to
Mexico. Oysters seemed to be
dying because acidity levels in the
ocean were rising. 

The West Coast crisis, according
to a number of scientists, was
another dramatic sign of a disturb-
ing global change. The world’s
oceans are becoming more acidic
as levels of carbon dioxide (CO2)
are rising in the earth’s atmos-
phere. The oceans are a great car-
bon sink absorbing much of the
CO2 that industries and automo-
biles send into the atmosphere
when they burn fossil fuels like
coal and oil. All that extra CO2

alters the chemistry of seawater,
eventually lowering the levels of
calcium carbonate, a key ingredi-
ent for many ocean dwellers that
use calcium to build skeletons or
shells. Around the globe, the poster
child for ocean acidification is the

coral reef. In the Chesapeake Bay and
other coastal waters, it may be the oyster. 

For hatchery operators in the
Chesapeake, the West Coast crisis comes
at a time when oyster farming in the Bay
seems to be entering a growth phase after
decades of decline. In Virginia, the sale of
farmed oysters has increased nearly ten-
fold since 2004, and growers in 2010
planted three times more seed oysters
than ever before. And in Maryland, the
state is hoping to imitate the Virginia
boom by opening up more areas of Bay
bottom for leasing by would-be oyster
farmers. 

Is rising acidity also a risk for oyster
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SHELL GAME

Michael W. Fincham

Finding Answers for Acid Waters

Mike Congrove checks oysters (opposite page) spawned and
raised by Oyster Seed Holdings, LLC at its Gwynn Island hatchery
down on Virginia’s Piankatank River. Hatcheries like this are
supplying  larvae (above) and disease-resistant oyster seed to a
growing number of oyster farmers in Virginia. After episodes of
acidic water led to dieoffs of early-stage larvae, hatchery owners
began adapting new monitoring techniques and workarounds to
keep turning out new oysters for a growing industry. PHOTOGRAPHS:

TOM CHILLEMI (OPPOSITE PAGE) AND DONALD MERITT (ABOVE).



hatcheries and farms here in the Chesa -
peake? It’s a question with no easy
answer. An estuary, of course, is not an
ocean. The Chesapeake is shallower and
less salty than coastal waters along the
Pacific, so hatchery operators and farmers
here are not exposed to upwellings of
acidic waters from the bottom of the
ocean. That combination of shallows and
lower salinities, however, actually makes
the Bay more vulnerable, at least in the-
ory, to rising acidity and declining pH.
“At low salinity, the water is less
buffered,” says Whitman Miller, a
researcher at the Smithsonian Environ -
men tal Research Center. “So that means
any molecule of CO2 has a much bigger
effect on a lower-buffered system.”

Miller is one of several researchers
who’ve run laboratory studies looking at
how rising acidity could affect oysters in
the Chesapeake. When he spawned
groups of oysters under differing acidities,
he did, in fact, find that larvae fared
poorly under high acidities. “The larvae
grew slower, and they calcified less at

high CO2,” he says. It was not, he cau-
tions, a real-world test. In the lab he sub-
jected larvae to CO2 levels well above
those currently found in the Bay, reach-
ing heights projected for 50 and 100
years from now. And his oyster larvae, he
points out, were living under steady-state
exposures while larvae in Bay waters
would experience fluctuating CO2 levels.
Despite these caveats, Miller thinks the
risk from rising acidity is real. “The
answer is yes,” he says. “There is a poten-
tial effect.”

Acidic water, he found, seems to have
its greatest effect on early-stage larvae, a
finding that matches the experience of
hatchery operators on both the East and
West Coasts. After males and females
spawn, fertilization of new oysters occurs
in the water, creating larvae that begin to
float and feed. At his hatchery down on
the Piankatank River, Mike Congrove
has seen new larvae begin to struggle
almost immediately as they try to form
their first shell and digestive tracts. “It’s
probably in the first 48 hours or so that

these animals are being compromised,” he
says, “so they don’t make it past the first
week or so of life.” 

Those early larval failures in Chesa -
peake hatcheries are similar to what had
happened on the West Coast, according
to Alan Barton, the man who was hired
to find out what was killing oysters at the
Whiskey Creek hatchery in Oregon.
“The larvae are dead on day one,” he
says, “but they don’t die until 10 days
later.” 

What Barton discovered has led
hatchery operators to change their think-
ing about the water they let into their
tanks. When he went to work at Whiskey
Creek, he instinctively focused first on
bacteria, specifically a bacterium called
Vibrio tubiashi that was known to kill lar-
vae. After engineering a system to filter
the bacterium out of the water, he dis-
covered that the larvae kept dying. “We
always looked at diseases and bacteria as
the culprits killing larvae, and they are,”
says Barton. “But it turns out those prob-
lems get a leg up because of carbon
chemistry problems .” 

The key to the mystery, he decided,
was the correlation between dieoffs of
larvae and surges of acidic water. When
winds blowing from the north push sur-
face waters out to sea, cold water wells
up from the deep carrying little or no
oxygen, a lot of nutrients, and a lot of
dissolved CO2 gases. Not only does this
acidic water kill off larvae, it helps sup-
port bacteria that also kill larvae. Before
these episodes, says Barton, most hatchery
operators had not been paying much
attention to carbonate chemistry.

Not only are they paying attention
now, they are busily looking for
workarounds that could keep hatcheries
profitable. The first step — monitoring
the water coming into the hatchery —
seems obvious, but it proved neither easy
nor inexpensive. West Coast hatcheries
joined together to seek federal grants to
install instruments and establish protocols
for measuring pH, temperature, salinity,
and dissolved oxygen. 

Their early monitoring efforts led to
their first workaround. CO2 levels, they
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The oyster crash that hit
Pacific Coast hatcheries in
2008 drove home the need for
close monitoring of coastal and
estuarine waters. Federal agencies
began adding carbon and pH sen-
sors to open ocean and coastal
moorings already in place. Inter -
national Ocean Observing System
(IOOS) partners in the Northwest
Association of Net worked Ocean
Observing Systems (NANOOS)
deployed this buoy in 2010 as part
of a three-piece observing array to
assess issues in the Pacific
Northwest, including ocean acidi-
fication, hypoxia, harmful algal
blooms, and climate change. The
coastal buoy aids computer models
that predict ocean and atmos-
pheric conditions. Known as “Chá
bă,”the buoy is named for the
Native American word (pro-
nounced “chay buh”) for “whale
tail.” Data from these buoys can
now alert hatchery operators to
oncoming acidic upwell ings in
time to adjust their water intake
schedules. Work arounds like this
have helped hatcheries increase
their production again. PHOTOGRAPH

COURTESY OF JOHN PAYNE, PACIFIC OCEAN

SHELF TRACKING PROJECT.



found, were lowest late in the afternoon,
after photosynthesis had spent the day
turning CO2 and sunlight and water into
plant material and oxygen. Photo syn -
thesis, of course, shuts down during
nighttime, but phytoplankton and
seagrasses  don’t turn off their natural res-
piration. The metabolism that keeps them
alive continues around the clock, creating
CO2 as waste and releasing it into the
water column during all the dark hours.
As a result, levels of CO2 are always high-
est at the start of the day. Hatchery oper-
ators now time their water intakes for
later in the day.

A second workaround came from
weather buoys moored in coastal waters
by the U.S. Integrated Ocean Observing
System (IOOS), a program led by the
National Oceanic and Atmospheric
Administration (NOAA). By tracking
wind shifts that unleash upwellings, the
buoys give early warning alerts to shut
down intake pipes. At Taylor’s Shellfish
Farms, located along inlets off Puget
Sound, operators found relief by raising
their intake pipes out of deep waters and
positioning them near the surface. In
2009, NOAA also began adding carbon
and pH sensors to many of its monitor-
ing buoys in coastal waters.

Another solution that helped: adding
sodium carbonate and bicarbonate when
hatchery waters got too acidic or too
alkaline. It’s the same ploy the rest of us
try when we get an acid stomach: we
pop Alka Seltzer to lower the acidity, but
its greatest effect is to raise the alkalinity.
The chemistry in hatcheries may get a
little more complicated than in our stom-
achs, but the principle seems to be work-
ing. “We’re probably still in business
because of that,” says Barton. 

Thanks to a combination of research
and practical workarounds, West Coast
hatcheries have been able to increase
their annual production of oyster larvae
in recent years.

Those solutions may not be as helpful
along the East Coast, where hatcheries in
the Chesapeake face a different kind of
acid test. The Chesapeake is not the
Pacific. Upwellings from the ocean and

deposition from the atmosphere are not
the major sources of CO2 in the Bay.
According to Whitman Miller, “The issue
is really how much stuff is coming off the
land.”

The ongoing overenrichment of the
Chesapeake is a well-publicized problem
— but it has a little-noted effect.
Nutrients running off the land include
decaying detritus, animal waste, fertilizer,
and sewage, all of which help create
blooms of phytoplankton and zooplank-
ton. When these floating plants and ani-
mals die, the process of their decomposi-
tion lowers oxygen levels, creating well-
documented dead zones in the Bay every
summer. The surprise kicker: all that
decay also recycles CO2 back into the
water. And, in the shallows of rivers and
creeks, all that CO2 could slow shell
growth for young oysters.

Estuarine acidification, it turns out, is
quite different from ocean acidification,
according to Miller. With acidification in
the ocean, the chemistry is driving the
biology, but it’s the exact opposite with
acidification in estuaries. “If you come
into the coastal systems,” he says, “it is the
biology that is driving the chemistry.” 

Miller saw dramatic evidence of how
biology drives CO2 chemistry when he
grew test oysters in the Rhode River. He
placed one batch next to a dock and
another batch next to a nearby salt
marsh. Most salt marshes are traps that
become biological decay zones for plant
material washing off the land, and Miller
discovered that CO2 levels coming out of
the salt marsh biology were often 10
times higher than levels at the dock. His
test oysters grew well near the dock —
but not near the marsh. “The ones near
the marsh are sort of devastated,” says
Miller. “Lots of them die. They barely
grow at all, even after months and
months and months.”

There’s obviously a lesson there for
Chesapeake oyster farming and restora-
tion. “If I were going to site an oyster
restoration,” says Miller, “it would not be
right at a [marsh] location.” Oyster grow-
ers are already advised not to plan in
river areas with high fecal counts. Now
they need to avoid low pH levels before
planting seed oysters, paying close atten-
tion to fringe habitats like sewage outfalls
and tidal marshes. Some places in the Bay
are better to grow oysters than others.  
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Researcher Whitman Miller on how biology drives CO2 cycles: “In the open ocean, if some-
thing dies, it sinks down to the abyss, and that carbon is lost from the surface waters for hundreds
of thousands of years. If something dies in the water column in the Chesapeake, it falls a few
meters to the bottom, rots, CO2 comes off, and it’s back in the water column.” PHOTOGRAPH BY MICHAEL

W. FINCHAM.



Some lessons from the West
Coast crisis are helpful, some are
not. On the Piankatank River,
Congrove is already shutting down
his intakes when CO2 levels are
high and adding sodium carbonate
to his hatchery water when pH
levels are low. A West Coast solu-
tion like early warning buoys is less
relevant in the enclosed waters of
the Bay. What’s needed here,
according to Miller, are close read-
ings of water chemistry on smaller,
regional scales like the rivers,
creeks, and coves where hatcheries
or farms might be located. 

The search for that kind of
Bay-area solution is already under-
way. This year a coalition of six
hatcheries in Virginia is beginning
an ambitious effort to monitor a
suite of water quality conditions
that could be at play in their larvae
dieoffs. With funding from the
Virginia Secretary for Natural
Resources and the Coastal Zone
Management Program, hatchery opera-
tors will be able to work with more
sophisticated gear, train their staff, send
samples out for laboratory analysis, and
follow a consistent testing protocol at
each hatchery. 

Costs could run up to $30,000 per
hatchery, according to Congrove. That’s a
hefty outlay, he says, for hatcheries that
are “capital limited,” but the payoff could
be survival and expansion of the growing
oyster industry in the state.

The chemistry of acidic water will
not be the only focus for the monitoring.
“We’re looking at a number of things
we’ve never looked at in the past,” says
Dave Kuhn, a researcher at Virginia Tech
who will be analyzing data collected
from all the hatcheries. In addition to
carbonate chemistry like pH and alkalin-
ity, the tests will cover parameters that
include algae toxins, pesticides, minerals
such as silicates, and nutrients such as
ammonia, nitrates, nitrites, phosphorus,
and total organic carbon. They will also
look for vibrio and other disease-causing
microorganisms. 

Not every operator, at the moment, is
convinced that acidic water is the killer at
fault in the Chesapeake. “It’s something
that’s on people’s radar,” says Kevin
McClarren, who manages the Choptank
Oyster Company in Cambridge,
Maryland. “But pH is not something we
really look at in oyster culture.” His skep-
ticism is rooted in a familiar experience:
oyster spawning can be notoriously vari-
able and the causes for larval dieoffs can
be maddeningly mysterious. “There are
so many things that are going to do in
your larvae. But whether it’s one problem
or another, we can never figure out,” says
McClarren. “Once the larvae are dead,
the larvae are dead. It’s a guessing game
after that.”

A game changer may yet come out of
the new monitoring, a finding that could
cut down most of the guessing about die-
offs of oyster larvae. Perhaps some clear
correlations will leap out of all that data.
Which factors correlate with growth?
Which with dieoffs? Mike Congrove has
also noticed high ammonia levels in his
hatchery water during larvae dieoffs at his
Piankatank River hatchery. If larvae are

dying at different hatcheries with similar
readings — whether it’s high levels of
acidity or ammonia or some other
parameter — then scientists and hatchery
operators can start to zero in on the oys-
ter killers. 

And they can try more precise solu-
tions, whether it’s better filtration to keep
out disease vibrios or some new kind of
oyster Alka Seltzer to rebalance the acid-
ity of their hatchery waters. “The real
purpose of all this monitoring is the
practical application,” says Congrove.
“How can we change the parameters that
seem to be problematic?”

Perhaps that’s the silver lining in the
West Coast crisis. Now that hatchery
operators on both coasts have started pay-
ing close attention to acidification, car-
bonate chemistry, and dozens of other
factors, they may start finding answers to
some old mysteries about what was
killing off their baby oysters. And they
may find some workarounds to keep
their oysters alive and their industry
growing.

— fincham@mdsg.umd.edu
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A skeptic at work. Like most hatchery operators, Kevin McClarren has seen mysterious dieoffs of newly
spawned oyster larvae, but he’s unconvinced acidity is at fault. As manager of the Choptank Oyster
Company, he runs one of the most successful oyster farms in Maryland and the only privately funded oyster
hatchery in the state. “I don’t know that anybody who’s had a bad season could say it’s because of acidity,”
he says. “I don’t know.” He’s also skeptical about predictions of rising acidity. “People are guessing what the
pH is going to be in 30 years.” PHOTOGRAPH BY MICHAEL W. FINCHAM.



In the Chesapeake Bay and the open
ocean, waters with rising acidity are
poison for some species and tonic for

others. 
Those discoveries came from recent

laboratory studies about how Bay species
are affected by water with different levels
of pH, the laboratory scale that describes
acidity. (Lower pH readings correspond
to higher acidity.) That’s important
because of predictions that the Bay and
the open ocean will slowly become more
acidic in coming decades. Water in parts
of the Bay is already naturally more
acidic than in the open ocean. 

This water threatens to degrade the
shells and skeletons of marine organisms.
As pH in seawater falls, so does the level
of a form of carbon (called carbonate)
that the creatures need for building those
structures. Their shells could grow smaller
or even dissolve, making them more vul-
nerable to predators and threatening their
survival. 

The laboratory findings suggest, how-
ever, that decreases in pH may have quite
different effects on different species —

and not always bad ones.
The disparity is high-

lighted by
two

of the Bay’s most
iconic and commercially
important species, the Eastern oyster
and the Atlantic blue crab. Water with
higher acid does appear harmful to oys-
ters’ shells. The findings for blue crabs
were different — and unexpected. 

Justin Ries, a scientist at the University
of North Carolina at Chapel Hill, studied
the effects of acidified water on those two
species as well as 16 other shell-builders,
including clams. The researchers wanted
to know how those organisms would be
affected by carbon dioxide (CO2) that is
building up in the atmosphere. The car-
bon dioxide in the sky can dissolve in the
sea, which tends to lower its pH (see box
on pH, p. 6.) 

Ries and his team grew the marine
creatures in a bank of aquarium tanks
similar to those in pet stores but outfitted
to bubble carbon dioxide into the water.
The pH in some tanks corresponded to
today’s level of carbon dioxide. The pH in
other tanks reflected levels of CO2 two
and three times higher than amounts
before the Industrial Revolution; those
levels are projected to occur by the year
2100 if carbon dioxide in the atmosphere
continues to increase at the rate seen in
recent decades. Another set of tanks held a
still bigger dose of CO2, representing 10
times the pre-industrial level, predicted to
occur within the next millennium. 

Acidity at the Bay’s Bottom 

Ries says it was relevant to study water
with CO2 levels that high because they’re

not
only
part of a
future scenario:
they can be found
today in sediments in the
deepest reaches of the
Chesapeake Bay, where
blue crabs hibernate for the
winter. Water at the Bay’s
bottom can have a lower pH
than at the surface because the
Bay is an estuary with a steady
inflow of nutrients from streams
and rivers. The nutrients feed algae that
bloom in the summer and eventually sink
to the Bay’s bottom, where they decom-
pose. The process of decomposition cre-
ates more carbon dioxide, a waste product
of metabolism, and raises acidity. 

Ries’s interest in what is going on in
the Chesapeake sediments is more than
purely academic. He grew up in
Baltimore and spent summers at his
grandfather’s marina on Gunpowder Cove
and at a summer home on Harris Creek
in Maryland. In fact, he obtained the blue
crabs he used in the study from the
breeders at the Institute of Marine and
Environmental Technology (part of the
University of Maryland Center for Envi -
ronmental Science) in Baltimore Harbor.  
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His laboratory experiments included a
seemingly surprising result: the lower the
pH in the tanks, the heavier and larger
were the crabs’ shells. Higher acidity
seemed to help blue crabs grow bigger.
“Honestly I did not expect it,” he says. 

Ries chalks this up to the blue crab’s
body type. Its outer shell or exoskeleton is
covered by a substance, called chitin, that
protects it from the corrosive effects of
surrounding water. What’s more, crabs
appear able to regulate the pH of fluid
inside that covering, keeping the level
higher (or less acidic) than the surround-
ing water. That’s important because organ-
isms like crabs build their shells from cal-
cium and a form of carbon called carbon-
ate. The pH level affects the amount of
carbonate available for the crab to incor-
porate into its shell: a higher pH leads to
more carbonate, and a lower pH results in
less. So when crabs control their internal
pH, they can generate more raw material
for shell building. 

The blue crab probably evolved that
capacity because it molts, Ries explains.
Its survival depends on building and
solidifying a new shell within days after it
sheds its old one. So blue crabs needed a
physiology that could maximize the
amount of carbonate available to build
their shells. That same mechanism can
probably help blue crabs grow larger
shells when carbon dioxide levels are
higher than today’s, Ries says. The effect
is similar to what we see in modern
humans, who grow taller on average than
people who lived during the Middle Ages
because today we enjoy diets richer in
protein and calcium. 

“We think that the crabs have evolved
a sophisticated mechanism, not necessarily
to prevent the effects of acidification, but
just to go about their normal molting
process,” Ries says. “The carryover effect
is that it makes them more resilient to
acidification.” 

Different Oysters, Different
Effects 

Other Bay species tested by Ries and his
colleagues included hard- and soft-shell
clams, and he found that their shells actu-

ally dissolved at the highest levels of car-
bon dioxide. That’s an effect of acidifica-
tion that doesn’t offer good news for the
blue crab, because clams are among its
prey. It’s an example of why scientists say
that the effects of acidification have to be
studied holistically within ecosystems, not
just species by species. 

When Ries tested Eastern oysters
(Crassostrea virginica) from Cape Cod, he
found effects that were less severe than in

clams but still significant: the rate of
growth in its shell steadily declined as the
water’s pH fell. Other researchers study-
ing the Eastern oyster have found similar
effects (see “Shell Game,” p. 8.) 

At least one species of oyster, it turns
out, can survive in higher acidity waters.
When Whitman Miller ran laboratory
experiments at the Smithsonian
Environ mental Research Center, he
found that the Asian oyster (Crassostrea
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Elevated levels of carbon dioxide and acidity affected the shells of marine animals in a study
by Justin Ries of the University of North Carolina (above, with tanks used in his study). High
levels  of acidity hurt growth in Eastern oysters but helped it in Atlantic blue crabs. Surprisingly,
crabs grown experimentally (bottom) at the highest levels of carbon dioxide (10 times pre-indus-
trial levels, right) developed larger shells than those grown at today's levels (left.) The scale is in
centimeters after 60 days of growth. PHOTOGRAPHS COURTESY OF JUSTIN RIES.



L evels of acidity may be
rising in parts of the
Chesapeake Bay, and

as a result, oyster larvae may
be dying and oyster shells
may be thinning. According
to state and federal regula-
tors, there isn’t yet enough
proof to say the Bay is suf-
fering from acid indigestion
or to prescribe an antacid.
One environmental advo-
cacy group, however, has
been working the regulatory
umpires to persuade them
otherwise. 

A byproduct of carbon
dioxide inputs from the land
and the air, acid levels can
fluctuate wildly in an estuary
like the Bay, presenting a
challenge for anyone seeking
to measure or control them.
Levels of pH, the numerical
scale for acidity, can vary
hugely over months and even
hours, much more than in
the open ocean. In the Bay,
measurements in a single year
at a single location can vary
from 6.5 (more acidic) to 8.5
(less acidic) on the pH scale (see box
on pH, p. 6.) That’s a difference of more
than one hundred times. Ebbs and flows
of fresh water from rivers contribute to
this unevenness; so do tides that stir the
water. 

The federal government acknowl-
edged the natural variability of pH in
estuaries when it wrote an allowable
range for acidity in salt water under
the Clean Water Act back in the
1980s: the range is between 6.5 and

8.5 in pH. Maryland adopted the same
range. 

So far, the Maryland Department of
the Environment, which has lead respon-
sibility for enforcing the act in Maryland,
has not seen evidence that the Bay’s acid-
ity has transgressed those boundaries, says
the agency’s Matt Stover. The data don’t
indicate that the water is growing more
acidic. “At this point, it doesn’t seem like
the localized data are conclusive enough
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in the Bay? If So, How?

Jeffrey Brainard

ariakensis) showed no loss of shell when
exposed to higher acidity levels.
Scientists think that the Asian oyster,
native to the rivers of China, is better
adapted to low pH waters because it
evolved under more acidic conditions. 

Oysters’ bodies and shells are different
from crabs’ in several important respects.
Oysters have a protective covering (called
the periostracum), but it doesn’t com-
pletely cover their shells. And unlike
crabs, they don’t molt. An oyster builds
its shell continuously. 

Other researchers have looked
beyond shellfish to study other species
that dwell in coastal waters. A study of
moon jellyfish by researchers at Western
Washington University showed they
reproduced just fine in highly acidified
water. And although underwater grasses
might be expected to fare well in water
rich with carbon dioxide, which they
photosynthesize, they instead appear to
sustain damage under some circum-
stancess (see “An Acidifying Estuary?”
p. 2.) 

A big caveat to these laboratory stud-
ies, acknowledged by Ries and other
researchers, is that they may not accu-
rately predict what would happen to
those same creatures in the natural envi-
ronment of the Bay. Ries gave the oysters
a constant dose of low pH for two
months, something they would not expe-
rience in nature, where pH levels fluctu-
ate. In the Bay, the creatures may be able
to compensate and build their shells
despite these unfavorable conditions —
although at a cost in energy that could
reduce their survival, scientists say. 

Still, these studies are significant
because some earlier reports about acidi-
fying water have implied that lower pH
puts all shell-building organisms at risk.
Ries and other scientists have offered a
more nuanced picture, one that high-
lights the importance of differences in
adaptations among different species. The
impact on marine life of higher atmos-
pheric carbon dioxide, Ries wrote, “is
more varied than previously thought.” 

— brainard@mdsg.umd.edu
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to show that there’s an immediate effect
on shellfish” from acidity levels, he says. 

That conclusion doesn’t satisfy
Miyoko Sakashita, ocean director at the
Center for Biological Diversity, an envi-
ronmental advocacy group. The organiza-
tion, based in Tucson, Arizona, has been
pushing Maryland, Virginia, and other
states to declare their coastal waters to be
in violation of the law, so far without suc-
cess. Sakashita argues that Maryland has
grounds to declare portions of the Bay as
“impaired” because new research, based
on laboratory tests, indicates that current
pH levels threaten to damage oysters (see
“Shell Game,” p. 8.) The oysters are “the
elephant in the corner,” Sakashita says. 

The U.S. Environmental Protection
Agency, which oversees how the states
enforce the Clean Water Act, weighed in
on the issue in 2010, encouraging the
states to pay attention to acidification in
their coastal waters. (The EPA made the
statement to settle a lawsuit filed against it
by Sakashita’s organization.) States should
declare waters as impaired by acidity
“where data and assessment methods are
available,” said the agency, while recogniz-
ing “that information is absent or limited
for [acidification] parameters and impacts
at this point in time in many states.” The
EPA encouraged states to focus on pro-
tecting vulnerable ecosystems, including
those where shellfish live. 

If acidified water indeed threatens the
Bay’s ecology, communities in the
Chesapeake watershed are already plan-
ning measures that could ease the risk, by
controlling the excess nutrients that con-
tribute to acidified water. According to
Sakashita, it’s not clear that Maryland
would need to do more to control acidity
beyond the steps it has already promised
to control nutrient threats to the Bay’s
water quality. Those steps include a
reduction of about 25 percent each in
nitrogen and phosphorus by 2025. Excess
levels of these nutrients feed algal blooms
that kill fish and contribute to rising
acidity. The EPA has directed Maryland
and other states in the Chesapeake water-
shed to improve stormwater systems and
expand vegetative buffer areas that can
filter out those nutrients before they
reach the Bay. 

While those efforts might help control
acidity in the Bay, Sakashita and many sci-
entists believe the controls on nutrients
must be complemented by new national
and global measures to curtail carbon
dioxide emissions into the atmosphere.
Those gases can dissolve in waters of both
the Bay and the open ocean. The EPA
won the legal authority to regulate CO2

emissions under the federal Clean Air Act
and began doing so in 2011. Legal chal-
lenges to that authority, however, are still
underway. 

— brainard@mdsg.umd.edu
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Abstract. Due to atmospheric accumulation of anthro-
pogenic CO2 the partial pressure of carbon dioxide (pCO2)
in surface seawater increases and the pH decreases. This pro-
cess known as ocean acidification might have severe effects
on marine organisms and ecosystems. The present study ad-
dresses the effect of ocean acidification on early developmen-
tal stages, the most sensitive stages in life history, of the At-
lantic herring (Clupea harengusL.). Eggs of the Atlantic
herring were fertilized and incubated in artificially acidified
seawater (pCO2 1260, 1859, 2626, 2903, 4635 µatm) and a
control treatment (pCO2 480 µatm) until the main hatch of
herring larvae occurred. The development of the embryos
was monitored daily and newly hatched larvae were sampled
to analyze their morphometrics, and their condition by mea-
suring the RNA/DNA ratios. ElevatedpCO2 neither affected
the embryogenesis nor the hatch rate. Furthermore the re-
sults showed no linear relationship betweenpCO2 and to-
tal length, dry weight, yolk sac area and otolith area of the
newly hatched larvae. ForpCO2 and RNA/DNA ratio, how-
ever, a significant negative linear relationship was found. The
RNA concentration at hatching was reduced at higherpCO2
levels, which could lead to a decreased protein biosynthesis.
The results indicate that an increasedpCO2 can affect the
metabolism of herring embryos negatively. Accordingly, fur-
ther somatic growth of the larvae could be reduced. This can
have consequences for the larval fish, since smaller and slow
growing individuals have a lower survival potential due to
lower feeding success and increased predation mortality. The
regulatory mechanisms necessary to compensate for effects
of hypercapnia could therefore lead to lower larval survival.

Correspondence to:C. Clemmesen
(cclemmesen@ifm-geomar.de)

Since the recruitment of fish seems to be determined during
the early life stages, future research on the factors influenc-
ing these stages are of great importance in fisheries science.

1 Introduction

The atmospheric CO2 concentration is constantly increas-
ing primarily due to human activities causing an acidifica-
tion of the ocean (Feely et al., 2004). While the CO2 con-
centration ranged between 180 and 300 ppm over the last
650 000 years (Siegenthaler et al., 2005), the recent global
mean is∼390 ppm (Conway and Tans, 2011). A further rise
up to∼790 ppm until the end of the century is predicted; as
a result the seawater carbonate chemistry is changing and the
present mean surface pHT of ∼8.1 is expected to decrease by
∼0.3 units (Gattuso and Hansson, 2011; Orr, 2011). How-
ever, there are naturally CO2 enriched habitats such as up-
welling regions (Feely et al., 2008). In the Baltic Sea acidifi-
cation of coastal surface waters occurs as a result of its strong
seasonal stratification, which is causing hypoxia in deeper
water layers and subsequent upwelling of CO2-enriched wa-
ters (Thomsen et al., 2010). In our study area, the Kiel Fjord,
thepCO2 is elevated for large parts of the year with peak val-
ues of>2300 µatm during late summer, which could increase
to >4000 µatm in the future according to simple model cal-
culations (Thomsen et al., 2010).

Studies reporting the potential impact of ocean acidifica-
tion on marine organism have focussed on calcifying organ-
isms (e.g., Langdon, 2002; Fabry, 2008). Furthermore, a va-
riety of physiological traits of non-calcifiers such as acid-
base regulation, metabolic rate and growth under elevated
CO2 concentrations have been analysed (Larsen et al., 1997;
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Michaelidis et al., 2007; Gutowska et al., 2010; Hu et al.,
2011) and reviewed (P̈ortner et al., 2004; Ishimatsu et al.,
2008; P̈ortner and Peck, 2010). By using meta-analytic
techniques it has been shown that the biological effects of
ocean acidification are negative yet variable amongst organ-
isms (e.g., Kroeker et al., 2010). It is hypothesised that the
response of marine organisms to acidified seawater does not
only vary between different groups of organisms, but also
at the species level generating ecological winners and losers
(Doney et al., 2009; Ries et al., 2009). Generally, organisms
with efficient acid-base regulatory mechanisms e.g. fish and
cephalopods are found to be less adversely affected. How-
ever, early life history stages even of the more tolerant taxa
are assumed to be most susceptible to ocean acidification
(Raven et al., 2005; Melzner et al., 2009). Considering that
they are generally known to be most affected by abiotic con-
ditions such as oxygen availability, temperature and salinity
(Blaxter, 1956; Rosenthal and Alderdice, 1976), particular
importance should be given to the potential effect of acidi-
fied seawater on their development. Most studies on the in-
fluence of ocean acidification on early life stages have been
conducted on invertebrates such as molluscs, crustaceans and
echinoderms (e.g., Dupont et al., 2010) indicating that its im-
pact is highly variable amongst different species, even within
closely related taxa (Dupont and Thorndyke, 2009).

So far only very few studies on the effect of hypercap-
nia on early developmental stages of marine teleosts, using
pCO2 concentrations in the range of future predictions, have
been published (Checkley et al., 2009; Munday et al., 2009,
2011a, b). HigherpCO2 levels (up to 150 000 µatm) were
used by Kikkawa et al. (2003) to investigate the acute lethal
effect ofpCO2 on early life stages of marine fishes.

In this study we examined to what extent elevatedpCO2
concentrations affect the embryonic development and the
condition of newly hatched larvae of the Atlantic herring,
a teleost fish of major commercial importance in the Baltic
Sea. We tested whether acidified conditions influence the
embryogenesis and hatch rate as well as morphometrics,
otolith area and RNA/DNA ratio of newly hatched herring
larvae.

2 Materials and methods

2.1 Experimental setup and water chemistry

Adult Atlantic herring from a local spring-spawning stock
were caught in Kiel Fjord, one of the most important spawn-
ing grounds in the Western Baltic Sea, in April 2007. The
gametes of 3 females and 3 males with a total length of 28 cm
each were used to perform a laboratory experiment in filtered
(0.5 µm) and UV sterilized seawater from Kiel Fjord (salin-
ity 14.0) in a temperature constant room set at 12◦C with a
day/night cycle of 12/12 h.

We used 10 l gas-proof high-density polyethylene (HDPE)
containers firmly closed with lids as experimental units for
egg incubation. A centrifugal pump (1005 21-5 Eheim) was
attached to every container with one tube each plugged in
the aspiration port and the discharge port going through the
container lid ensuring a constant water circulation within the
sealed systems to avoid fungal infestation on the eggs. Tem-
perature, oxygen content and pHF (free scale) were measured
daily in each experimental unit (WTW Multi 350i with Sen-
Tix 21 electrode). The pH meter was calibrated by a three-
point calibration procedure with NBS buffer solutions of pH
4.01, 7.00 and 10.00 (WTW TEP Trace). The incubation
temperature (mean± standard deviation: 13.6± 0.4◦C) was
above the set room temperature due to the heat production of
the centrifugal pumps.

Before starting the experiment total dissolved inorganic
carbon (CT), total alkalinity (AT), temperature and salinity of
the stock seawater were determined.CT was measured pho-
tometrically in duplicate after Stoll et al. (2001) using a Bran
& L übbe Quattro Analyzer equipped with a XY-2 autosam-
pler. AT was measured in duplicate through potentiometric
titration after Dickson (1981) with a Metrohm Titrando 808.
To quantify the measurement accuracy ofCT andAT certi-
fied reference material (provided by A. G. Dickson, Scripps
Institution of Oceanography) was used.

We set up 6 different treatment levels (in 4 replicates) com-
posed of a control treatment (non-manipulated Baltic Sea
water) and 5 treatment levels with elevatedpCO2 concen-
trations. The different concentrations were adjusted by de-
creasingAT at constantCT through the addition of a strong
acid (1M HCl), according to the Guide to best practices for
ocean acidification research and data reporting (Gattuso et
al., 2010) one of the most useful techniques to manipulate
the seawater chemistry, despite the fact that it does not fully
mimic future changes in the carbonate system.

At the beginning, intermediate phase and end of the ex-
periment water samples forCT andAT measurements were
taken in each experimental unit and processed as described
above. Unfortunately, theCT water samples could not be
used due to problems during storage. Thus, the carbonate
system was calculated with the CO2SYS macro for low salin-
ities (modified by K̈ortzinger after Pierrot et al., 2006) using
the measuredAT and pHF values. The dissociation constants
K1 and K2 according to Roy et al. (1993) were used.

To reduce the chance of low quality gametes and to sim-
ulate natural variability, we incubated eggs from all 3 fe-
males in each experimental unit. 50 eggs of each female
were strip-spawned on a plastic plate (48 plates in total, each
9 cm× 2.5 cm). The eggs of every female were arranged in a
single row to ensure equal gas exchange and comparable en-
vironmental conditions. Fertilization was performed in water
of the respective treatment level adding a sperm mixture of 3
males. Subsequently, 2 plates each (plate 1 and plate 2) were
put in a holder at the bottom of every HDPE container. Fertil-
ization rates were determined 2 h later for every plate under a
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stereomicroscope (Leica MZ8). From the second day on eggs
of plate 1 were photographed daily with a Canon Digital Ixus
camera connected via C-mount to a stereomicroscope (Leica
MZ8) to monitor the embryonic development, to determine
the proportion of malformed eggs and the overall egg mor-
tality. Plate 2 was not taken out of the containers at any time
during the course of the experiment.

To reduce the drift from the originally setpCO2 levels due
to respiration of the eggs, 40 % of the water was exchanged
at day 6 in every experimental unit by using stock seawater
(non-manipulated and adjusted to the different CO2 concen-
trations, respectively) which was stored in completely filled
and sealed plastic containers at 12◦C since the beginning of
the experiment.

2.2 Analysis of eggs and larvae

After the main hatch occurred, yolk sac larvae were trans-
ferred into 1.5 ml Eppendorf safe-lock tubes with seawater
and frozen at−70◦C. Hatch rate was determined by counting
empty eggshells under a stereomicroscope (Leica MZ8). For
the following analysis, larvae were thawed and photographed
with a QImaging MicroPublisher 3.3 RTV camera connected
via C-mount to a stereomicroscope (Leica MZ95) in order
to measure the total length and the yolk sac area using the
program UTHSCSA Image Tool 3.0.

To determine the dry weight, larvae were rinsed in dis-
tilled water to avoid salt residues, put individually in 1.5 ml
Eppendorf safe-lock tubes and freeze-dried (Christ Alpha 1-
4 freeze-drier) for 16 h at−55◦C. They were subsequently
weighed to the nearest 0.1 µg (Sartorius microbalance SC2)
and either used for removal of otoliths or biochemical analy-
sis.

For otolith removal, larvae were put in a drop of distilled
water on a microscope slide. Right and left sagittae and
lapilli were dissected under a stereomicroscope (Leica MS5)
equipped with a polarizing filter using 2 fine dissecting nee-
dles and fixed with clear nail polish. Digital pictures of the
otoliths were taken at 1250x magnification using a micro-
scope (Leitz Laborlux S) equipped with a QImaging MicroP-
ublisher 3.3 RTV camera. Sagitta and lapillus areas were
measured with the image analysis software Image-Pro Plus
5.0.

Larvae were analysed for RNA and DNA concentrations
using a modification of the method of Clemmesen (1993) and
Belchier et al. (2004) as described in Malzahn et al. (2007).
For the determination of RNA/DNA ratios, nucleic acids
were quantified fluorometrically in a microtitre fluorescence
reader (Labsystems, Fluoroskan Ascent) using ethidium bro-
mide as a fluorophore. At first total nucleic acids were
measured and subsequently RNase (Serva, Ribonuclease A)
was applied. For RNA and DNA calibrations 16S and 23S
rRNA (Boehringer 206938) and Lambda DNA (Boehringer
745782), respectively, were used. RNA amounts were cal-
culated using the RNA standard calibration curves. DNA

amounts were calculated using the relationship between
RNA and DNA fluorescence described by Le Pecq and Pao-
letti (1966) resulting in a slope ratio of 2.2 (Caldarone et al.,
2006).

2.3 Statistical analysis

Since the experiment was set up to evaluate a broad range
of pCO2 levels, linear regression analysis was the statisti-
cal method of choice. Statistical analyses were performed
using the software Statistica 6.1 (StatSoft, Inc.). All data
were tested for normality using the Shapiro-Wilk test. Non-
normally distributed data were log-transformed and percent-
age data were arcsine transformed prior to linear regres-
sion analysis. Data were tested for homogeneity of vari-
ances using Levene’s test if a significant linear relationship
was found. The difference between right and left otolith ar-
eas (sagitta and lapillus, respectively) was analyzed using
a paired t-test after data were tested for normality and ho-
mogeneity of variances. Since no difference between right
and left otolith areas was observed, the data were combined
and the resulting mean values were used for linear regression
analysis. We also calculated effect sizes and 95 % confidence
intervals around effect sizes using the results from control
(pCO2 480 µatm) and highest treatment (pCO2 4635 µatm)
applying the methodology of Hedges and Olkin (1985). Re-
sults are reported as mean± standard deviation (SD).

3 Results

We incubated herring eggs at 6 meanpCO2 values of
480± 81, 1260± 218, 1859± 240, 2626± 197, 2903± 204
and 4635± 340 µatm (corresponding to pHF values between
8.08± 0.07 and 7.05± 0.03) until the main hatch occurred
(Table 1). The mean oxygen saturation was above 80 % in all
cases until the end of the experiment.

Fertilization was successful, resulting in rates between 86
and 90 % at all treatment levels. Neither the daily obser-
vation of the herring eggs nor the evaluation of the daily
taken digital photographs showed any difference or time de-
lay in the embryonic development between the 6 treatment
levels. The herring embryos showed the same stage of devel-
opment regarding blastoderm formation, epiboly, appearance
of eyes and myomeres, beginning of embryonic movement,
heart pulsation, eye pigmentation, appearance of otoliths and
main hatch at the respective time of monitoring.

There was neither a significant linear relationship between
the pCO2 level and the incidence of embryonic malforma-
tions such as deformation and irregular cleavage of blas-
tomeres (Fig. 1a;r2 = 0.02, P = 0.52), nor the mortality
rate during the embryonic development (Fig. 1b;r2 = 0.02,
P = 0.53).

There was no effect on the embryonic duration, since the
main hatch occurred during the night of day 8 at allpCO2
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Table 1. Seawater carbonate system speciation for the different treatment levels during the course of the experiment. Variables were
calculated using measured pHF, AT, salinity (14.0) and temperature (13.6± 0.4◦C) of the respective replicates at the beginning, in the
middle and at the end of the experiment. Values are means± SD.

Seawater measurements Calculations

Treatment pHF AT CT pCO2 CO2 HCO−

3 CO2−

3 �arag

(free scale) [µmol kg−1] [µmol kg−1] [µatm] [µmol kg−1] [µmol kg−1] [µmol kg−1]

1 (control) 8.08± 0.07 2070.2± 4.1 1989.9± 20.5 480± 81 21.5± 3.4 1887.8± 28.2 80.6± 11.2 1.27± 0.17
2 7.67± 0.07 1965.8± 4.7 1981.2± 15.4 1260± 218 55.7± 8.8 1894.1± 11.2 31.5± 4.3 0.49± 0.07
3 7.49± 0.05 1922.6± 5.1 1977.4± 14.9 1859± 240 81.6± 9.0 1874.9± 8.2 20.9± 1.9 0.33± 0.03
4 7.33± 0.03 1870.2± 4.1 1967.4± 7.6 2626± 197 115.4± 6.6 1837.9± 3.8 14.1± 0.7 0.22± 0.01
5 7.28± 0.03 1854.8± 3.1 1967.1± 8.0 2903± 204 128.5± 7.3 1826.2± 3.0 12.5± 0.6 0.20± 0.01
6 7.05± 0.03 1737.5± 4.9 1934.4± 16.6 4635± 340 206.0± 18.5 1721.5± 4.0 6.9± 0.7 0.11± 0.01

conditions.The hatch rate varied between 66 and 96 %, ex-
cept for one replicate of the highest treatment level having
a hatch rate of only 48 %. However, no significant linear
relationship betweenpCO2 level and hatch rate was found
(Fig. 2;r2 = 0.09,P = 0.17).

The elevatedpCO2 conditions neither affected the total
length ranging from 5.91 to 6.96 mm (Fig. 3a;r2 = 0.001,
P = 0.87), the dry weight ranging from 38.8 to 54.3 µg
(Fig. 3b; r2 = 0.07,P = 0.23), nor the yolk sac area rang-
ing from 0.38 to 0.60 mm2 (Fig. 3c;r2 = 0.03,P = 0.40) of
the newly hatched larvae.

The left and right otolith areas did not differ significantly
from each other (paired t-test for sagitta and lapillus, respec-
tively: P > 0.05). The mean sagitta area varied from 371 to
470 µm2 and the mean lapillus area from 314 to 419 µm2.
No significant linear relationship between thepCO2 level
and the otolith area was found (sagitta: Fig. 4a;r2 = 0.02,
P = 0.47; lapillus: Fig. 4b;r2 = 0.10,P = 0.13), but a slight
trend for greater lapillus area at higherpCO2 was observed.

In contrast to all the other examined parameters, the
RNA/DNA ratio, ranging from 2.5 to 3.8, was negatively
affected by acidification (Fig. 5a;r2 = 0.47, P < 0.01,
y = 3.42–0.00019× x). The relative RNA content (RNA/dry
weight) was lowered significantly (r2 = 0.31, P < 0.05,
y = 37.72–0.0019× x), while the relative DNA content
(DNA/dry weight) was not affected (r2 = 0.02,P = 0.62).
However, a significant correlation could no longer be de-
tected when excluding the highest treatment level from the
statistical analysis (Fig. 5b;r2 = 0.25,P = 0.10).

Calculated effect sizes and 95 % confidence inter-
vals around effect sizes for embryonic malformations,
mortality rate during embryogenesis, hatch rate, total
length, dry weight, yolk sac area, sagitta area, lapil-
lus area and RNA/DNA ratio based on differences of
control (pCO2 480 µatm) versus highest treatment (pCO2
4635 µatm) are presented in Fig. 6. These showed clear over-
lap with zero for all variables tested, except for the lapillus
area and the RNA/DNA ratio.

4 Discussion

4.1 Effects on early development

In this study we examined the effect of ocean acidification on
the embryogenesis and the condition of newly hatched lar-
vae of the Atlantic herring,Clupea harengus. We found no
significant effect of elevatedpCO2 on the occurence of em-
bryonic malformations, the mortality rate of eggs, the em-
bryonic duration, the hatch rate as well as the total length,
dry weight, yolk sac area and otolith area at hatching based
on linear regression analysis. The only parameters exhibit-
ing a significant linear relationship were the RNA content
and the RNA/DNA ratio, which decreased with increasing
pCO2. Since non-significant results can be inconclusive
(Fisher, 1935; Nakagawa and Foster, 2004), additional sta-
tistical support can be provided by 95 % confidence intervals
around statistical effect sizes (Nakagawa and Foster, 2004).
When calculating effect sizes and 95 % confidence intervals
around effect sizes for embryonic malformation, egg mortal-
ity rate, hatch rate, total length, dry weight, yolk sac area and
sagitta area at hatching a clear overlap with zero was found.
Therefore, we concluded that the egg stage ofC. harengus
is tolerant topCO2 levels up to 4635 µatm, exceeding future
predictions of∼4300 µatm for Kiel Fjord (Thomsen et al.,
2010). However, when using the effect size statistics a pos-
itive effect of ocean acidification on the lapillus area and a
negative effect on the RNA/DNA ratio were shown.

Our results agree with those of Munday et al. (2009) who
found no detectable effect on the embryonic duration, egg
survival, hatch rate and size at hatching of the coral reef
fish Amphiprion perculaat pCO2 levels up to 1030 µatm.
A. percula is a benthic spawner that lays clutches of eggs
on hard surfaces in coral reefs where water pH varies during
the day and sometimes reaches values below 8.0. Conse-
quently, the eggs might be adapted to variations in ambient
pCO2 levels (Munday et al., 2009). Herring spawns its ben-
thic eggs on plant substrate or hard substrate during spring,
whenpCO2 reaches its minimum value (385 µatm) in Kiel
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Figure 1. (A) Proportion of malformed eggs and (B) mortality rate during the embryonic development 

as a function of pCO2 (4 replicates per treatment level). Data points are percentages of malformed eggs 

and mortality rates, respectively, of incubation plate 1 of the respective replicate. The solid line shows 

the regression line, whereas the dashed lines represent the 95% confidence intervals. The r2 and P-

value were derived from log-transformed data.  
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Fig. 1. (A)Proportion of malformed eggs and(B) mortality rate dur-
ing the embryonic development as a function ofpCO2 (4 replicates
per treatment level). Data points are percentages of malformed eggs
and mortality rates, respectively, of incubation plate 1 of the respec-
tive replicate. The solid line shows the regression line, whereas the
dashed lines represent the 95 % confidence intervals. Ther2 and
P -value were derived from log-transformed data.

Fjord, however, thepCO2 of the surface water rises from
spring to late summer up to a value of 2300 µatm (Thomsen
et al., 2010). Thus, herring eggs and larvae develop under
risingpCO2 conditions in Kiel fjord.

Gutowska and Melzner (2009) showed thatpO2 in the
perivitelline fluid of cephalopod (Sepia officinalis) eggs de-
crease during their embryonic development, whilepCO2 in-
creases reaching values tenfold higher than in ambient sea-
water. Accordingly, pH of the perivitelline fluid decreased to
7.2. A decrease ofpO2 during the embryogenesis of shark
(Scyliorhinus canicula) eggs was observed by Diez and Dav-
enport (1987). Since the egg case serves as a diffusion bar-
rier, highpCO2 values in developing fish eggs are expected
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Figure 2. Hatch rate (%) of Atlantic herring eggs as a function of pCO2 (4 replicates per treatment 

level). Data points are percentages of hatched larvae of incubation plate 1 of the respective replicate. 

The solid line shows the regression line, whereas the dashed lines represent the 95% confidence 

intervals. The r2 and P-value were derived from arcsine transformed data.  
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Fig. 2. Hatch rate (%) of Atlantic herring eggs as a function of
pCO2 (4 replicates per treatment level). Data points are percentages
of hatched larvae of incubation plate 1 of the respective replicate.
The solid line shows the regression line, whereas the dashed lines
represent the 95 % confidence intervals. Ther2 andP -value were
derived from arcsine transformed data.

and powerful net proton excretion mechanisms should be
present already in early developmental stages to cope with
high perivitelline fluidpCO2 (Melzner et al., 2009). These
mechanisms could possibly explain the observed capability
of Atlantic herring eggs to cope with elevatedpCO2 condi-
tions.

Kikkawa et al. (2003) found the cleavage and juvenile
stages of four teleost species to be the most susceptible to
acute CO2 stress, the most tolerant stages being the embryo,
preflexion and flexion stages. The reason for the ontogenetic
changes in CO2 tolerance might be the development of ion-
regulatory chloride cells during the course of embryogenesis
(Ishimatsu et al., 2004). While cleavage stages have no ion-
regulatory chloride cells, they have been found in the yolk
sac membrane and body skin of embryos and larvae in vari-
ous teleost species (Shiraishi et al., 1997; Hiroi et al., 1998;
Katoh et al., 2000). Preliminary results from experiments in
our laboratory indicate that these chloride cells are also found
in herring embryos (Bodenstein and Clemmesen, 2011). The
gradual fall in CO2 tolerance from larval to juvenile stage
observed by Kikkawa et al. (2003) was also shown in At-
lantic cod (Gadus morhua) by Frommel et al. (2011) and may
result from the energy demanding transition from one acid-
base regulatory site (yolk sac) to the other (gill) (Melzner et
al., 2009).
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Figure 3. (A) Total length, (B) dry weight and (C) yolk sac area of newly hatched Atlantic herring 

larvae as a function of pCO2 (4 replicates per treatment level). Data points are mean values of 6 

individual larvae. The solid line shows the regression line, whereas the dashed lines represent the 95% 

confidence intervals. (A) The r2 and P-value were derived from log-transformed data.  
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Fig. 3. (A) Total length,(B) dry weight and(C) yolk sac area of
newly hatched Atlantic herring larvae as a function ofpCO2 (4
replicates per treatment level). Data points are mean values of 6
individual larvae. The solid line shows the regression line, whereas
the dashed lines represent the 95 % confidence intervals.(A) The
r2 andP -value were derived from log-transformed data.

4.2 Biochemical indicator – RNA/DNA ratio

Analyses of larval fish nucleic acid ratios provide a power-
ful tool to analyze and assess larval growth and condition
(Clemmesen, 1994; Pepin et al., 1999; Buckley et al., 2008).
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Figure 4. (A) Sagitta area and (B) lapillus area of Atlantic herring larvae at hatch as a function of 

pCO2 (4 replicates per treatment level). Data points are mean values of 3 individual larvae (6 otoliths). 

The solid line shows the regression line, whereas the dashed lines represent the 95% confidence 

intervals. 
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Fig. 4. (A) Sagitta area and(B) lapillus area of Atlantic herring lar-
vae at hatch as a function ofpCO2 (4 replicates per treatment level).
Data points are mean values of 3 individual larvae (6 otoliths). The
solid line shows the regression line, whereas the dashed lines repre-
sent the 95 % confidence intervals.

The applicability of the nucleic acid ratio is based on the fact
that DNA concentrations within individual cells remain fairly
constant while RNA concentrations increase as protein syn-
thesis increases (Buckley at al., 1999). The RNA/DNA ratio
is therefore used as an indicator of protein biosynthesis and
thus metabolic changes (e.g., Bulow, 1970; Buckley, 1984;
Bergeron, 1997). It has been shown to be dependent on the
nutritional condition and correlated to growth rate (Voss et
al., 2006; Huwer et al., 2011). Hence, the RNA/DNA ratio
allows to detect a change in the condition of fish larvae at the
biochemical level before it can be observed at higher levels
of biological organization (Sprague, 1971).

The RNA/DNA ratios of the newly hatched herring larvae
were negatively affected by the increasingpCO2 level. Since
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Figure 5. (A) RNA/DNA ratio of newly hatched Atlantic herring larvae across the entire pCO2 

gradient and (B) without the highest treatment level. Due to accidental loss of samples larvae of only 3 

replicates per treatment level could be used for nucleic acid determination. Furthermore, nucleic acids 

could not be examined for treatment level 2. Data points are mean values of 6 individual larvae. The 

solid line shows the regression line, whereas the dashed lines represent the 95% confidence intervals. 
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Fig. 5. (A) RNA/DNA ratio of newly hatched Atlantic herring lar-
vae across the entirepCO2 gradient and(B) without the highest
treatment level. Due to accidental loss of samples larvae of only
3 replicates per treatment level could be used for nucleic acid de-
termination. Furthermore, nucleic acids could not be examined for
treatment level 2. Data points are mean values of 6 individual lar-
vae. The solid line shows the regression line, whereas the dashed
lines represent the 95 % confidence intervals.

the DNA content per larval dry weight did not change in re-
lation to the treatment levels, the number of cells per unit
body weight was not affected. The change in the ratio was
achieved by a reduction in the amount of RNA, indicating a
decrease in protein biosynthesis. So far a reduction in growth
and changes in the metabolic profile under hypercapnia have
been shown in fish by Foss et al. (2003) in juvenile spotted
wolffish (Anarhichas minor) and by Michaelidis et al. (2007)
in adult gilthead seabream (Sparus aurata). Since the nega-
tive linear correlation could no longer be detected when the
highest treatment level was deleted, a potential tipping point

Fig. 6. Effect sizes and 95 % confidence intervals for all examined
variables (embryonic malformations, mortality rate of eggs, hatch
rate and total length, dry weight, yolk sac area, sagitta area, lapil-
lus area and RNA/DNA ratio of newly hatched Atlantic herring lar-
vae) based on the differences between control (pCO2 480 µatm) and
highest treatment (pCO2 4635 µatm). The effect size is significant
when the 95 % confidence interval does not overlap with zero (*).

could be located between the two highestpCO2 levels (2903
and 4635 µatm).

Even though no effects on size and dry weight of newly
hatched herring larvae were observed in this study, the ques-
tion remains whether effects could appear later during the
larval phase. Results on the impact of ocean acidification
on Atlantic cod larvae from mesocosm experiments indicate
that the stressor gradually shows an effect on the develop-
ing larvae and causes organ damage during transition phases
(Frommel et al., 2011).

A reduction in growth as a result of a decreased pro-
tein biosynthesis could have large consequences for larval
fish, since the smaller and slower growing individuals have
a lower survival potential due to lower feeding success and
increased mortality through predation (Houde, 1987, 2008;
Anderson, 1988; Leggett and DeBlois, 1994). Pörtner et
al. (2004, 2005) and Denman et al. (2011) concluded that
reduced growth as a reaction to compensation for energy
demanding regulatory mechanisms could lead to lower sur-
vival, lower reproductive potential and reduction in popula-
tion size.
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4.3 Effects on otoliths

The otoliths (ear bones) are made of an aragonite structure
within a protein matrix and are located in the labyrinth organ
of fish. They are involved in sound detection, body orien-
tation and acceleration based on their movement over sen-
sory hairs. They are already formed during the embryonic
development (Panella, 1971; Campana and Neilson, 1985)
and any change in their size or shape could have implications
for the ecological performance and individual fitness of the
fish (Gagliano et al., 2008). Contrary to shells and exoskele-
tons of calcifying organisms, which are directly affected by
chemical changes in the ambient seawater, the otoliths are
protected in the inner ear of the fish. Therefore, the calcifica-
tion process is dependent on the chemical composition of the
endolymph (Borelli et al., 2003; Payan et al., 2004). In or-
der to deposit aragonite in the protein matrix of the otoliths,
the endolymph must be supersaturated with respect to arag-
onite (Romanek and Gauldie, 1996). Since the aragonite
saturation state is correlated with the carbonate ion concen-
tration, which is largely determined by pH, endolymph pH
regulation is needed for the aragonite crystallization (Takagi,
2002). Otolith growth may therefore be affected by mech-
anisms used to compensate extracellular pH decrease. It is
noted that in our study the seawater carbonate chemistry was
manipulated by adding acid. Compared to CO2-treated water
this results in a decrease (instead of an increase) in the bicar-
bonate ion concentration and in a larger decrease in the car-
bonate ion concentration towards higherpCO2 levels. The
bicarbonate ion concentration, however, remains high and
should consequently not affect the ion-regulatory ability of
the eggs and larvae.

There was a trend for a greater lapillus area at elevated
pCO2 levels, but no significant relation could be found.
However, when calculating the effect size a positive effect of
ocean acidification on the lapillus area was shown, consistent
with previous studies by Checkley et al. (2009) and Munday
et al. (2011a). They concluded that pH regulation possibly
caused the carbonate ion concentration to increase within
the otolith endolymph. However, Munday et al. (2011b)
found no effect on spiny damselfish (Acanthochromis poly-
acanthus) otoliths. JuvenileSepia officinalismaintain calci-
fication of the cuttlebone, a structure in the mantle of cut-
tlefish used for buoyancy control and functioning as an in-
ternal skeleton, underpCO2 levels as high as∼6000 µatm
(Gutowska et al., 2008). During long-term exposure to ele-
vatedpCO2 concentrations calcification rates inSepia offici-
naliseven increased, but the spacing of the cuttlebone lamel-
lae decreased which could possibly cause a negative influ-
ence on the animal’s buoyancy (Gutowska et al., 2010).

The reason for the different responses of the sagitta and
the lapillus to an increasedpCO2 shown in our study is un-
known. A possible explanation could be that the chemi-
cal composition of the endolymph is not spatially uniform.
Payan et al. (1999) suggest that increasing bicarbonate and

pH gradients occur from the proximal to the distal zone
in the saccular endolymph of trout (Oncorhynchus mykiss)
and turbot (Psetta maxima). Thus, ionic gradients within
the labyrinth organ might be the reason for the different re-
sponses of sagittal and lapillar otoliths.

5 Conclusions and outlook

Even though active taxa with high metabolic rates, such
as teleosts and cephalopods, have the ability to compen-
sate acid-base disturbances actively due to their efficient ion-
regulatory machinery, their early embryonic stages lack spe-
cialized ion-regulatory epithelia. Thus, they may be the true
bottleneck for ecological success (Melzner et al., 2009).

The present study has shown that herring eggs can cope at
current temperature conditions with an increase inpCO2, ex-
ceeding future predictions of CO2-driven ocean acidification,
but that the yolk sac larvae show a reduced protein biosynthe-
sis capacity and therefore a potential growth reduction. Since
the recruitment of fish seems to be determined during the
early life stages (Koester et al., 2003; Houde, 2008), knowl-
edge of the factors influencing growth and survival rates of
these stages are of great importance in fisheries science. Fu-
ture studies should analyse carry-over effects that may be
passed from adult to offspring and the synergistic effect of
changes inpCO2 and temperature to be able to make pre-
dictions, how early life stages of fishes will react to climate-
induced changes.

Supplementary material related to this
article is available online at:
http://www.biogeosciences.net/8/3697/2011/
bg-8-3697-2011-supplement.zip.
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work introduction and Uwe Waller for providing a part of the
experimental setup. The study was partially supported through
the European Community’s Seventh Framework Programme
(FP7/2007–2013) “European Project on Ocean Acidification”
(EPOCA, grant agreement N211384) and the project “Biological
Impacts of Ocean ACIDification” (BIOACID), funded by the
German Ministry for Education and Research (BMBF).

Edited by: J.-P. Gattuso

Biogeosciences, 8, 3697–3707, 2011 www.biogeosciences.net/8/3697/2011/

http://www.biogeosciences.net/8/3697/2011/bg-8-3697-2011-supplement.zip
http://www.biogeosciences.net/8/3697/2011/bg-8-3697-2011-supplement.zip


A. Franke and C. Clemmesen: Effect of ocean acidification fish on early life stages 3705

References

Anderson,J. T.: A review of size dependent survival during pre-
recruit stages of fishes in relation to recruitment, J. Northw. Atl.
Fish. Sci., 8, 55–66, 1988.

Belchier, M., Clemmesen, C., Cortes, D., Doan, T., Folkvord, A.,
Garcia, A., Geffen, A., Høie, H., Johannessen, A., Moksness,
E., de Pontual, H., Ramirez, T., Schnack, D., and Sveinsbo, B.:
Recruitment studies: Manual on precision and accuracy of tools,
ICES Tech. Mar. Environ. Sci., 33, 35 pp., 2004.

Bergeron, J. P.: Nucleic acids in ichthyoplankton ecology: a review,
with emphasis of recent advances for new perspectives, J. Fish
Biol., 51, 284–302, 1997.

Blaxter, J. H. S.: Herring rearing II. The effect of temperature and
other factors on development, Mar. Res. Scot., 5, 19 pp., 1956.

Bodenstein, S. and Clemmesen, C.: Chloride cell distribution in
early life stages in Atlantic herring (Clupea harengusL.), in
prep., 2011.

Borelli, G., Guibbolini, M. E., Mayer-Gostan, N., Priouzeau, F., De
Pontual, H., Allemand, D., Puverel, S., Tambutte, E., and Payan,
P.: Daily variations of endolymph composition: relationship with
the otolith calcification process in trout, J. Exp. Biol., 206, 2685–
2692, 2003.

Buckley, L. J.: RNA-DNA ratio: an index of larval fish growth in
the sea, Mar. Biol., 80, 291–298, 1984.

Buckley, L. J., Caldarone, E. M., and Ong, T. L.: RNA-DNA ratio
and other nucleic-acid based indicators for growth and condition
of marine fishes, Hydrobiol., 401, 265–277, 1999.

Buckley, L. J., Caldarone, E. M., and Clemmesen, C.: Multi-species
larval fish growth model based on temperature and fluoromet-
rically derived RNA/DNA ratios: results from a meta-analysis,
Mar. Ecol. Prog. Ser., 371, 221–232, 2008.

Bulow, F. J.: RNA-DNA ratios as indicators of recent growth rates
of a fish, J. Fish. Res. Bd. Can., 27, 2343–2349, 1970.

Caldarone, E. M., Clemmesen, C., Berdalet, E., Miller, T. J.,
Folkvord, A., Holt, G. J., Olivar, M. P., and Suthers, I. M.: Inter-
calibration of four spectrofluorometric protocols for measuring
RNA/DNA ratios in larval and juvenile fish, Limnol. Oceanogr.-
Meth., 4, 153–163, 2006.

Campana, S. E. and Neilson, J. D.: Microstructure of fish otoliths,
Can. J. Fish. Aquat. Sci., 42, 1014–1032, 1985.

Checkley, D. M., Dickson, A. G., Takahashi, M., Radich, J. A.,
Eisenkolb, N., and Asch, R.: Elevated CO2 enhances otolith
growth in young fish, Science, 324, 1683, 2009.

Clemmesen, C.: Improvements in the fluorometric determination of
the RNA and DNA content of individual marine fish larvae, Mar.
Ecol. Prog. Ser., 100, 177–183, 1993.

Clemmesen, C.: The effect of food availability, age or size on the
RNA/DNA ratio of individually measured herring larvae: labo-
ratory calibration. Mar. Biol., 118, 377–382, 1994.

Conway, T. and Tans P., NOAA/ESRL, http://www.esrl.noaa.gov/
gmd/ccgg/trends/global.html, last access: November 2011.

Denman,K., Christian, J. R., Steiner, N., Pörtner H. O., and No-
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Detecting regional anthropogenic trends in ocean
acidification against natural variability
T. Friedrich1*, A. Timmermann1*, A. Abe-Ouchi2, N. R. Bates3, M. O. Chikamoto2, M. J. Church4,
J. E. Dore5, D. K. Gledhill6, M. González-Dávila7, M. Heinemann1, T. Ilyina8, J. H. Jungclaus8,
E. McLeod9, A. Mouchet10 and J. M. Santana-Casiano7

Since the beginning of the Industrial Revolution humans have
released∼500 billion metric tons of carbon to the atmosphere
through fossil-fuel burning, cement production and land-use
changes1,2. About 30% has been taken up by the oceans3. The
oceanic uptake of carbon dioxide leads to changes in marine
carbonate chemistry resulting in a decrease of seawater pH
and carbonate ion concentration, commonly referred to as
ocean acidification. Ocean acidification is considered a major
threat to calcifying organisms4–6. Detecting its magnitude and
impacts on regional scales requires accurate knowledge of
the level of natural variability of surface ocean carbonate
ion concentrations on seasonal to annual timescales and
beyond. Ocean observations are severely limited with respect
to providing reliable estimates of the signal-to-noise ratio of
human-induced trends in carbonate chemistry against natural
factors. Using three Earth system models we show that the
current anthropogenic trend in ocean acidification already
exceeds the level of natural variability by up to 30 times
on regional scales. Furthermore, it is demonstrated that the
current rates of ocean acidification at monitoring sites in the
Atlantic and Pacific oceans exceed those experienced during
the last glacial termination by two orders of magnitude.

Skeletons and shells of marine calcifiers are made of different
crystalline forms of calcium carbonate, such as calcite or aragonite.
A decrease in the saturation state of calcium carbonate can result
in decreased calcification and increased dissolution of calcium
carbonate5,7,8. As aragonite is the more soluble form, its saturation
state (ΩAr, see Supplementary Information for details) can be
regarded as a measure for ocean acidification.

Herewe present results fromamodel simulation over 1,300 years
(800–2099 ad) that was conducted with a state-of-the-art coupled
carbon cycle–climate model (MPI-ESM, see Supplementary In-
formation for details) forced by the most recent reconstructions
of solar and volcanic radiative perturbations, land-use changes,
aerosols and orbital variations. The model is also subject to histor-
ical CO2 emissions and the A1B greenhouse-gas emission scenario
(Fig. 1a,b; ref. 9). The knowledge of the pre-industrial, natural vari-
ability (defined here by the years 800 ad to 1750 ad) of the surface
aragonite saturation state (Ω surf

Ar ) will permit a robust determination
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of regional signal-to-noise ratios using recent observed and future
projected anthropogenic negative trends in Ω surf

Ar . Furthermore, we
present simulations of the LastGlacialMaximum(LGM) conducted
with the models LOVECLIM and MIROC (see Supplementary
Information for details) to quantify the impact of the reconstructed
∼90 ppmv increase in atmospheric CO2 between the LGM and
pre-industrial times on Ω surf

Ar . This will allow us to put recent
anthropogenic trends in ocean acidification into the context of the
most recent natural event of carbon cycle–climate reorganization.

According to the MPI-ESM simulation of the pre-industrial
surface waters, local marine ecosystems have been exposed to a
diverse range of natural variability in both the amplitude of the
annual cycle and the interannual variability ofΩ surf

Ar (Supplementary
Fig. S1). For example, theGalápagos Islands are located in the centre
of upwelling-driven variability, whereas reefs in the Caribbean
are only exposed to small interannual changes in carbonate ion
concentration. This spatial heterogeneity in natural variability,
together with the local equilibration timescale of surface waters
to increasing atmospheric pCO2 and the net air–sea flux of CO2
are likely to affect the regional impacts of ocean acidification on
calcifying marine ecosystems.

Figure 1c,d shows the simulated spatially averaged Ω surf
Ar for

the main coral reef locations in the Pacific, the Southern Indian
Ocean and the Caribbean (see Fig. 1e, dashed blue lines for the
averaging regions). Our results reveal that current levels of Ω surf

Ar
are already considerably lower than the long-term pre-industrial
mean. In a recent study8 a linear relationship was proposed between
Ω surf

Ar and coral calcification rates. Using this estimate, our model
results suggest that calcification rates at coral reef locations in
the western tropical Pacific and the Caribbean may have already
dropped by ∼15% with respect to their pre-industrial values.
This result extends the findings of a previous study10 that used
present-day Ω surf

Ar as a reference. Using historical CO2 emissions
and the A1B greenhouse-gas emission scenario (Fig. 1a,b), a drop
to about 60% in coral reef calcification is projected for the end
of the twenty-first century. It is important to note that carbonate
chemistry is only one factor controlling coral calcification rates.
Other factors include the effects of light, nutrients and temperature.
The synergistic or combined effects are as yet poorly understood.
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Figure 1 | Regional signal-to-noise ratio of Ωsurf
Ar . a, Carbon dioxide (CO2) emissions (Gt Cyr−1) used as forcing of the MPI-ESM. b, Atmospheric CO2

concentration (ppmv) simulated by the MPI-ESM. c, Simulated annual-mean Ω surf
Ar averaged over the main Pacific coral reef locations (green dots in the

blue rectangle in e). Dotted line: pre-industrial (PI) average of simulated Ω surf
Ar . Dashed lines: simulated amplitude of mean pre-industrial annual cycle of

Ω surf
Ar . Right axis: calcification rate with respect to pre-industrial level using ref. 8. Red cross indicates year 2010. d, Same as c for the main Caribbean coral

reef regions (green dots in the blue rectangle in e). e, Simulated year-2010 change in Ω surf
Ar with respect to the simulated pre-industrial average in multiples

of simulated pre-industrial amplitude of the annual cycle.

The uncertainty of the ecological response to these projected
changes is considerable at present.

The pre-industrial amplitude of the local annual cycle in Ω surf
Ar

can be regarded as ametric of natural variability to which aragonite-
calcifying organisms have been exposed to over a long time and
to which they have successfully adapted. Any reduction of Ω surf

Ar
below the minima given by the range of the unperturbed annual
cycle will be interpreted here as a stress to these organisms and
their associated ecosystems. Past anthropogenic CO2 emissions
have already pushed the aragonite saturation state of seawater far
outside the range of natural variability (Fig. 1c,d). The difference
between current and pre-industrialΩ surf

Ar exceeds the natural annual
cycle range already by a factor of five for the Pacific and Atlantic
warm pool reefs (Fig. 1c,d).

Overall, the simulated ratio between the anthropogenic change
(Ω surf

Ar (2010)–Ω surf
Ar (pre-industrial)) and the natural variability

(expressed in terms of the local, pre-industrial annual cycle range)
differs substantially on a regional scale (Fig. 1e). As a result of large
natural variability induced by annual to interannual changes in
upwelling, equatorial Pacific coral reefs from Galápagos to western
Kiribati are projected to experience the most moderate relative
decline of the aragonite saturation state due to anthropogenic CO2
emissions. However, a recent study11 confirmed a decline in some
coral species occurring also in the eastern equatorial Pacific. Further
to the west, and in off-equatorial regions of Micronesia, Polynesia
andMelanesia, a smaller natural variability inΩ surf

Ar (Supplementary
Fig. S1) leads to a larger anthropogenic signal-to-noise ratio,
attaining values of 6–30. It should be noted here that the western
equatorial Pacific is the only region in our simulation in which
the pre-industrial interannual variability of Ω surf

Ar is slightly larger
than its annual cycle (Supplementary Fig. S1). However, even when
assuming that the pre-industrial interannual variability is ameasure
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for the corals’ ‘comfort’ zone, present-day values ofΩ surf

Ar are already
exceeding this threshold by a factor of between two and ten.

A large amplitude in the annual cycle corresponds to a smaller
signal-to-noise ratio, as documented for higher latitudes in Fig. 1e.
However, the combination of a large annual cycle range on
top of the anthropogenic signal can lead, in fact, to an earlier
undersaturation.On the basis of empirical estimates for the seasonal
cycle of carbonate chemistry parameters, it was concluded12 that
undersaturation with respect to aragonite will occur at the surface
of the Southern Ocean roughly by the year 2030. Our simulation
can confirm this prediction, and it further documents that values
of Ω surf

Ar <1 will be found in 30–50% of the ocean poleward of
40◦ S by the year 2100.

Ocean acidification is anticipated to affect marine ecosystems
well beyond the coral reef realm13–17. Laboratory and mesocosm
experiments show diverse impacts of ocean acidification on
different groups of organisms, or even individual species within the
same group. Recent studies using open ocean samples indicate that
individual coccolithophores mass18 and foraminfera shell weight14
decline as CO2 concentrations increase.

Observations in the North Pacific19 reported a −0.06 change
in surface ocean pH between 1991 and 2006 in the upper 500m,
of which 52% can be attributed to natural variability. Given the
irregular sampling of chemical parameters in most parts of the
ocean, a detection of ocean acidification and the determination of
its local magnitude can be challenging. Our model-based estimates
of anthropogenic change inΩ surf

Ar reveal that since themid-twentieth
century the anthropogenic signals have exceeded the pre-industrial
interannual variability by at least a factor of two in vast areas of
the global oceans (Fig. 2). Applying an exceedance factor of two
as a detection limit it becomes apparent that the anthropogenic
impact on Ω surf

Ar is detectable in almost the entire ocean by year
2010, except for the tropical eastern Pacific and the frontal regions
near the subpolar gyres. In the Caribbean, a region with very
high signal-to-noise ratio, the detection limit was already exceeded
at the beginning of the twentieth century. By around 1980, the
anthropogenic signal exceeded the natural range in this region by a
factor of ten, in accordance with previous observational estimates20
(Supplementary Fig. S2). According to our modelling results, a
robust detection of the anthropogenic signal in Ω surf

Ar in the eastern
equatorial Pacific against the background variability has been possi-
ble for the past 10–20 years. By year 2020–2060, the anthropogenic
signal in this region will exceed the natural variability range in
aragonite saturation state by at least a factor of five.

In our effort to compare the twentieth century trends of Ω surf
Ar

with other geochemical trends from the Late Quaternary, we
select another benchmark period: the last glacial termination. The
concomitant change in atmospheric pCO2 from ∼190 ppmv to
∼280 ppmv between 17,000 and 11,000 years bp (ref. 21) represents
themost recent increase of suchmagnitude preceding the industrial
revolution. Here we study the effect of the deglacial CO2 rise on
the surface aragonite saturation using two different Earth system
models: LOVECLIM andMIROC (see Supplementary Information
for details). Switching from LGM to pre-industrial equilibrium
conditions generates a decrease of the surface aragonite saturation
state of 0.88 (0.64) units in LOVECLIM (MIROC), which is in
good agreement with reconstructions18 (Supplementary Fig. S4).
These simulated changes (Fig. 3a), although being somewhat larger
even than the change from pre-industrial to present-day conditions
simulated by the MPI-ESM (Fig. 3f), occurred over a time period
thatwas twoorders ofmagnitude longer than the industrial period.

To compare the simulatedΩ surf
Ar changes and their rate of change

with previous observations, we focus on continuous records ofΩ surf
Ar

from several monitoring sites in the Pacific22 and the Atlantic20,23,24
covering the last two to three decades (Fig. 3b–e). The observed
decadal changes are dominated by a trend signal, a pronounced
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Figure 2 | First year of detectability of anthropogenic Ωsurf
Ar trend. a, Year

by which simulated changes in Ω surf
Ar (with respect to the pre-industrial

mean) exceed simulated pre-industrial (800–1750 AD) standard deviation
(PI-STD, based on annual-mean values, see also Supplementary Fig. S1) by
a factor of two. b,c same as a for factors of five and ten respectively. Areas
with yellow shading indicate regions where the pre-industrial standard
deviation is not exceeded by the respective factor during the course of the
model simulation.

annual cycle and interannual variability (Supplementary Fig. S2).
The observed trends off the Canary Islands, Bermuda, Hawaii,
and in the Caribbean amount to about−0.09,−0.04,−0.08,−0.09
units per decade respectively (Fig. 3i–l). These values are higher
than the simulated globally averaged trends over the entire
twentieth century, but close to the simulated global values for the
twenty-first century (Fig. 3m,n).

The observed present-day, anthropogenic rate of change inΩ surf
Ar

is one to two orders of magnitude larger than estimated for the
last glacial termination (Fig. 3h–l) . Already, the weakest observed
rate of change in Bermuda exceeds the glacial–interglacial trend
by a factor of 32(56) over the LOVECLIM (MIROC) estimates for
the last glacial termination. In the Caribbean, where the largest
regional trends are reported, the Ω surf

Ar decrease over the past
∼20 years reaches 78(136) times the glacial–interglacial rate of
change documented by LOVECLIM (MIROC).

Summarizing, we conclude that it is virtually certain that
anthropogenic trends already exceed the natural variability on
regional scales and are hence detectable inmany areas of the world’s
ocean. However, the eastern tropical Pacific is an exception and
exhibits the weakest signal-to-noise ratio owing to high ENSO-
related natural variability in carbonate chemistry.

An unresolved question to address in future studies is how
the detectability of anthropogenic Ω surf

Ar trends translates into the
detectability of the anthropogenic influence on the functionality of
marine ecosystems.Marine organisms are exposed to amultitude of
other anthropogenic stress factors. Corals, for instance, experience
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Figure 3 | Current Ωsurf
Ar trends in the context of the Last Glacial Termination. a, Globally averaged change in Ω surf

Ar between pre-industrial (PI) times and
the Last Glacial Maximum as simulated by the LOVECLIM and the MIROC model respectively. b–e, Trends in Ω surf

Ar for the European Station for Time series
in the Ocean (1995–2009) (b), the Bermuda Atlantic Time-series Study (1983–2009) (c), Station ALOHA (1988–2008) (d) and the Caribbean region
(1988–2008; ref. 20) (e). f,g, Globally averaged change in Ω surf
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increasing stress from ocean acidification, surface warming25 and
coastal pollution26. These stress factors probably do not simply
add up, but combine in a species-dependent manner27. Tropical
surface temperatures are projected to increase at a rate that
would lead to massive coral bleaching and mortality in the next
three to five decades28. Combined with a detectable change due
to reduced ocean aragonite saturation and the corresponding
estimated drop in carbonate accretion of∼15% since the industrial
revolution (Fig. 1c,d), severe reductions are likely to occur in
coral reef diversity, structural complexity and resilience by the
middle of this century.
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Severe tissue damage in Atlantic cod larvae under
increasing ocean acidification
Andrea Y. Frommel1*, Rommel Maneja1,2, David Lowe3, Arne M. Malzahn4,5, Audrey J. Geffen2,
Arild Folkvord2, Uwe Piatkowski1, Thorsten B. H. Reusch1 and Catriona Clemmesen1

Ocean acidification, caused by increasing atmospheric
concentrations of CO2 (refs 1–3), is one of the most critical
anthropogenic threats to marine life. Changes in seawater
carbonate chemistry have the potential to disturb calcification,
acid–base regulation, blood circulation and respiration, as
well as the nervous system of marine organisms, leading
to long-term effects such as reduced growth rates and
reproduction4,5. In teleost fishes, early life-history stages are
particularly vulnerable as they lack specialized internal pH
regulatory mechanisms6,7. So far, impacts of relevant CO2

concentrations on larval fish have been found in behaviour8,9

and otolith size10,11, mainly in tropical, non-commercial species.
Here we show detrimental effects of ocean acidification on
the development of a mass-spawning fish species of high
commercial importance. We reared Atlantic cod larvae at three
levels of CO2, (1) present day, (2) end of next century and
(3) an extreme, coastal upwelling scenario, in a long-term (2 1

2
months) mesocosm experiment. Exposure to CO2 resulted in
severe to lethal tissue damage in many internal organs, with the
degree of damage increasing with CO2 concentration. As larval
survival is the bottleneck to recruitment, ocean acidification
has the potential to act as an additional source of natural mor-
tality, affecting populations of already exploited fish stocks.

Present average CO2 levels in the atmosphere have already
exceeded 380 ppm and are predicted to further increase by 0.5%
per year throughout this century, a rate 100 times faster than seen
in the past 650,000 years12. Approximately a third of excess CO2
in the atmosphere will be dissolved in ocean waters, leading to an
estimated drop in pH of 0.4 units (pCO2 ∼ 1,000 µatm) globally
by the year 2100 and up to 0.8 units (pCO2 ∼ 2,000 µatm) by
the year 2300 (refs 1–3). Locally, the effects can be even more
severe, especially in coastal regions with upwelling of oxygen-poor,
CO2-rich water, and pCO2 values above 4,000 µatm in the future
could be reached in habitats where cod larvae occur13.

The Atlantic cod, Gadus morhua, has a wide distribution
throughout the North Atlantic Ocean. Several eastern Atlantic
populations are found from the high Arctic down to North and
Baltic seas, where they experience very different conditions in
terms of temperature, salinity, oxygen and present pCO2 levels. For
example, in the Baltic Sea pCO2 concentrations up to 2,300 µatm
have recently been measured in the Kiel Fjord13, close to where the
eastern Baltic cod stock spawns, and 1,200 µatm in the deep waters
of the BornholmBasin (Frommel et al., manuscript in preparation),
an important spawning ground for the western Baltic cod stock.
The Norwegian coastal cod used in this study live and spawn in

1Leibniz-Institute of Marine Sciences IFM-GEOMAR, Duesternbrooker Weg 20, 24105 Kiel, Germany, 2Department of Biology, University of Bergen, PO
Box 7803, N-5020, Bergen, Norway, 3Plymouth Marine Laboratory, Prospect Place, The Hoe, Plymouth PL1 3DH, UK, 4Alfred Wegener Institute for Polar
and Marine Research, Biologische Anstalt Helgoland, Ostkaje 1118, 27498 Helgoland, Germany, 5Helmholtz-Zentrum Geesthacht Centre for Materials and
Coastal Research, Institute for Coastal Research, Max-Planck-Straße 1, 21502 Geesthacht, Germany. *e-mail: afrommel@ifm-geomar.de.

a large number of fjords along the entire Norwegian coast and
near the Lofoten Islands14. These high latitudes are assumed to be
particularly impacted by future ocean acidification, owing to cold
water, high primary productivity and melting of sea ice15–17, and
pH values are predicted to approach 7.7 over most of the coastal
Arctic Ocean by 2100 (ref. 18). Recent models even calculate that
the decrease in pH could be doubled in some parts of the Arctic
Ocean as a result of gas hydrates destabilized by warming ocean
temperatures releasing large amounts of methane, which in turn are
respired bymethanogenic bacteria to CO2 (ref. 19).

Adult teleost fishes are thought to be relatively robust to
changes in ambient pH, as they are able to control their acid–base
balance by bicarbonate buffering, mainly across the gills and via
the kidneys20,21. However, early life-history stages, lacking gills,
may not be as competent in regulating their internal acid–base
balance6,7 and are thus predicted to be impacted more heavily by
increasing pCO2 levels.

In this study, we experimentally tested this prediction and ex-
posed larvae of Norwegian coastal cod to three levels of pCO2 (con-
trol: 380 µatm, medium: 1,800 µatm and high: 4,200 µatm) from
newly fertilized eggs to seven weeks post-hatch (see Supplementary
Information). Cod larvae are difficult to rear in the laboratory and
require space, near-natural conditions and live prey to survive. Our
large (2,300 l) outdoor mesocosms mimicked natural conditions
for the larvae as closely as possible, including flow-through of fresh
water and natural zooplankton prey from the fjord. Using such large
experimental units allowed only three replicates. It also limited the
ability tomonitor larval numbers inside the tanks and, because dead
larvae decayed before they could be counted, our direct mortality
estimates are restricted to the differences in the number of larvae
placed into the tanks at the beginning (10,000 per tank) and the
ones counted out at the end of the experiment (control: 153±134,
medium: 324± 513, high: 73± 70; mean± s.d.), which revealed
no significant difference. However, a retrospective power analysis
informed us that we might have missed a mortality difference as
large as 50% (setting α=5%) because of the small replicate number
(n=3) and substantial variation within treatments.

Larval growth was positively affected by high pCO2 between
25 and 46 days post-hatch (dph) (Fig. 1). At 32 dph cod larvae
from the high treatment had attained 59% more dry weight
relative to the control whereas the medium treatment was not
significantly different (Supplementary Table S1). Interestingly,
growth in the control animals stagnated between 25 and 32 dph,
indicating that the larvae were re-allocating their energy from
growth to development of internal organs. This age coincides
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Figure 1 | Larval growth in dry weight over the entire experimental period. Dry weight with standard deviation for each of the three treatments over seven
weeks post-hatch on a logarithmic scale. Asterisks indicate significant differences between control and high treatment. N=60 larvae per replicate. For
statistics see Supplementary Table S1.

with the developmental stages 8 and 9, a phase of intense
transition where critical structural changes take place in all major
landmarks22,23. Most importantly, the respiratory, feeding and
locomotion structures greatly increase their function. As larvae
grow in size, they become limited by cutaneous respiration as
their body volume to surface ratio decreases and they must
switch from cutaneous to branchial respiration. At stage 9 in
cod larvae, respiration becomes fully branchial as gill filaments
increase in number and secondary lamellae are formed, while
the gills become completely covered by the opercular membrane,
augmenting unidirectional flow over the gills. The larvae under
increased pCO2, however, continued to allocate energy to growth,
at the cost of organ development, and may have outgrown the
critical surface-to-volume ratio necessary for effective cutaneous
acid–base regulation. Furthermore, the observed increase in growth
was based on lipid instead of protein biosynthesis. One effect
when larvae cannot extrude protons is respiratory acidosis, which
interferes with different metabolic pathways24 and may cause a
shift from aerobic to anaerobic metabolism25. This in turn can
influence protein biosynthesis26. Although the protein content and
RNA/DNA ratio—as indicator for the protein synthesis capacity—
remained relatively constant, the amount of lipid storage peaked
during the same time interval as the growth in the treatment larvae
(Fig. 2). At 32 dph, cod larvae from the medium treatment had
61% increase and from the high treatment 97% increase in lipid
content compared with the control (Supplementary Table S1). No
significant difference in fatty acid composition could be identified
(analysis of variance (ANOVA), p > 0.05). Higher lipid content,
although an energy store, may not necessarily be beneficial to the
organismwhen it accumulates as droplets in specific organs.

Our determination of the critical phase of organ developments
and internal re-adjustments coincided with major histological
damage observed in the larvae under elevated pCO2 treatments.
Severe tissue damage was found in the liver, pancreas, kidney,
eye and the gut of larvae 32 dph (Fig. 3), with the degree of
damage significantly increasing with pCO2 concentration (Fig. 4,
Supplementary Table S2). Throughout the livers of CO2 treated
larvae, large lipid vacuoles were observed. Typical lipid vacuoles
of control animals were in the order of 3–4 µm in diameter,
whereas impacted cod had lipid vacuoles in the order of 7–9 µm
in diameter. Furthermore, atypical liver morphology and necrotic
hepatocytes were found in the medium and high treatments,
respectively. Enlarged lipid vacuoles in the liver result from
lysosomal dysfunction and the breakdown of the lysosomal vascular
system in the hepatocytes, a response often found in fish from
chemical pollution27, which can lead to the observed necrosis.
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Figure 2 | Lipid content of larval cod for the last three sampling intervals.
Mean lipid content of three replicates as a percentage of dry weight with
standard deviation for each of the three treatments (control, white bars;
medium, grey bars; high, black bars) at 32 dph, 39 dph and 46 dph. Letters
indicate significant differences, ‘a’ is significantly different from ‘b’, but both
are not significantly different from ‘ab’. For test statistics, see
Supplementary Table S1. N= 30 larvae per replicate.

Liver damage as a consequence of high pCO2 concentrations has
previously been found in freshwater fish28, as well as in isolated
Antarctic fish hepatocytes26. Similar to the liver, there was evidence
of vacuolation in the epithelial cell cytoplasm of the kidney,
with changes in the staining characteristics. Furthermore, loss in
structural integrity of the pronephric tubules and atrophy was
observed. Atrophy may be a reflection of cellular dysfunction
or, possibly, a breakdown in the desmosomes that bind adjacent
cells together. In the high CO2 treatment, some of the neck cells
of kidney tubules stained darker and showed signs of breaking
up, an indication of organ failure. In the pancreas, the damage
consisted mainly of alterations to tissue architecture whereby the
normal pyramidal exocrine cells sitting on a well-defined basement
membrane were replaced by rounded cells on an irregular basement
membrane and the rosettes of the acini that form around zymogen
granules were absent. Damage to the eyes was mainly visible
as vacuoles associated with the choroid layer and between the
pigmented layer and the outer layer of the cones. Furthermore, the
pigmented layer often had an irregular profile at increased pCO2
concentrations. In the gut, the connective tissue was found to be
highly fragile with the gut epithelium readily detaching from the
basementmembrane. Furthermore, bacteria were present in the gut
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Figure 3 | Tissue damage from histological sections in larvae under increased pCO2. Histological sections of liver (a), kidney (b), pancreas (c), eye (d)
and gut (e) from cod larvae at three different pCO2 treatments: control (left panels), medium (centre panels) and high (right panels). Note, gut sections are
for control (left) and high (centre) treatments only as the connectivity issue of the gut was only found in the high treatment; bacteria (right) were found in
the medium and high treatments. The structures identified in these sections are: liver: enlarged lipid vacuoles (lv), necrotic hepatocytes (nec); kidney:
pronephric tubules (t), neck cells breaking up (nc); vacuoles (v), atrophy (at); pancreas: rosettes of acini (ra), rounded cells (rc), basement membrane
(bm); eye: pigmented layer (pi), vacuoles (v); gut: gut epithelium (ge), basement membrane (bm), bacteria (bac).

lumen and in the connective tissues lying between the basement
membrane and the gut epithelium in many of the samples from 32
dph. Bacterial infection and high parasite loadmay be an indication

of a weakened immune system. There were indications of a possible
impact on the structure of the musculature in the high treatment,
but as this parameter is highly dependent on the plane of section,
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Figure 4 | Quantification of degree of damage in various organs with increasing pCO2. Mean percentage of larvae at 32 and 46 dph showing the degree
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NH32= 16, NH46= 24). For statistical tests, see Supplementary Tables S2 and S3.
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Figure 5 | Quantification of total damage to larvae at increasing pCO2. Percentage of larvae exhibiting different degrees of total damage (calculated by the
total index Tot-I) at 32 and 46 dph and three different treatment levels (control, medium and high). The damage is shown as five levels with normal as
white bars, and shading increasing with increasing severity of damage.

this parameter was considered unsafe. No effects were found in the
heart, gills, skeleton or skin.

Most of the histological damage foundwas classified as regressive
changes that terminate in functional impairment or loss of the
organ and involve deposits, architectural and structural alterations,
degeneration, atrophy and necrosis (after ref. 29). The health
status of each larvae examined, calculated by the total index Tot-I,
revealed that 12% of the larvae in the medium pCO2 treatment
and 75% of the larvae in the high pCO2 treatment had severe
damage in multiple tissues (Fig. 5). After the onset of gill-mediated
acid–base regulation, this damage disappeared and no effect of CO2
was found at day 46 (for statistics see Supplementary Table S3).
This study demonstrates widespread tissue damage as a result of
ocean acidification during a critical life-cycle phase within a mass-
spawning, commercially important fish. Our data complement

other studies that found behavioural effects in response to increased
pCO2 in tropical fish, which have a very different developmental
pattern and a much faster developmental rate8,9,30. Laboratory
experiments are always limited as they simulate increasing CO2 at a
rate much higher than predicted and therefore neglect the potential
for genetic adaptation. However, as cod are long-lived fish with a
relatively long generation time, the pace of evolutionary adaptation
to cope with ocean acidification is probably relatively slow on
absolute time scales. Furthermore, like many other commercially
exploited fish, cod already experience high selection pressure from
fisheries, in addition to other environmental stressors such as
pollution, temperature, salinity and oxygen changes. Although we
did not directly test for mortality rates, our data on severe tissue
damage suggest that ocean acidification will negatively impact the
recruitment ofmass-spawning fishes because of enhancedmortality
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rates. Adverse effects of ocean acidification have thus to be added
to the growing list of anthropogenic disturbances affecting already
exploited fish stocks.
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Bärbel Hönisch,1* Andy Ridgwell,2 Daniela N. Schmidt,3 Ellen Thomas,4,5 Samantha J. Gibbs,6

Appy Sluijs,7 Richard Zeebe,8 Lee Kump,9 Rowan C. Martindale,10 Sarah E. Greene,2,10

Wolfgang Kiessling,11 Justin Ries,12 James C. Zachos,13 Dana L. Royer,5 Stephen Barker,14

Thomas M. Marchitto Jr.,15 Ryan Moyer,16 Carles Pelejero,17 Patrizia Ziveri,18,19

Gavin L. Foster,6 Branwen Williams20

Ocean acidification may have severe consequences for marine ecosystems; however, assessing
its future impact is difficult because laboratory experiments and field observations are limited by
their reduced ecologic complexity and sample period, respectively. In contrast, the geological
record contains long-term evidence for a variety of global environmental perturbations, including
ocean acidification plus their associated biotic responses. We review events exhibiting evidence
for elevated atmospheric CO2, global warming, and ocean acidification over the past ~300 million
years of Earth’s history, some with contemporaneous extinction or evolutionary turnover among
marine calcifiers. Although similarities exist, no past event perfectly parallels future projections
in terms of disrupting the balance of ocean carbonate chemistry—a consequence of the
unprecedented rapidity of CO2 release currently taking place.

Thegeological record is imprinted with nu-
merous examples of biotic responses to
natural perturbations in global carbon cy-

cling and climate change (Fig. 1), some of which
could have been caused by large-scale ocean
acidification. By reconstructing past changes in
marine environmental conditions, we can test hy-
potheses for the causes and effects of future-

relevant stressors such as ocean acidification on
ecosystems (1). However, for the fossil record to
be of direct utility in assessing future ecosystem
impacts, the occurrence and extent of past ocean

acidification must be unambiguously identified.
In recent years, a variety of trace-element and
isotopic tools have become available that can be
applied to infer past seawater carbonate chemis-
try. For instance, the boron isotopic composition
(d11B) of marine carbonates reflects changes in
seawater pH, the trace element (such as B, U, and
Zn)–to-calcium ratio of benthic and planktic for-
aminifer shells records ambient [CO2−

3 ], and the
stable carbon isotopic composition (d13C) of or-
ganic molecules (alkenones) can be used to es-
timate surface ocean aqueous [CO2] (2).

Because direct ocean geochemical proxy
observations are still relatively scarce, past ocean
acidification is often inferred from a decrease in
the accumulation and preservation of CaCO3 in
marine sediments, potentially indicated by an in-
creased degree of fragmentation of foraminiferal
shells (3). However, it is difficult to distinguish
between the original calcification responses to
chemical changes in the surface ocean and post-
mortem conditions at the sea floor. For instance,
planktic calcifiers may secrete heavier or lighter
shells (4), but that signal may be modified at the
sea floor through dissolution or overgrowth after
deposition (5, 6). This duality can introduce con-
troversy over the identification of causes and
effects, the drivers of biological change, and
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Organic-
walled
dinocysts

Deglaciation
PETM

Toarcian
OAE

Cretaceous
asteroid impact

End-Triassic
mass extinction

End-Permian
mass extinction

Calcareous
nannofossils
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Time (My)
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Planktic
foraminifers
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foraminifers

Shallow reef
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Fig. 1. Idealized diversity trajectories of the calcareous and organic fossil lineages discussed in the text.
Extinction and radiation suggest events of major environmental change throughout the past 300 My.
Calcareous plankton is shown in black, calcareous benthos in blue, and organic fossils in green, and the
line thickness indicates relative and smoothed species richness. Highlighted events (vertical red lines)
have been associated with potential ocean acidification events (Fig. 4). Calcareous organisms were not
uniformly affected at all times, suggesting the importance of synergistic environmental factors to ex-
tinction, adaptation, and evolution as well as different sensitivity due to physiological factors. Iden-
tification of a paleo-ocean acidification event therefore requires independent geochemical evidence
for ocean chemistry changes. Images of organisms are exemplary. References and further information
on the displayed organisms are available in the supporting online material.
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whether past intervals of ocean acidification
are characterized by environmental conditions
relevant for the near future. Coeval changes in
ocean circulation will also introduce regional
biases in proxy records and hence affect global
interpretations.

Here, we review the factors controlling ocean
acidification, describe evidence for the occurrence
of ocean acidification events in the past, and dis-
cuss the potential as well as weaknesses of the
geological record in helping us predict future eco-
system changes.

Is Ocean Acidification Primarily a
pH-Decline Phenomenon?
The current rate of anthropogenic CO2 release
leads to a surface ocean environment charac-
terized not only by elevated dissolved CO2 and
decreased pH (7) but, critically, decreased satura-
tion with respect to calcium carbonate (CaCO3),
a compound widely used by marine organisms
for the construction of their shells and skeletons
(8). In contrast, slower rates of CO2 release lead
to a different balance of carbonate chemistry
changes and a smaller seawater CaCO3 saturation
response, which may induce differential biotic
response or even no response at all, invalidating a
direct analog. The reason for a smaller saturation
response to slow CO2 release is that the alkalinity
released by rock weathering on land must ulti-
mately be balanced by the preservation and burial
of CaCO3 in marine sediments (Fig. 2), which

itself is controlled by the calcium carbonate sat-
uration state of the ocean (9). Hence, CaCO3

saturation is ultimately regulated primarily by
weathering on long time scales, not atmospheric
partial pressure of CO2 (PCO2). While weathering
itself is related to atmospheric PCO2 (10), it is
related much more weakly than ocean pH, which
allows pH and CaCO3 saturation to be almost
completely decoupled for slowly increasing at-
mospheric PCO2.

Using a global carbon cycle model (2), we
show the progressive coupling between CaCO3

saturation and pH as the rate of CO2 emissions
increases and sources (weathering) and sinks
(CaCO3 burial) of alkalinity are no longer ba-
lanced. For rapid century-scale and thus future-
relevant increases in atmospheric PCO2, both
surface ocean pH and saturation state decline in
tandem (Fig. 3). The projected decrease in ocean
surface saturation state—here, with respect to
aragonite (Waragonite)—is an order of magnitude
larger for a rapid CO2 increase than for a slow
[100 thousand years (ky)] CO2 increase. Ulti-
mately, saturation recovers while the pH remains
suppressed, reflecting how changes in the oce-
anic concentrations of dissolved inorganic carbon
(DIC) and alkalinity make it possible to have
simultaneously both high CO2 and high carbon-
ate ion concentration saturation ([CO2−

3 ], which
controls saturation), but with the relatively greater
increase in [CO2] causing lower pH. The key to
unlocking the geological record of ocean acid-

ification is hence to distinguish between long-
term steady states and transient changes. We use
the term “ocean acidification event” for time in-
tervals in Earth’s history that involve both a re-
duction in ocean pH and a substantial lowering
of CaCO3 saturation, implying a time scale on
the order of 10,000 years and shorter (Fig. 3).

Indications of Paleo-Ocean Acidification
With these criteria in mind, we review (in reverse
chronological order) the intervals in Earth’s history
for which ocean acidification has been hypothe-
sized, along with the evidence for independent
geochemical and biotic changes. We confine this
review to the past ~300 million years (My) be-
cause the earlier Phanerozoic (and beyond) lacks
the pelagic calcifiers that not only provide key
proxy information but also create the strong deep-
sea carbonate (and hence atmospheric PCO2) buf-
fer that characterizes the modern Earth system
(9). Our criteria for identifying potentially future-
relevant past ocean acidification are (i) massive
CO2 release, (ii) pH decline, and (iii) saturation
decline. We also discuss evidence for the time
scale of CO2 release, as well as for global warming.
Events are given a similarity index that is based
on available geochemical data (table S1) and are
indicated in Fig. 4A.

Late Pleistocene deglacial transitions. The
last deglaciation is the best documented past event
associated with a substantive (30%) CO2 rise:
189 to 265 matm between 17.8 to 11.6 ky before
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Fig. 2. When CO2 dissolves in seawater, it reacts with water to form carbonic
acid, which then dissociates to bicarbonate, carbonate, and hydrogen ions. The
higher concentration of hydrogen ions makes seawater acidic, but this process
is buffered on long time scales by the interplay of seawater, seafloor carbonate
sediments, and weathering on land. Shown are the major pathways of reduced
carbon (black) and of alkalinity (yellow). Processes leading to ocean acid-
ification and/or reduction of CaCO3 saturation are indicated in red, and pro-

cesses leading to ocean alkalinization and/or CaCO3 saturation increases are
indicated in blue. Anthropogenic perturbations are marked in italics. Ap-
proximate fluxes are printed in parentheses (PgC year−1), whereas reservoir
inventory values are shown in brackets [PgC]. Natural carbon cycle fluxes are
from (70); anthropogenic fluxes for 2008 are from (57), which for the land
sink is significantly above its 1990–2000 average of 2.6 PgC year−1 due to the
2008 La Niña state (8).
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the present (B.P.) (11). Boron isotope estimates
from planktic foraminifers show a 0.15 T 0.05
unit decrease in sea surface pH (12) across the
deglacial transition—an average rate of decline
of ~0.002 units per 100 years compared with the
current rate of more than 0.1 units per 100 years
(table S1). Planktic foraminiferal shell weights
decreased by 40 to 50% (4), and coccolith mass
decreased by ~25% (13). In the deep ocean,
changes in carbonate preserva-
tion (14), pH [from foraminiferal
d11B (15)] and [CO2−

3 ] [from
foraminiferal B/Ca and Zn/Ca
(16, 17)] differed between ocean
basins, reflecting covarying
changes in deep-water circula-
tion and an internal carbon shift
within the ocean. The regional
nature of these variations high-
lights the general need for careful
evaluation of regional versus glob-
al effects in paleo-studies.

Oligocene–Pliocene.The cli-
mate of the Oligocene to Plio-
cene [34 to 2.6 million years ago
(Ma)] contains intervals of ele-
vated temperature and modest
deviations of atmospheric PCO2

from modern values (Fig. 4). Of
particular interest has been the
Pliocene warm period [3.29 to
2.97Ma (18, 19)], which is char-
acterized by global surface tem-
peratures estimated to be ~2.5°C
higher than today (19), atmospher-
ic PCO2 between 330 to 400 matm
(Fig. 4C) (18, 20), and sea surface
pH(T) ~0.06 to 0.11 units lower
(18) than the preindustrial. Eco-
logical responses to the warming
include migration of tropical for-
aminifer species toward the poles
(21), but there are no documented
calcification responses or increased
nannoplankton extinction rates
(22). The early tomiddleMiocene
(23 to 11Ma) and Oligocene (34
to 23 Ma) were also character-
ized periods of elevated temper-
atures and slightly higher PCO2

compared with preindustrial val-
ues (Fig. 4C) but, because of their
long duration, were not associ-
ated with changes in CaCO3 sat-
uration (Fig. 3C).

Paleocene–Eocene. Evidence
for rapid carbon injection asso-
ciated with the Paleocene–Eocene
Thermal Maximum (PETM, 56
Ma) aswell as a number of smaller
transient global warming events
(hyperthermals) during the late
Paleocene and early Eocene (58
to 51 Ma) comes primarily from
observations of large [up to –4

per mil (‰)] negative d13C excursions (23)
associated with pronounced decreases in calci-
um carbonate preservation (24). Depending on
the assumed source, rate, and magnitude of CO2

release (25), a 0.25 to 0.45 unit decline in surface
seawater pH is possible, with a reduction in mean
surface ocean aragonite saturation from W = 3
down to 1.5 to 2 (1). The calcite compensation
depth (CCD) (8) rose by ~2 km to shallower than

1.5 km in places (24) (compared with >4 km
today). Although a pH decrease or PCO2 increase
remains to be confirmed by geochemical proxies
for any of the hyperthermal events, the amount
of carbon injected can be modeled on the basis
of consistent carbonate d13C and CCD changes,
yielding between ~2000 and 6000 PgC for the
onset of the PETM (26, 27). However, as with the
last glacial transition, deep sea geochemistry ap-
pears strongly modulated by regional ocean cir-
culation changes (28), which adds an additional
layer of complexity to global extrapolation and
highlights the importance of adequate spatial cov-
erage of the data.

PETM sediments record the largest extinction
among deep-sea benthic foraminifers of the past
75 My (29), and a major change in trace fossils
indicates a disruption of the macrobenthic com-
munity (30). However, the covariation of ocean
acidification, warming, and corresponding oxygen
depletion (fig. S2) (23) precludes the attribution of
this extinction to a single cause (1, 29). In shallow
water environments, a gradual shift from calcar-
eous red algae and corals to larger benthic foramin-
ifers as dominant calcifiers started in the Paleocene
and was completed at the PETMwith the collapse
of coralgal reefs and larger benthic foraminiferal
turnover (31). This event is recognized as one of
the four major metazoan reef crises of the past
300My (Fig. 1) (32). Inmarginal marine settings,
coccolithophore (33) and dinoflagellate cyst (34)
assemblages display changes in species compo-
sition, but these are interpreted to reflect sensitiv-
ity to temperature, salinity stratification, and/or
nutrient availability (34, 35), not necessarily acid-
ification (fig. S2). In the open ocean, the occur-
rence of deformities in some species of calcareous
nannoplankton has been described (36), but de-
spite a strong change in assemblages, there is no
bias in extinction or diversification in favor of
or against less or more calcified planktic spe-
cies (37).

Cretaceous and Cretaceous-Paleogene. The
well-known mass extinction at 65 Ma is gener-
ally accepted to have been triggered by a large
asteroid impact (38). In addition to potential ter-
restrial biomass or fossil carbon burning, the im-
pact may have caused the emission of SO2 from
vaporized gypsum deposits at the impact site
and/or nitric acid aerosols produced by shock
heating of the atmosphere, which could have led
to acid rain and hence potentially to rapid acid-
ification of the surface ocean (38). Although
planktic calcifiers exhibited elevated rates of ex-
tinction and reduced production (22, 39), reef
corals did not experience a major extinction (32),
and benthic foraminifers were not affected in ei-
ther shallow or deep waters (29). Because mul-
tiple environmental changes covaried and proxy
data for marine carbonate chemistry are not yet
available, unambiguous attribution of the planktic
extinctions to any one driver such as ocean acid-
ification is currently not possible.

The earlier Cretaceous (K) (Fig. 4A) is gen-
erally a time of massive chalk deposition (mainly
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in the form of nannofossil calcite),
as well as one of elevated PCO2

(Fig. 4B) and lower pH (Fig. 4D).
This association can be miscon-
ceived as evidence that marine
calcification will not be impaired
under conditions of low pH in the
future. However, this reasoning is
invalid because extended periods
of high PCO2 (Fig. 4B) do not nec-
essarily result in a suppressed sea-
water calcite saturation state (Fig. 3)
(1, 40), which exerts an impor-
tant control on organisms’ calcifi-
cation (41).

Cretaceous and Jurassic oce-
anic anoxic events. The Mesozoic
oceanic anoxic events (OAEs) (in
particular, OAE 2 ~93 Ma, OAE1a
~120 Ma, and Toarcian OAE ~183
Ma) were intervals during which
the ocean’s oxygen minimum and
deep anoxic zones expanded mark-
edly (42). The onsets of theseOAEs
have been linked to the emplace-
ment of large igneous provinces,
degassing large amounts of CO2

and associated environmental con-
sequences of warming, lower oxy-
gen solubility, and possibly ocean
acidification (42). Some of the
Cretaceous OAEs were associated
with turnover in plankton commu-
nities (43). Deformities and some
minor size reduction in coccoliths,
as well as a massive increase in
the abundance of heavily calcified
nannoconids, have been observed
(44, 45). However, similar to more
recent events, there is difficulty in
unequivocally attributing observa-
tions to surface water acidification
given the covariation of environ-
mental changes (46).

Because most old sea floor
(~180 Ma or older) is subducted,
the sedimentary record of the
Toarcian OAE is now restricted to former con-
tinental margins. Sedimentary organic and inor-
ganic carbon deposits display initially negative,
followed by positive d13C excursions, which is
consistent with an influx of CO2 into the at-
mosphere followed by organic carbon burial
(42). The negative isotopic transition occurs in
distinct negative d13C shifts, each estimated to
occur in less than 20 ky (47) and possibly in as
little as 650 years (48). The Toarcian OAE is
associated with a reef crisis that was particularly
selective against corals and hypercalcifying
sponges (animals with a large skeletal-to–
organic biomass ratio) (Fig. 4B) (32) and with a
decrease in nannoplankton flux (49). Again,
these observations could have been a response
to any one or combination of a number of dif-
ferent contemporaneous environmental changes.

Triassic–Jurassic. The Triassic–Jurassic (T/J)
mass extinction is linked to the coeval emplace-
ment of the Central Atlantic Magmatic Province
(50). Proxy records across the T/J boundary
(~200 Ma) suggest a doubling of atmospheric
PCO2 over as little as 20 ky (51, 52), although
the absolute PCO2 estimates differ greatly between
proxies, with leaf stomata suggesting an increase
from 700 to 2000 matm, whereas pedogenic car-
bonates indicate an increase from 2000 to 4400
matm (Fig. 4C) (2). Decreased carbonate satura-
tion is inferred from reduced pelagic carbonate
accumulation in shelf sediments (53), although
shallow water carbonate deposition can vary in
response to many parameters, not only acidifica-
tion. A calcification crisis amongst hypercalcify-
ing taxa is inferred for this period (Fig. 4B), with
reefs and scleractinian corals experiencing a near-

total collapse (32). However, the observation that
tropical species were more affected than extra-
tropical species suggests that global warming may
have been an important contributor or even dom-
inant cause of this extinction (32).

Permian–Triassic. The Permo–Triassic (P/T)
mass extinction (252.3 Ma) was the most severe
of the Phanerozoic Era and coincided, at least in
part, with one of the largest known continental
eruptions, the Siberian trap basalts. Recent es-
timates for the total CO2 release put it at ~13,000
to 43,000 PgC in 20 to 400 ky (54–56)—an an-
nual carbon release of ~0.1 to 1 PgC [compared
with 9.9 PgC in 2008 (57)]. There is some obser-
vational evidence for carbonate dissolution in
shelf settings (54), but its interpretation is again
debated (58). There is abundant evidence for
ocean anoxia, photic zone euxinia (enrichment in

Fig. 4. Compilation of data-based
[(B) and (C)] andmodel-reconstructed
[(C) and (D)] indicators of global
carbon cycle evolution over the
past 300 My together with candi-
date ocean acidification events (A).
(A) Summarization of the degree to
which events (table S1) have some
similarity tomodern oceanacidifica-
tion. The similarity index (table S1)
is color-coded, where red indicates
3/most similar, orange indicates
2/partly similar, and yellow indicates
1/unlike. (B) Proxy-reconstructed
atmospheric PCO2 (2) grouped by
proxy: yellow circles indicate paleo-
sol d13C, light blue squares indicate
marine phytoplankton d13C, red
triangles indicate stomatal indices/
ratios, dark blue inverted triangles
indicate planktic foraminiferal d11B,
green five-pointed stars indicate
liverwort d13C, purple six-pointed
stars indicate sodium carbonates,
with 10-My averages shown by gray
bars. For plotting convenience, es-
timates exceeding3000matmare not
shown [primarily paleosold13C from
the uppermost Triassic/lowermost
Jurassic (2)]. (C) Ocean Mg/Ca ratios
(red triangles, left axis), reconstructed
from fluid inclusions (2) and echino-
derm fossil carbonate [red squares
(71)] together with the Phanerozoic
seawater model of (72) (red line).
Also shown (blue circles, right axis)
is [Ca2+] from fluid inclusions (2)
and models [blue line (72)]. (D)
Model-reconstructed changes in
mean ocean surface pH at 20-My
intervals [black line (73)].
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hydrogen sulfide) (59), and strong warming (54),
but no direct proxy evidence for pH or carbonate
ion changes. Knoll et al. (59) inferred the prefer-
ential survival of taxa with anatomical and phys-
iological features that should confer resilience
to reduced carbonate saturation state and hyper-
capnia (high CO2 in blood) and preferential ex-
tinction of taxa that lacked these traits, such as
reef builders (32).

Is There a Geologic Analog for the Future?
Anumber of past ocean carbon-cycle perturbation
events share many of the characteristics of an-
thropogenic ocean acidification (Fig. 4 and table
S1), with the notable exception of the estimated
rates of CO2 release. In the general absence of
direct proxy evidence for lower pH and reduced
saturation before the Pliocene, global carbon cycle
models can be used to infer the magnitude of
carbon release by fitting observed changes in the
d13C of calcium carbonates and organic remnants
(60). However, as well as needing information on
the source and isotopic composition of the added
carbon, the time scale of d13C change is critically
important to the estimation of CO2 fluxes (25).
Because of the lack of open-ocean sediments and
increasingly poor temporal and spatial resolution
of the geological record further back in time, it is
difficult to place adequate constraints on the
duration and rate of CO2 release. Radiometric
dating techniques are not accurate enough to
identify Mesozoic intervals of 10-ky duration,
although orbital spectral analysis of highly
resolved isotope and/or sedimentological records
can help to partly overcome this—for example,
if a d13C excursion is shorter or longer than one
precession cycle [21 ky (51)]. Even for the well-
studied PETM, the duration of the main phase
of this carbon injection is still debated (35, 61),
and model-inferred peak rates of ≤1 PgC per
year (26, 61) could potentially be an underestimate.

Additional complications arise because car-
bon may not have been released at a uniform rate
and, in the extreme, may have occurred in the
form of rapid pulses. In such cases, the assump-
tion of an average emissions rate throughout
the entire duration of the pulsed release will fail
to capture the potential for episodes of intense
acidification. For instance, although the total
duration of the CO2 release from the T/J–age
Central Atlantic Magmatic Province was esti-
mated to be ~600 ky, pulses as short as ~20 ky
have been suggested (51, 62). Similarly, the main
phase of OAE1a (excluding the recovery inter-
val) was ~150 ky (45) and hence too slow for
carbonate saturation to be significantly affected
(Fig. 3), but major volcanic eruptions and thus
rapid CO2 release could potentially have produced
future-relevant perturbations in the carbon cycle.
Substantially improved chronologies and higher-
resolution records are needed to refine estimates
of rate.

Given current knowledge of the past 300 My
of Earth’s history (Fig. 4 and table S1), the PETM
and associated hyperthermal events, the T/J, and

potentially the P/T all stand out as having excel-
lent potential as analog events, although the T/J
and P/T are much more poorly constrained be-
cause of the absence of deep-sea carbonate de-
posits. OAEs may also be relevant but were
associated with less severe volcanism (CO2 re-
lease) than were the older events (P/T and T/J).
The last deglacial transition, although charac-
terized by temperature and CO2-increase, is two
orders of magnitude slower than current anthro-
pogenic change. It is also thought to largely rep-
resent a redistribution of carbon within the ocean
and to the atmosphere and terrestrial biosphere
and hence did not have as potent and globally
uniform an acidification effect as an input from
geological reserves. Because of the decoupling
between pH and saturation on long time scales
(Fig. 3), extended intervals of elevated PCO2 such
as the middle Miocene, Oligocene, and Cretaceous
can be firmly ruled out as future-relevant analogs.

What Are the Perspectives forUsing theGeological
Record to Project Global Change?
Only rapid or pulsed CO2 release events can
provide direct future-relevant information. As-
sessment of such events critically depends on
independent geochemical quantification of the
associated changes in the carbonate system, spe-
cifically seawater-pH andCaCO3 saturation. Geo-
chemical proxy estimates are not yet available
for the Cretaceous and beyond and need to be
obtained to verify whether ocean acidification
did indeed happen. This is challenging, because
in addition to the potential for increasing post-
depositional alteration and reduced stratigraphic
exposure, uncertainty over the chemical and iso-
topic composition of seawater increases and lim-
its our interpretation of these proxies (63, 64).
Future studies will have to improve and expand
geochemical estimates and their uncertainties of
surface and deep-ocean carbonate chemistry as-
sociated with carbonate dissolution and ecolog-
ical changes. This includes finding new archives
to study the secular evolution of seawater chem-
istry but also the laboratory study of living proxy
carriers under conditionsmimicking past seawater
chemistry. An unfortunate aspect of the geolog-
ical record, however, is the lack of deep-sea car-
bonates in the Early Jurassic and beyond, which
further reduces our ability to reconstruct the car-
bonate chemistry of those older events.

The sensitivity of ocean chemistry to CO2 re-
lease, and the relationship between induced pH
and PCO2 changes, vary through time and further
complicate the picture. For instance, seawater
calcium and magnesium ion concentrations were
different in the past (Fig. 4C). This alters the ocean’s
carbonate ion buffering capacity and hence sen-
sitivity of the Earth system to carbon perturbation
(65) because all other things being equal, higher
ambient Ca2+ concentrations means that a lower
carbonate ion concentration is required to achieve
the same saturation and hence balance weathering.
Varying seawater Mg/Ca ratios may potentially
also affect the mineralogy of marine calcifiers,

where the more soluble high-Mg calcite predom-
inated Neogene reefs and reefs during the Per-
mian through Early Jurassic, and more resistant
low-Mg calcite predominated during the Late
Jurassic through Paleogene (66). Thus, on this
mineralogical basis the response of marine cal-
cifiers to ocean acidification and seawater geo-
chemistry during the P/T and T/J would arguably
be closer to the modern than, for example, dur-
ing the PETM (67). Improved estimates of past
seawater–Mg/Ca composition are necessary to
better evaluate all of this.

Although we have concentrated on the pros-
pects for extracting information from the geo-
logical record concerning the impact of ocean
acidification, we must question whether it really
is necessary to isolate its effect on marine orga-
nisms from other covarying factors (68). In par-
ticular, consequences of increasing atmospheric
CO2 will also be associated with warming in the
surface ocean and a decrease in dissolved oxy-
gen concentration (69). Massive carbon release,
whether future or past, will hence share the same
combination and sign of environmental changes.
The strength of the geological record therefore
lies in revealing past coupled warming and ocean
acidification (and deoxygenation) events as an
“integrated” analog, with future and past events
sharing the same combination and sign of en-
vironmental changes. However, in additionally
driving a strong decline in calcium carbonate sat-
uration alongside pH, the current rate of (mainly
fossil fuel) CO2 release stands out as capable of
driving a combination and magnitude of ocean
geochemical changes potentially unparalleled
in at least the last ~300 My of Earth history,
raising the possibility that we are entering an
unknown territory of marine ecosystem change.
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Abstract

Rising CO2 concentrations and water temperatures this century are likely to have transformative effects on many coastal
marine organisms. Here, we compared the responses of two life history stages (larval, juvenile) of three species of calcifying
bivalves (Mercenaria mercenaria, Crassostrea virginica, and Argopecten irradians) to temperatures (24 and 28uC) and CO2

concentrations (,250, 390, and 750 ppm) representative of past, present, and future summer conditions in temperate
estuaries. Results demonstrated that increases in temperature and CO2 each significantly depressed survival, development,
growth, and lipid synthesis of M. mercenaria and A. irradians larvae and that the effects were additive. Juvenile M.
mercenaria and A. irradians were negatively impacted by higher temperatures while C. virginica juveniles were not. C.
virginica and A. irradians juveniles were negatively affected by higher CO2 concentrations, while M. mercenaria was not.
Larvae were substantially more vulnerable to elevated CO2 than juvenile stages. These findings suggest that current and
future increases in temperature and CO2 are likely to have negative consequences for coastal bivalve populations.
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Introduction

The combustion of fossil fuels during the past two centuries has

caused increases in atmospheric carbon dioxide and global

temperatures, trends that are projected to continue in the coming

decades [1]. Global temperatures are expected to increase 2 to

5uC this century [2]. Atmospheric CO2 concentrations that had

increased at a rate of 1% per year in the 20th century are now

increasing ,3% per year and may exceed 800 ppm by the end of

this century [1,3]. Ocean chemistry will be altered by this rising

CO2 as levels of both pH and carbonate ions decline [4]. These

changes in ocean chemistry may have transformative effects on

ocean life.

Coastal zones are likely to be the first regions to experience high

levels of temperature and CO2 predicted for the open ocean in the

future due to both natural and anthropogenic processes, and some

regions are already experiencing these increases. For example,

upwelling can introduce water with high concentrations of CO2

(800–1100 ppm) along large sections of the continental shelf [5].

Acidic river water can depress carbonate ion concentrations in

coastal marine environments [6]. Furthermore, many coastal

regions can be net heterotrophic due to anthropogenic, terrestrial,

riverine, and wetland loadings of organic carbon [7,8,9,10],

processes that collectively promote supersaturated CO2 concen-

trations and lower pH. Coastal water temperatures are more

sensitive to extreme and rapid increases in air temperature and

increases in estuarine water temperatures have outpaced those

observed in the surface ocean [11,12].

Many marine organisms, in particular those with calcified parts,

can be negatively affected by acidification of ocean waters [13].

Enrichment of CO2 can have a negative impacts across a wide

range of calcifying marine taxa from coral [14], to coccolitho-

phores [15], echinoderms [16], and coralline algae [17].

Sediments with high levels of CO2 and low levels of carbonate

ion have been shown to promote mortality of juvenile mollusks

(Mercenaria mercenaria and Mya arenaria) [18,19]. Elevated CO2 can

cause decreased calcification in mussels (Mytilus edulis) and oysters

(Crassostrea gigas; [20]), as well as decreased growth in mussels (M.

edulis; [21]). Seawater enriched in CO2 can also depress the

survival, growth, and metamorphosis of larval stages of calcifying

bivalves [19,20,22,23,24,25]. Our previous work has specifically

demonstrated that larval hard clams (M. mercenaria) and bay

scallops (Argopecten irradians) reared under the CO2 conditions

representative of the pre-industrial era (250 ppm) experience

significantly faster growth and metamorphosis compared to

individuals exposed to modern day CO2 levels (390 ppm) [24,26].

The increases in ocean temperatures projected to occur this

century will impact marine life. Higher temperatures in marine

ecosystems can alter primary productivity, stratification, and

organismal physiology [27]. The current rate of warming in ocean

waters will likely apply thermal stress to a wide range of marine

organisms as the limits of their temperature tolerances are

approached or exceeded [28]. Temperature is a vital factor that

influences the spawning and development of invertebrate larvae

and most bivalve gametes are spawned at specific temperatures

[29,30,31]. While larval bivalves experience maximal growth and

PLoS ONE | www.plosone.org 1 October 2011 | Volume 6 | Issue 10 | e26941



survival rates under ideal temperature conditions (e.g. ,24uC for

many northwestern Atlantic species), small increases in tempera-

ture beyond that range will depress these rates [32,33,34]. In

addition, higher temperatures can make larval bivalves more

vulnerable to other environmental stressors such as ocean

acidification [35].

Concurrent, future increases in CO2 and water temperatures in

marine environments likely may have synergistic effects on ocean

life, in general, and invertebrate larvae in particular. Negative

impacts of high CO2 are often the greatest for early life stages of

many organisms, while thermal stress can affect all life stages [36].

For the tropical sea urchin, Tripneustes gratilla, higher temperatures

increased the growth and size of larvae, while higher CO2

concentrations reduced calcification and negated the positive effect

of higher temperatures when both temperature and CO2 were

increased [16]. For one week old barnacles, Semibalanus balanoides, a

significant reduction in calcification and survival was estimated

under simultaneously elevated temperature and CO2 [37]. Red

abalone larvae, Haliotis rufescens, displayed significant reductions in

survivorship with increased CO2 and a brief thermal stress

compared to ambient CO2 levels at the same thermal stress level

[38]. The combination of high temperature and CO2 have had

synergistically, negative effects on a species of arctic pteropod [39]

but antagonistic impacts on crustose coralline algae [17]. Exposure

of two species of oysters (Saccostrea glomerata and Crassostrea gigas) to

high CO2 and increased temperature caused declines in

fertilization success, development of embryos, and the size of

larvae, as well as an increase incidence of abnormal morphology

[40]. In contrast, the fertilization success of multiple species of

marine invertebrates from South East Australia were unaffected by

warming and ocean acidification [41]. To date, few studies have

examined the simultaneous effects of CO2 and temperature on any

species of North Atlantic marine bivalves.

Here we present experiments investigating the effects of higher

seawater temperatures and past, present, and future CO2

concentrations on the growth and survival of the larvae of two

species and juveniles of three species of CaCO3 synthesizing

bivalves native to the east coast of North America: the hard clam

or northern quahog, Mercenaria mercenaria (Linnaeus, 1758), the

Eastern oyster, Crassostrea virginica (Gmelin, 1791), and the bay

scallop, Argopecten irradians (Lamarck, 1819). These shellfish are

vitally important economic resources and ecosystem engineers in

shallow coastal waters [42] and performance of these early life

history stages have a profound effect on the population dynamics

of these animals [43,44,45]. Simultaneously investigating the

impacts of high temperature and increasing CO2 concentrations

permitted an evaluation of the differential vulnerability of larval

and juvenile stages of each species to these environmental stressors.

Methods

This study examined the effects of multiple CO2 and

temperature levels on juvenile and larval stages of bivalves. For

all experiments, experimental vessels with bivalves (described

below) were maintained in water baths set maintained at 24 and

28uC using commercially available aquarium heaters (Aquatic

Eco-systems, Inc., Florida, USA). Temperatures were recorded

every 6 minutes throughout experiments using in situ data loggers

(Onset�) and remained within 60.7uC of target values. The two

experimental temperatures (24 and 28uC) were chosen to

represent normal and above average temperatures in Northeast

US estuaries during summer months [12,46] when larvae are

spawned and juvenile stages are most likely to experience thermal

stress. A gas proportionator system (Cole ParmerH Flowmeter

system, multitube frame) was used to deliver CO2 gas to seawater

treatments at multiple rates. The gas proportionator mixed

appropriate flow rates of 5% CO2 gas, low CO2 gas, and

pressurized air (,390 ppm CO2) to yield the concentrations of

carbon dioxide desired for experiments at a net flow rate that

turned over experimental vessels .100 times daily. We have found

that experiments performed with gases mixed via a proportionator

as described here generate nearly identical seawater chemistry and

larval responses compared to those obtained from tanked gases

premixed at specific CO2 levels [26]. For experiments, the CO2

gas mixtures from the proportionator system were continuously

delivered to the bottom of replicated (n = 3 or 4) experimental

vessels (detailed below). With continuous bubbling, all treatment

carboys remained saturated with respect to oxygen (,8 mg L21).

To quantify precise CO2 levels attained in experimental

treatments, aliquots were removed before addition of larvae as

well as at the conclusion of the experiment, and analyzed during

experiments using an EGM-4 Environmental Gas AnalyzerH (PP

Systems) system that quantified total dissolved inorganic carbon

levels after separating the gas phase from seawater using a Liqui-

CelH Membrane (Membrana) a standard curve made from sodium

bicarbonate. This instrument provided a methodological precision

63.6% for replicated measurements of total dissolved inorganic

carbon and provided full recovery (10263%) of Dr. Andrew

Dickson’s (University of California San Diego, Scripps Institution

of Oceanography) certified reference material for total inorganic

carbon in seawater (Batch 102 = 2013 mmol DIC kg seawater21).

Levels of CO2 were calculated based on measured levels of total

inorganic carbon, pH (mol kg seawater21, NBS scale;), temper-

ature, salinity, and first and second dissociation constants of

carbonic acid in seawater according to [47] using the program

CO2SYS (http://cdiac.ornl.gov/ftp/co2sys/). Daily measure-

ments of pH (Thermo Scientific Orion Star SeriesTM Benchtop

pH meter; 60.002; calibrated prior to each use with NIST

traceable standards; equilibrated for ,5 minutes per sample)

indicated experimental vessels maintain a constant pH level

throughout experiments (,0.5% RSD within treatments). Spec-

trophotometric measurements of pH made using m-cresol purple

as described by Dickson et al. [48] and corrected for scale [49]

were never significantly different from those obtained with the

high sensitivity pH microprocessor. The levels of precision for

measurements of pH and DIC permitted for the accurate

differentiation of CO2 treatment levels (see below) that differed

by hundreds of ppm (250 v 390 v 750 v 1700 ppm).

Larvae experiments
The recommendations of the ‘best practices’ for small

microcosm experiments set forth by European Project on Ocean

Acidification (EPOCA) were followed for this project [50]. M.

mercenaria and A. irradians larvae were grown at three levels of CO2:

a high level (,750 ppm CO2), predicted for the year 2100, a

modern level (,390 ppm CO2), and a near pre-industrial level

(,250 ppm CO2), while at two different temperatures (24 and

28uC). Precise CO2 levels and complete carbonate chemistry from

this experiment appear in Table 1. One-liter, high-density

polyethylene beakers were filled with 0.2 mm filtered seawater

from eastern Shinnecock Bay, New York, United States. M.

mercenaria larvae were obtained from Cornell Cooperative

Extension, Southold, NY, and A. irradians larvae were from the

East Hampton Shellfish Hatchery, East Hampton, NY, within

hours of fertilization and were distributed to each treatment

beaker at a concentration of ,350 L21, consistent with post-

spawning densities in estuaries (Carriker 2001). Twice weekly

during experiments, larvae were gently poured onto a 64 mm
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mesh, and the condition (live or dead) and developmental stage of

each larvae (veligers, pediveligers, and metamorphosed) were

determined visually under a dissecting microscope; every individ-

ual larvae was counted at every water change. Larvae from each

beaker (n = 4, per treatment) were removed, counted, observed,

and transferred into a new beaker with new filtered seawater, food,

and antibiotics within a 15 minute period. Percent survivorship of

all larvae was determined at each of the bi-weekly water changes

when the numbers of larvae in each stage of veligers, pediveligers,

and metamorphosed juveniles were quantified. Dead larvae were

characterized by a lack of swimming and movement of the velum

and, when visible, internal organs, as well as a loss of pigmentation

and fully open valves. Experiments were terminated after at least

50% of the surviving larvae in all treatments had metamorphosed,

Table 1. Mean temperature, pH, carbonate chemistry, alkalinity, and salinity (61 SD) during the three-level carbon dioxide and
two-level temperature experiments with Mercenaria mercenaria, and Argopecten irradians larvae.

Parameter Pre-industrial CO 2 Ambient, present day CO2 Elevated CO2

Mercenaria mercenaria

Temperature (uC) 2460.7 2460.7 2460.7

pH 8.21060.032 8.08160.042 7.860.012

pCO2 (ppm)* 220.4624.235 375.3636.45 771.6629.113

Vcalcite* 2.8660.50 2.6860.51 1.5160.15

Varagonite* 1.8460.37 1.7260.36 0.9860.13

Total DIC (mmol L1) 1115.3695.67 1374.1662.89 1439.4631.38

CO3
22 (mmol L21)* 112.7621.24 105.5626.23 59.769.806

Alkalinity (TA) (mmol kg1)* 1296.86121.3 1527.3686.56 1509.3627.69

Salinity 28.061.0 28.061.0 28.061.0

Argopecten irradians

Temperature (uC) 2460.7 2460.7 2460.7

pH 8.20060.026 8.08060.059 7.81060.016

pCO2 (ppm)* 238.4625.012 373.9641.540 756.2619.986

Vcalcite* 2.9560.16 2.6660.57 1.5560.12

Varagonite* 1.960.42 1.7260.45 1.0060.24

Total DIC (umol L21) 1176656.27 1368.7636.99 1517635.45

CO3
22 (mmol L1)* 133.7622.32 105.1628.52 61.3612.321

Alkalinity (TA) (mmol kg1)* 1359.6635.98 1521.4655.06 1517.1646.66

Salinity 28.061.0 28.061.0 28.061.0

Mercenaria mercenaria

Temperature (uC) 2860.7 2860.7 2860.7

pH 8.20060.040 8.09060.046 7.860.012

pCO2 (ppm)* 247.4616.241 379.0643.12 794.6629.113

Vcalcite* 3.4360.53 3.1760.56 1.7560.15

Varagonite* 2.2460.99 2.0760.45 1.1460.13

Total DIC (mmol L1) 1196676.24 1389.2653.45 1439.6631.38

CO3
22 (mmol L21)* 133.7620.34 123.4636.42 68.169.806

Alkalinity (TA) (mmol kg1)* 1404.36123.61 1568.2666.49 1522.8627.69

Salinity 28.061.0 28.061.0 28.061.0

Argopecten irradians

Temperature (uC) 2860.7 2860.7 2860.7

pH 8.21060.029 8.0860.054 7.81060.026

pCO2 (ppm)* 239.8613.078 386.7644.23 772.7629.951

Vcalcite* 3.4860.17 3.0960.57 1.7860.16

Varagonite* 2.2760.78 2.0160.42 1.1660.14

Total DIC (umol L21) 1189.1653.57 1557.1632.88 1433.6630.21

CO3
22 (mmol L1)* 135.7643.2 120.3628.46 69.3612.321

Alkalinity (TA)(mmol kg1)* 1400.8665.25 1557.1670.21 1519.4636.45

Salinity 28.061.0 28.061.0 28.061.0

*Parameters calculated using CO2SYS.
doi:10.1371/journal.pone.0026941.t001
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which averaged three weeks among all experiments. To determine

the percentage of individuals that had metamorphosed at each

time point, the following equation was employed:

Total beginning larvae{dead larvae{non metamorphosed larvaeð Þ=ð

Total beginning larvae) �100

Larvae were fed an ideal food source at a density known to

maximize bivalve larval growth and survivorship through

metamorphosis [24,34,51]. Cultures of Isochrysis galbana (Tahitian

strain, T-Iso) were maintained in exponential phase growth

using standard culture conditions and added at a density of

26104 mL21 daily to each experimental beaker as a food source.

To promote high survivorship, all containers in contact with larvae

were never exposed to chemicals or detergents [24]. To discourage

the growth of bacteria during experiments, an antibiotic solution

(Sigma-Aldrich No. 4083, 5000 units of Penicillin, 5 mg of

Streptomycin, and 10 mg of Neomycin per milliliter of solution)

was added to each beaker at 1% its original concentration at the

beginning of each experiment and at the time of each water

change (approximately 2 times weekly). This antibiotic mixture at

this concentration has been shown to have no negative effects on

the growth and survivorship of shellfish larvae [24]. Experiments

presented here were repeated without antibiotic treatments and

yielded no difference in bivalve larval survival suggesting that

neither the antibiotics nor the bacteria in seawater altered the

results presented here. To meet the assumption of normality and

homogeneity, survival and percent metamorphosed data were arc-

sin square root transformed after which a two-way ANOVAs was

performed where temperature and CO2 were the main effects.

Sizes of larvae were also examined via two-way ANOVAs. Post-

hoc Tukey multiple comparison tests were performed to examine

the differences among percent survival, percent metamorphosis,

and sizes at each temperature and CO2 level. Statistical analyses

were performed with SYSTAT 13 � Copyright, 2009, Systat

Software, Inc.

To estimate the relative lipid content of larvae, Nile Red dye

was used to bind to neutral lipids and fluoresce under an FITC

filter on an epifluorescent microscope [51,52]. A Nile Red stock

solution was made of 1.25 mg of Nile Red crystals in 100 ml of

acetone. Randomly selected larvae (n = 15) from each replicated

treatment bottle (n = 12) were stained with a 1:9 dilution of the

stock solution and 0.2 mm filtered seawater. Larvae were exposed

to the stain for ,1.5 hours during which larval motion ceased,

permitting the uniform, planar orientation of each individual for

image analyses. Larvae were digitally photographed with a Roper

Scientific Photometrics CoolSNAP ES camera mounted to an

epiflorescent microscope. Digital images of each larva were

analyzed for the area of lipid accumulation and the diameter

and the area of individuals using Image JH software. Diameters

were measured on randomly selected larvae (n = 15) from each

replicated treatment vessel (n = 12). A lipid index was estimated by

dividing the area of the larvae containing the fluorescing lipids by

the total larval area thereby allowing for direct comparisons

among treatments. Two-way ANOVAs and post-hoc Tukey

multiple comparison tests were performed to examine the

differences among larval lipid indexes, as well as shell length at

each CO2 level.

Juvenile experiments
Juvenile bivalves were obtained during early summer from the

East Hampton Shellfish Hatchery, East Hampton, NY. Starting

mean lengths and ash-free, dry weights (6 standard deviation)

of individuals were 6.0960.65 mm and 1.3660.048 g for

M. mercenaria, 11.4863.60 mm and 1.4860.221 g for C. virginica,

and 15.9361.59 mm and 1.7460.172 g for A. irradians. Ten

individuals of each species were placed into triplicate, 10-liter,

high-density polyethylene vessels that were maintained in water

baths of 24 or 28uC (Table 2). CO2 was continuously delivered as

described above at ,400 and 1700 ppm representing ambient,

pelagic CO2 found today and a high concentration that our

atmosphere may approach in the future [53], but within the range

of levels found in and near the benthos which is frequently

undersaturated with regarding to carbonate [6,18,19]. The range

of CO2 used in this experiment (,400–1700 ppm) is also

commonly found in nearshore and estuarine marine environments

[7,8,9,10]. Experimental vessels were bubbled with appropriate

CO2 levels for 24 h prior to commencing experiments. Precise

CO2 levels and complete carbonate chemistry from this experi-

ment appear in Table 2. Each juvenile introduced into each

treatment was identified with colored paint, allowing growth of

individuals to be assessed through the 45 day experiment, a

duration matching peak, hot, summer temperature in temperate

estuaries [12,46]. Every three days, water was exchanged with

ambient sea water from Old Fort Pond, Southampton, NY, USA,

or Northwest Harbor in East Hampton, NY, USA (salini-

ties = 2863). Newly collected water was bubbled for 12 h prior

to transferring individual bivalves to new vessels. Nutrients (10 mM

nitrate and 0.63 mM orthophosphate) were added immediately

and daily to experimental vessels that were held under a bank of

fluorescent lights that were on an ,12:12 h light:dark cycle and

delivered a light intensity of ,10 mmol quanta m22 s21 to

encourage phytoplankton growth. Consequently, chlorophyll a

measured using standard methods at the start and end of each

water change during experiments [54] averaged 9.863.7 mg L21

and never fell below 5 mg L21, a level generally deemed adequate

for maximal growth rate of juvenile bivalves [55,56,57].

Tissue and shell weight of juvenile bivalves was quantified by

drying individuals for 72 hours at 60uC followed by combustion

for 4 hours at 450uC. Individuals that did not survive the duration

of the experiment were removed immediately, frozen, and then

weighed with individuals surviving the duration of the experiment.

The post-combustion weight represented the shell weight whereas

the difference between the dry and combusted weights represented

organic tissue weight. Tissue and shell weight-based growth rates

were calculated by dividing the change in weight by the duration

of the experiment in days. Growth rates were compared by means

of two-way ANOVAs where temperature and CO2 were the main

effects. Post-hoc Tukey multiple comparison tests were performed

to examine the differences among juvenile growth at each

temperature and CO2 level. Survival of individuals was assessed

daily and dead individuals (A. irradians only during the final weeks

of the experiment) were removed in ,24 hr of expiring. The

percent mortality of A. irradians within each treatment was arc-sin

square root transformed after which a two-way ANOVA was

performed where temperature and CO2 were the main effects.

Results

Carbon dioxide and temperature both significantly affected

larval metamorphosis (p,0.001; two-way ANOVA, Table S1),

survival (p,0.001; two-way ANOVA, Table S1), growth

(p,0.001; two-way ANOVA, Table S1) and lipid synthesis

(p,0.001; two-way ANOVA, Table S1). In M. mercenaria larvae,

temperature and CO2 had a significant, slightly antagonistic,

interactive effect on M. mercenaria metamorphosis (p,0.001; two-
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way ANOVA, Table S1). The percentage of individuals that had

metamorphosed and survived, as well as individual grow rates

were all highest for individuals grown under 250 ppm and at 24uC
and were lowest for individuals grown at 750 ppm CO2 and 28uC
(Fig. 1, S1). For example, 18 days post-fertilization, 4562.6,

1662.0, and 865.3% of individuals (6 standard deviation) at

24uC had metamorphosed under ,250, 390, 750 ppm CO2,

where as 2760.6, 1360.4, and 560.3% had done so at ,250,

390, 750 ppm CO2 and 28uC (Fig. 1a, S1). With increasing CO2

values (,250, ,390, and ,750 ppm), larval survival decreased

from 4463.1 to 3062.1 and 2060.3% at 24uC compared to

2060.9 to 1460.5 and 861.5% at 28uC (p,0.05 for all, Fig. 1b.).

For M. mercenaria larvae, there was a synergistic interaction

(p,0.001; two-way ANOVA, Table S1) between CO2 and

temperature, as survival percentages in this combined treatment

were lower than expected from the individual treatments.

Regarding size, M. mercenaria larvae at 24uC and ,250 ppm

CO2 had mean diameters of 553638 mm while increasing

temperatures and CO2 level progressively depressed sizes with

individuals grown at 28uC and ,750 ppm CO2 having mean

diameters of 325622 mm (Fig. 1c). Lipid indices for M. mercenaria

were always higher at 24uC (0.2360.09) compared to larvae

grown at 28uC (0.1560.07; p,0.001, two-way ANOVA; Table

S1, Fig. 1d). The lipid content for M. mercenaria larvae also

decreased with increasing CO2 levels (p,0.001, two-way

ANOVA; Table S1, Fig. 1d). While there was no significant

differences in lipid indices between ,250 and ,390 ppm at either

temperature, there was a significant decrease in lipid indices when

the CO2 level was enriched from ,250 or ,390 to ,750 ppm for

both temperatures (Fig. 1d).

Responses of A. irradians larvae to temperature and CO2 levels

were similar to M. mercenaria and in some cases were more

dramatic. There was a significant decrease in the percent of

individual A. irradians larvae that had developed into metamor-

phosed juveniles with increasing CO2 and increasing temperature

(p,0.001; two-way ANOVA, Table S1), as well as a synergistic

interaction between both temperature and CO2 concentrations for

larval metamorphosis (p,0.001; two-way ANOVA, Table S1).

While 8760.8 and 7160.9 and 5362.3% individuals had

metamorphosed after 20 days at 24uC and ,250, ,390, and

,750 ppm, respectively, fewer than 10% of individuals did so at

28uC with fewer than 0.5% metamorphosed at 28uC and

,750 ppm CO2 (Fig. 2a, S2). There was also a significant decline

in larval survival with each increased CO2 and temperature level

(p,0.001; two-way ANOVA; Table S1, Fig. 2b). There was also a

slightly antagonistic interactive effect of CO2 and temperature on

the percentage of A. irradians larval survival (p,0.001; two-way

ANOVA, Table S1). At 24uC, 9160.9, 7461.1, and 5462.3% of

individuals survived at 250, ,390, and ,750 ppm, respectively,

whereas at 28uC, 4560.8, 3560.4, and 2760.96% of individuals

survived, respectively (Fig. 2b). Higher CO2 and temperature

depressed the size attained by A. irradians larvae (p,0.001; two-way

ANOVA, Table S1). Mean diameters of A. irradians larvae

at 24uC and ,250 ppm were 530633 mm while sizes

progressively decreased with higher temperature and CO2 levels

to 309633 mm at 28uC and ,750 ppm (p,0.05, Tukey for all;

Fig. 2c). For A. irradians larvae, there were significant differences in

lipid indices among CO2 levels (p,0.001, two-way ANOVA,

Table S1), and between the two temperatures (p,0.05, two-way

ANOVA, Table S1). At both temperatures, lipid indices in A.

irradians larvae decreased from 0.2160.04 to 0.1860.03 to

0.0860.01 as CO2 levels increased from ,250 to ,390 and

,750 ppm (p,0.001 for ,250 or ,390 compared to ,750 ppm

CO2; Fig. 2d). At 28uC, lipid indices decreased from 0.1960.007

Table 2. Mean temperature, pH, carbonate chemistry, alkalinity, and salinity (61 SD) during the two-level carbon dioxide and two-
level temperature experiments with Mercenaria mercenaria, Crassostrea virginica, and Argopecten irradians juveniles.

Parameter Ambient, present day CO2 Elevated CO2

Mercenaria mercenaria, Crassostrea virginica, and Argopecten irradians juveniles

Temperature (uC) 2460.65 2460.65

pH 8.09160.001 7.62060.060

pCO2 (ppm)* 400612.34 1665625.60

Vcalcite* 2.9960.10 1.4260.18

Varagonite* 1.9360.07 0.9260.12

Total DIC (mmol L1) 1502648.47 2023629.01

CO3
22 (mmol L21)* 117.963.95 56.167.16

Alkalinity (TA)(mmol kg1)* 1667.5652.15 2052.2619.39

Salinity 28.063.0 28.063.0

Temperature (uC) 2860.65 2860.65

pH 8.09260.002 7.61760.047

pCO2 (ppm)* 399.561.68 1737618.71

Vcalcite* 3.3860.04 1.6460.19

Varagonite* 2.2060.03 1.0760.12

Total DIC (mmol L1) 1473611.61 203964.10

CO3
22 (mmol L21)* 131.561.64 64.067.16

Alkalinity (TA) (mmol kg1)* 1659.4613.52 2080.8617.67

Salinity 28.063.0 28.063.0

*Parameters calculated using CO2SYS.
doi:10.1371/journal.pone.0026941.t002

Temperature and Carbon Dioxide Effects on Bivalves

PLoS ONE | www.plosone.org 5 October 2011 | Volume 6 | Issue 10 | e26941



to 0.1560.01 to 0.0760.004 as CO2 levels increased from ,250

to ,750 pm (Fig. 2d).

Unlike the larvae, juvenile M. mercenaria were unaffected by even

higher levels of CO2, but were affected by temperature differences.

For example, the shell growth of juvenile M. mercenaria was

significantly greater at 24uC (1.0360.06 mg d21) compared to

28uC (p,0.01, two-way ANOVA; Table S1, Fig. 3a). Tissue

growth for M. mercenaria juveniles was not significantly altered by

temperature and CO2 did not significant alter shell or tissue

growth of M. mercenaria juveniles (Table S1, Fig. 3b).

Unlike M. mercenaria, shell growth of C. virginica juveniles was

significantly lower at 1700 ppm CO2 (2.8860.10 mg d21) com-

pared to 400 ppm CO2 (4.5760.17 mg d21; p,0.05; two-way

ANOVA; Table S1, Fig. 4a). Tissue growth for C. virginica juveniles

was not significantly affected by temperature or CO2 (Table S1,

Fig. 4b).

Juvenile A. irradians were sensitive to both elevated CO2, and

elevated temperatures treatments used in this study. With

increasing temperature from 24 to 28uC, A. irradians juvenile shell

growth decreased from 4.7560.17 mg d21 to 3.3060.13 mg d21

while tissue growth decreased from 0.1460.02 mg d21 to

0.0360.002 mg d21 (p,0.05; two-way ANOVA; Table S1,

Fig. 5a). Although CO2 did not significantly alter shell- or tissue-

based growth in juvenile A. irradians (Table S1), the higher CO2

and temperature yielded a significant interactive, decline in

juvenile A. irradians survival from 73.3615% and 53.3615.3%

for 24 and 28uC, respectively, at 400 ppm CO2, to 43.365.8%

and 33.3613.0% for 24 and 28uC, respectively, at 1700 ppm

(p,0.05; two-way ANOVA for CO2 only, Table S1, Fig. 5c).

Survival of juvenile M. mercenaria and C. virginica juveniles was very

high (9766% and 9366%, respectively) and was not significantly

altered by temperature or CO2 (Table S1).

Discussion

Global climate change has acidified and warmed the oceans,

trends that are projected to continue this century. Anthropogenic

processes, proximity to terrestrial carbon sources, and the shallow

nature of coastal ecosystems make them currently vulnerable to

temperatures and CO2 increases that may not occur in open ocean

waters for many decades. This study demonstrates, for the first

time, that elevated levels of CO2 and temperature negatively

impact both juvenile and larval stages of bivalves. Larvae were

found to be more sensitive to elevated levels of CO2 and

temperature than juvenile stages and unlike two of the three

juvenile species investigated, the effects of CO2 and temperature

were additive for larvae. The high temperature (28uC) and high

CO2 (,750 ppm) treatment yielded the lowest survival, growth,

metamorphosis, and lipid accumulation for both larval species.

Collectively, these results provide novel insight regarding the

effects of CO2 and temperature on the survival and development

of multiple bivalves in coastal ecosystems.

Figure 1. Performance of Mercenaria mercenaria larvae grown
under three levels of CO2, approximately 250, 390, and
750 ppm, and two temperatures 246C (white bars) and 286C
(black bars; see Table 1 for carbonate chemistry). a. Percent
metamorphosed of individuals 18 days post- fertilization, b. Percent
larval survival (20 days post-fertilization), c. Diameters of larvae (20 days
post-fertilization), and d. Lipid index (lipid area/total area) (20 days post-
fertilization). Error bars represent standard deviation of replicated
vessels per treatment (n = 4 per treatment), and for Tukey multiple
comparisons, p#0.05. Statistical results were based on arcsine square
root transformations of the % data for a. and b.
doi:10.1371/journal.pone.0026941.g001
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Larvae represent a critical life stage for shellfish populations as

reductions in the growth and survival of larvae have the potential

to translate into substantial declines in adult populations

[44,45,58,59]. Temperature has a primary influence on the

spawning, growth, and development of bivalve larvae. M.

mercenaria adults from New York to Connecticut waters are known

to spawn when summer water temperatures reach 23–25uC [30]

while in temperate populations of A. irradians spawning is typically

triggered by water temperatures close to 23uC [29,60]. Resultant

larvae grow optimally at temperatures around 24–25uC, but may

experience slowed growth and even enhanced mortality at higher

temperatures [32]. Consistent with this finding, M. mercenaria and

A. irradians larvae experienced significant declines in survival,

growth, and metamorphosis at 28uC compared to 24uC during

this study. In the future, hotter summer water temperatures

(I.P.C.C. 2007; Fussel 2009) may present bivalves with a smaller

window of opportunity for optimal larval growth.

Prior studies have demonstrated that increases in CO2

concentrations beyond levels found in today’s surface oceans have

negative impacts on juvenile [18,20] and larval bivalves

[22,24,26,61]. The present study revealed similar trends and

confirmed our prior finding that pre-industrial CO2 levels provide

maximal performance in larval hard clams and bay scallops

[24,26] as there were declines in survival, metamorphosis,

diameter, and lipid indices for both M. mercenaria and A. irradians

larvae at CO2 concentrations above ,250 ppm (Fig. 1 and 2).

Exposure of shellfish larvae to higher temperatures can make them

more vulnerable to other stressors such as pollutants [35] and

consistent with this, the simultaneous increase in temperature and

CO2 depressed survival, metamorphosis, growth and lipid content

of larvae beyond the effect of either individual treatment (Fig. 1

and 2). This was most dramatically represented by A. irradians

larvae that displayed only 10% mortality under 24uC and

250 ppm CO2 compared to .70% morality of individuals

exposed to 28uC and ,750 ppm CO2 (Fig. 2). A. irradians

populations are known to display boom and bust cycles that have

been previously attributed to disease [62], overfishing [63], and/or

harmful algae [64]. Our results demonstrate that interannual

variability in temperature and CO2 are also likely to promote such

cycles. Within an ecosystem setting the net effects of higher

temperature and CO2 on bivalve larval survival may be more

profound than measured during our experiments since larvae with

extended metamorphosis times, that are smaller, and/or that

accumulate fewer lipids, all symptoms of larvae reared at high

temperature and CO2, are more likely to perish once settled

[34,52,65,66]. In the past decade, temperate coastal waters have

experienced periods of high temperatures (three weeks .28uC in

NY in 2010; C. Flagg, Stony Brook University, unpublished data)

that match the duration of typical bivalve larval development

periods [30,34]. Since such high temperatures can be coupled with

CO2 levels exceeding 1,000 ppm [5,24] the negative effects of high

Figure 2. Performance of Argopecten irradians larvae grown
under three levels of CO2, approximately 250, 390, and
750 ppm, and two temperatures 246C (white bars) and 286C
(black bars; see Table 1 for carbonate chemistry). a. Percent
metamorphosed of individuals 18 days post- fertilization, b. Percent
larval survival (20 days post-fertilization), c. Diameters of larvae (20 days
post-fertilization), and d. Lipid index (lipid area/total area) (20 days post-
fertilization). Error bars represent standard deviation of replicated
vessels per treatment (n = 4 per treatment), and for Tukey multiple
comparisons, p#0.05. Statistical results were based on arcsine square
root transformations of the % data for a. and b.
doi:10.1371/journal.pone.0026941.g002

Temperature and Carbon Dioxide Effects on Bivalves

PLoS ONE | www.plosone.org 7 October 2011 | Volume 6 | Issue 10 | e26941



temperature and high CO2 may already be impacting coastal

marine bivalve populations [26].

Adult populations of the three bivalve species examined in this

study exist over a wide range of temperatures. C. virginica adults are

tolerant of temperatures from 22 to 36uC and the geographical

distribution of this species extends from the Gulf of St. Lawrence

to the Gulf of Mexico [67] with growth being most rapid in the

warmer waters found at its southern extent [68]. M. mercenaria

distributions extend from the Gulf of St. Lawrence south to the

Florida Keys, and this species can survive from 0 to 30uC [69].

Water temperatures between 20 and 24uC, however, have proven

to provide maximal growth rates for M. mercenaria [70,71] with

levels above 24uC yielding reduced pumping rates [72] and

depressed growth rates of juvenile populations [57]. A. irradians and

populations of A. irradians subspecies can be found from Cape Cod,

Massachusetts into the Gulf of Mexico [73] and prolonged

exposure of all life stages to 30uC can promote mortality in this

species [74,75]. With global warming, shallow water habitats are

experiencing extended periods of high temperature that heightens

physiological stress for bivalves [76]. During this study, temper-

atures of 28uC decreased the growth and survival of juvenile M.

mercenaria and A. irradians, respectively (Fig. 3 and 5), a temperature

known to be detrimental to juvenile stages of these species [72,73].

In contrast, juvenile C. virginica growth was not reduced at 28uC
(Fig. 4), a finding consistent with this species’ ability to thrive in

warmer waters [68].

Figure 4. Growth of Crassostrea virginica juveniles at two levels
of CO2, approximately 400 and 1700 ppm, and two tempera-
tures 246C (white bars) and 286C (black bars; see Table 2 for
carbonate chemistry). a. Shell growth and b. Tissue growth. Error
bars represent standard deviation of replicated vessels per treatment
(n = 3 per treatment).
doi:10.1371/journal.pone.0026941.g004

Figure 3. Growth of Mercenaria mercenaria juveniles at two
levels of CO2, approximately 400 and 1700 ppm, and two
temperatures 246C (white bars) and 286C (black bars; see
Table 2 for carbonate chemistry). a. Shell growth and b. Tissue
growth. Error bars represent standard deviation of replicated vessels per
treatment (n = 3 per treatment).
doi:10.1371/journal.pone.0026941.g003

Temperature and Carbon Dioxide Effects on Bivalves

PLoS ONE | www.plosone.org 8 October 2011 | Volume 6 | Issue 10 | e26941



Some of the differential susceptibility to high CO2 among

bivalve species seemed consistent with their position in the

benthos. M. mercenaria juveniles and adults are infaunal being

commonly burrowed in sediments that can be undersaturated with

respect to carbonate [18]. Consistent with being well-adapted to

such exposure, juvenile M. mercenaria growth was unaffected by the

high levels of CO2 administered during our experiment, despite

aragonite being slightly undersaturated during the experiment

(V= 0.92). In contrast, high CO2 significantly depressed the

growth and survival of juvenile C. virginica and A. irradians,

respectively (Figs. 4 and 5), two epifaunal species that are less likely

to encounter sediments undersaturated with respect to calcium

carbonate compared to infaunal species. Recent studies indicate

many epifaunal species will encounter or already have encoun-

tered environments undersatruated with respect to calcium

carbonate that may already be altering bivalve population

structure [6,77,78]. In addition, two other epifaunal species (blue

mussels, Mytilus edulis, and the Pacific oyster, Crassostrea gigas) have

experienced decreased calcification and survival under high CO2

concentrations [20,21]. Similar to these epifaunal bivalves, C.

virginica may also be calcifying less under increased concentrations

of CO2 leading to the depressed growth rates observed during this

study.

With regard to temperature, it may be hypothesized that

epifaunal species are less sensitive to high temperatures since they

are commonly exposed to warmer temperatures within shallow

estuaries whereas infaunal species may avoid high temperatures by

burrowing into cooler in sediment [79]. This could partly account

for the significant decline in growth for the normally infaunal M.

mercenaria at higher temperatures but an absence of a temperature

affect on the epibenthic eastern oysters, C. virginica. We observed a

different trend, however, for juvenile A. irradians, which were

highly sensitive to prolonged exposure to both high temperature

and high CO2. Consistent with this finding, the early development

the epifaunal oyster, Saccostrea glomerata, was negatively affected by

both high temperature and high CO2 while Crassostrea gigas was

more resistant to these stressors [40,80]. Furthermore, a study of C.

virginica juveniles native to Chesapeake Bay reported that higher

temperatures and CO2 additively decreased calcification rates

[78]. Therefore, it would seem factors beyond life history-

facilitated adaptations influence the vulnerability of bivalves to

high temperature with and without high CO2 and that mollusks

are differentially adapted to these environmental stressors.

For M. mercenaria and A. irradians, the responses of the larval and

juvenile stages to increased temperature and increased CO2

concentrations may be compared. For M. mercenaria larvae,

survival declined by 82% as conditions changed from low

temperature and CO2 to 28uC and 750 ppm CO2. In contrast,

survival juvenile M. mercenaria was unaffected by 28uC and even

higher levels of CO2 (,1700 ppm). A. irradians larval survival

declined by 70% as conditions changed from low temperature and

CO2 to 28uC and 750 ppm CO2 while juvenile A. irradians

displayed a 50% reduction in survival when 24uC, ,400 ppm

CO2 treatments were compared to 28uC, and ,1700 ppm CO2

treatments, a level more than two-fold higher than the

concentration larvae were exposed to. Therefore, the larval stages

Figure 5. Growth and survival of Argopecten irradians juveniles
at two levels of CO2, approximately 400 and 1700 ppm, and
two temperatures 246C (white bars) and 286C (black bars; see
Table 2 for carbonate chemistry). a. Shell growth, and b. Tissue
growth, c. Percent survival of individuals after 45 days. Error bars
represent standard deviation of replicated vessels per treatment (n = 3
per treatment).
doi:10.1371/journal.pone.0026941.g005
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of both species were substantially more sensitive to high

temperature and CO2 than juvenile stages. The greater sensitivity

of bivalve larvae compared to juveniles to higher CO2 may be

partly related to the types of CaCO3 each stage synthesizes. The

first CaCO3 secreted by bivalve larvae is likely amphorous calcium

carbonate, a precursor to aragonite or calcite that is 50-fold more

susceptible to carbonate dissolution compared to the forms of

CaCO3 (aragonite, calcite) primarily found in juvenile stage

bivalves [81]. Regarding A. irradians, juveniles and particularly

larvae were highly sensitive to elevated temperature and somewhat

less affected by CO2. As such, the future success of this species may

be highly dependent on the ability of all developmental stages to

cope with temperature stress.

Many coastal ecosystems already experience elevated levels of

CO2 [5,6,24], in part due to decomposition of naturally and

anthropogenically derived organic matter [7,8,9,10]. As these

systems experience warming in the coming decades, a positive

feedback loop may be established whereby increasing tempera-

tures increase microbial remineralization rates of organic matter

leading to further increases in CO2 concentrations. As such,

further studies that concurrently examine the effects of increasing

temperatures and CO2 concentrations on calcifying organisms in

coastal marine ecosystems are certainly warranted.

Experimental research that seeks to mimic natural phenomena

is inherently prone to limitations and this study was not an

exception. For example, our delivery of a static level of CO2 and

temperature during experiments may have elicited a more extreme

response than those displayed by individuals in coastal ecosystems

where natural variations in temperature and CO2 concentration

may provide periods of stress and recovery that might permit some

physiological compensation. In addition, like many other studies

(e.g. [18,19,20,21,78]), our experiments with juvenile bivalves

introduced animals reared under ideal conditions into experimen-

tal treatments, a procedure that does not mimic future ocean

acidification but may be characteristic of some present day, coastal

ocean acidification. In contrast, since the internal pH of adult

bivalves is osmotically regulated and relatively static, developing

gametes persist under ideal chemical conditions until spawned

[29,30,31,34]. Once spawned, larvae suddenly enter a new

chemical environment that differs from the biochemical stability

offered by their parent. Similarly our experiments introduced

bivalve larvae into experimental vessels within hours of fertiliza-

tion. As coastal oceans acidify over the next two centuries, there

may be selection pressure on bivalves to become more resistant to

high CO2 but it seems less likely that selection will alter

homeostatic processes that regulate internal pH of adult bivalves

[34]. As such, in the future, bivalve larvae may experience elevated

CO2 in a manner similar to our experiment design: Persisting

under ideal conditions as gametes and then thrust into a new, high

temperature or CO2 environment as larvae. Therefore, while

some aspects of this research had limitations, introducing hours-

old larvae into a new environment may be one of the more

realistic experimental approaches attempting to mimic future

ocean acidification.

The sum of environmental stressors that may affect marine

organisms in the coming decades, particularly in coastal

ecosystems, is substantial. Exactly how increased temperature

and CO2 concentrations will combine to affect bivalve populations

is still not entirely understood. This study demonstrates the

negative consequences of developing in a thermally stressed and

acidified environment for larval and juvenile bivalves. These

effects may have serious implications for the future of these

bivalves and other marine calcifying organisms faced with global

climate change.

Supporting Information

Figure S1 Percent metamorphosed of M. mercenaria
larvae grown under three levels of CO2, approximately
250, 390, and 750 ppm, and two temperatures 246C and
286C (Table 1). Error bars represent standard deviation of

replicated vessels per treatment (n = 4 per treatment).

(TIF)

Figure S2 Percent metamorphosed of A.irradians lar-
vae grown under three levels of CO2, approximately 250,
390, and 750 ppm, and two temperatures 246C and 286C
(Table 1). Error bars represent standard deviation of replicated

vessels per treatment (n = 4 per treatment).

(TIF)

Table S1 Two-way analysis of variance tables for all
experiments.
(DOC)
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Abstract Anthropogenic carbon dioxide (CO2) emissions
reduce pH of marine waters due to the absorption of
atmospheric CO2 and formation of carbonic acid. Estuarine
waters are more susceptible to acidification because they are
subject to multiple acid sources and are less buffered than
marine waters. Consequently, estuarine shell forming species
may experience acidification sooner than marine species
although the tolerance of estuarine calcifiers to pH changes is
poorly understood. We analyzed 23 years of Chesapeake Bay
water quality monitoring data and found that daytime
average pH significantly decreased across polyhaline waters
although pH has not significantly changed across mesohaline
waters. In some tributaries that once supported large oyster
populations, pH is increasing. Current average conditions
within some tributaries however correspond to values that
we found in laboratory studies to reduce oyster biocalcifica-

tion rates or resulted in net shell dissolution. Calcification
rates of juvenile eastern oysters, Crassostrea virginica, were
measured in laboratory studies in a three-way factorial
design with 3 pH levels, two salinities, and two temperatures.
Biocalcification declined significantly with a reduction of
∼0.5 pH units and higher temperature and salinity mitigated
the decrease in biocalcification.

Keywords Biocalcification . Bivalve . Chesapeake Bay .

Estuarine acidification . Oyster . pH

Introduction

Rapidly increasing atmospheric carbon dioxide (CO2)
concentrations has the potential to lower the pH of natural
waters due to the absorption and hydrolysis of CO2

resulting in the formation of carbonic acid (i.e., Doney et
al. 2009). Acidification results in the titration of a portion of
carbonate (CO3

2−) ions to bicarbonate (HCO3
−) thereby

lowering the availability of carbonate ions to calcifying
organisms (Kleypas et al. 2006). When enough carbonate
ions are titrated, waters become thermodynamically unsta-
ble for calcium carbonate minerals, or undersaturation with
respect to calcium carbonate occurs and dissolution
follows. It is less well-recognized that such adverse pH
effects may be more pronounced in estuarine waters and
interact with other variables affected by global climate
change such as salinity and temperature (Pörtner 2008;
O’Donnell et al. 2009; Najjar et al. 2010). Since many
ecologically and commercially important shell forming
organisms reside in or rely on estuarine habitats (Dame
1996) and estuaries are typically less buffered than oceans
due to lower absolute concentrations of carbonate as well as
proportionally less carbonate relative to the total dissolved
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inorganic carbon pool (Cai and Wang 1998), acidification
may occur sooner in coastal zones than in the open oceans.

Dissolution and hydrolysis of atmospheric CO2 into
estuarine waters is only one of many processes affecting
pH in estuaries (Blackford and Gilbert 2007; Soetaert
et al. 2007; Miller et al. 2009). Eutrophication and net
heterotrophy (Kemp et al. 2005; Borges and Gypens
2010), watershed inputs (Dove and Sammut 2007;
Salisbury et al. 2008), and dry deposition of other acid
forming compounds such as sulfur and nitrogen (Doney et
al. 2007), all can alter the pH of estuarine waters. The
complex interaction of salinity, temperature, and pH on
physiological processes makes it difficult to predict
potential effects of increased atmospheric CO2 on calcify-
ing biota in estuaries that are often considered already
degraded due to multiple anthropogenic impacts such as
overfishing, eutrophication, and hydrological alteration
(Lotze et al. 2006).

Molluscs are dominant components of the estuarine
benthos; they serve as agents of benthic-pelagic coupling,
provide food and habitat for other organisms, and are also
harvested and cultivated commercially (Dame 1996). These
diverse estuarine species may be especially vulnerable to
long-term declines in baseline pH because they occupy
highly variable habitats that often present conditions at the
limits of their physiological tolerance. Therefore, even
modest changes in pH may present conditions that are
corrosive to shells and/or have physiological impacts on
larval and adult oysters (Dove and Sammut 2007; Kurihara
et al. 2007; Gazeau et al. 2007; Miller et al. 2009; Parker et
al. 2009; Talmage and Gobler 2009).

The once abundant oyster populations in Chesapeake
Bay have been decimated by multiple factors, including
inadequate fisheries management, habitat decline, and
disease (Rothschild et al. 1994; Kennedy et al. 1996; Smith
et al. 2005). Ongoing stock enhancement projects often
capitalize on the reduced virulence of these diseases in
lower salinity (<10) waters to provide refugia (Paynter
1999). However, these lower salinity waters may now
constitute unsuitable habitat for oysters, given the typically
reduced availability of calcium carbonate for shell growth
at lower salinities, coupled with often reduced pH values.
For example, Ringwood and Keppler (2002) found that
hard clam growth was significantly hampered by reduced
pH values, and these effects were more pronounced in
lower salinity waters.

The deposition of calcium carbonate in the form of an
oyster shell is a complex and biologically controlled
process that occurs on the internal shell surface. Shell
growth initiates with the formation of a periostracum (outer
coating) in the mantle folds, followed by the deposition of
an organic matrix, and then calcium carbonate within this
organic matrix (Wilber and Saleuddin 1983; Carriker 1996;

Addadi et al. 2006). Proton pumps are used to precipitate
mineral calcium carbonate (dominantly calcite in post-
larval individuals; Fan et al. 2007) into the interior organic
matrix of the shell (Levi-Kalisman et al. 2001). However,
some recent work highlights the possibility of direct
mineral deposition by the mantle tissue, rather than super-
saturating the calcifying fluid (Addadi et al. 2006). The
high level of physiological control over this process is
evidenced by the small but significant role of the organic
components, the periostracum and matrix, as well the
deviation of carbon isotope ratios in some bivalve shells
from seawater indicating both seawater bicarbonate and
respired CO2 being incorporated into the mineral phase
(Gillikin et al. 2007; McConnaughey and Gillikin 2008).
Therefore, it is important to recognize the potential effects
that acidification of estuarine waters have on shell
formation, and ultimately growth, are due to a combination
of dissolution of the external shell surface and physiolog-
ical changes to internal acid-base balance affecting the rate
of new shell deposition.

Although reduced pH has many adverse physiological
effects on aquatic organisms (Pörtner et al. 2004; Pörtner
2008) our study focuses on linking experimental measure-
ments of oyster shell deposition in response to salinity,
temperature, and pH with long-term changes in Chesapeake
Bay conditions.

Methods

Chesapeake Bay Data Analyses

Water quality data from the Chesapeake Bay Program’s
Data Hub http://www.chesapeakebay.net/dataandtools.
aspx were analyzed with linear regression analyses. Only
water temperature, salinity, and pH, data from 1985
onward were used. Pre-1985 data were removed due to a
limited sampling coverage. Mean values for each year,
season, and salinity used in the analysis were based on
∼100-2,000 data points for whole bay evaluations, and 10-
50 data points for the oyster ground analyses. The
measurements of pH by the Chesapeake Bay program
are made with a CTD system equipped with pairs of glass
silver chloride electrodes calibrated with National Bureau
of Standards (NBS) buffers. Quality control and assurance
for these publically available data is detailed at: http://
www.chesapeakebay.net/qualityassurance.aspx; details
about equipment calibration, field procedures, and data
recording may be found at: http://archive.chesapeakebay.
net/pubs/quality_assurance/MainstemTrib_QAPP07_Draft1.
pdf.

Further quality control/quality assurance steps were
taken in conducting these analyses by visual inspection of
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plots of data for extreme outliers. Out of the 32,525
observations used in the original data set, only 53 extreme
outliers were removed, one for having a salinity of over 40,
and the other 52 for having pH above 9.5. The original data
were arranged by the following arguments: data prior to
1985 were removed, the months of April, May, and June
were assigned to the spring, and June, July, August, and
September were assigned to summer. Data were grouped
into these two seasons as they coincide with important
growth periods for adult eastern oysters (spring) and
juvenile oysters (summer). Observations with salinity
between 5 and 18 were grouped as mesohaline, above 18
were polyhaline, and all observations deeper than 1 m were
removed. Once the above filters were applied to the data
set, mean values of pH were calculated for each season,
salinity, and year. These values were then used in a simple
linear regression model of pH by year for the four salinity-
season combinations to determine the overall patterns of pH
change within Chesapeake Bay, resulting in an n=24 for
each linear regression.

Regression analyses and 5-year means for pH, water
temperature, and salinity on historically important oyster
grounds were carried out for Tangier Sound and the
Chester, Choptank, Patuxent, Rappahannock, and James
Rivers (Fig. 1). With the exception of Tangier Sound, sites
within each river were identified using the Chesapeake Bay
Program’s analytical segmentation scheme to analyze
mesohaline sites within each river. The segmentation
scheme is a spatial delineation of the Chesapeake Bay and
tidal tributaries based on areas with similar natural features
used for organizational and management purposes. Sites
within Tangier Sound were delineated by maps of oyster
distributions (Smith et al. 2001). All observations within a
tributary were averaged by season and year as noted above
for regression analyses. However, for this analysis, all
available depth data were averaged with the exception of
observations below 9 m to avoid including data from water
that may be hypoxic. Regression analyses were run for pH,
water temperature, and salinity change over year from 1985
to 2008 (n=24). Mean values for each of these tributaries
were also determined as above, except data were pooled
from 2003 to 2008. All statistical analyses were conducted
using SAS version 9.1 (SAS Institute Inc., Cary, NC, USA).

Calcification Rates

Oysters were reared at a salinity of 32. The low salinity
treatment (16) oysters were acclimated to the new salinity
by diluting the seawater with river water in the holding tank
to reduce the salinity at a rate of 2 d−1. During acclimation
and holding periods, oysters were fed a diet of cultured
Isochrysis spp. (Tiso) strain CCMP1324, raised in similar
salinities to that of the oysters, and supplemented with

Shellfish Diet 1800 (Reed Mariculture, Campbell, CA,
USA). The high salinity water was collected from the
Indian River inlet, lower Delaware Bay and the low salinity
water was collected from the Patuxent River, near Solo-
mons Island, MD, USA.

Shell calcification rates were measured on groups of
approximately 300 juvenile oysters that were 1-2 mm shell
height and totaled roughly 1-2 g live weight. During
experimental measurements, oysters were held in 55-ml
flasks containing 50 ml of water at a constant temperature,
salinity, and pH. Two levels of temperature and two levels
of salinity were used resulting in four experimental runs,
each run having three pH treatments (Table 1) with four
replicate flasks per pH treatment. In the mid and low pH
treatment flasks, pH was controlled by injecting CO2 into
an airstream bubbled into each flask whilst measuring pH
within flasks. The high pH treatment was bubbled with
only air. One control flask per treatment combination was
used with no oysters to monitor pH and titration alkalinity
(TA) over the course of the experiment. We did not try to
modify the pH in the high pH treatment across salinity-
temperature combinations, and therefore, pH in the high

Fig. 1 Map of Chesapeake Bay indicating areas of historically
important oyster grounds. Letters correspond to mesohaline areas in
which pH data were analyzed in Table 1, as follows: a Chester River,
b Choptank River, c Patuxent River, d Tangier Sound, e Rappahannock,
and f James River
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pH-high salinity treatments is higher than the high pH-low
salinity treatments. It is however important to note that the
average of all pH treatments between salinities was not
significantly different, and other than the high pH-high
salinity treatments, all pH values fell within the same range
of values between salinity treatments.

Immediately following the addition of oysters to flasks, a
water sample was taken from each control flask to determine
the initial TA (t=0). Water samples (4 ml) were taken by
syringe from all flasks every 5 h for periods up to 15 h,
resulting in four sample points per flask over time. Titration
alkalinity data were examined immediately following each
determination, and measurements were terminated if the rate
of change had appeared to slow due to container effects.
Rates of titration alkalinity change would often appear to
slow by 10 h (depending on how fast initial rates were), and
this corresponded with titration alkalinity changes on the
order of 100-200 μmol L−1. Therefore, we excluded these
later data points to ensure the slopes of titration alkalinity
change over time were in fact linear and provided estimates
of calcification based on initial conditions.

Water samples were passed through a 0.2-μm filter
cartridge and diluted with a 0.7-M NaCl solution in order to
have enough sample for a two-point titration to measure
total alkalinity (Edmond 1970). Temperature and pH were
recorded using an Orion 938007MD micro temperature
probe, Thermo-scientific 8103BN combination semimicro
pH electrode and Thermo-scientific five-star pH meter
(Thermo Fisher Scientific Inc., Waltham, MA, USA). The
NBS scale was used for calibrating the pH probe with a
three-point calibration curve, and pH standards were
checked over the course of each experimental run to verify
the calibration. Additionally, at each sample time, an
alkalinity standard was measured to ensure analytical
consistency. The change in TA over time in each flask
was used to calculate the calcification rates of the oysters
(Smith and Key 1975), assuming that any other processes

contributing to TA change in the flask were negligible. Due
to the small volume of water in the flasks, relative to the
volume of samples removed, we converted the TA concen-
trations to an absolute alkalinity within each flask and
corrected these values for the amount of TA removed at
each sample time. The volume of water removed at each
sample time was determined from weight and density. The
average pH change (±1 SD) in all experimental flasks over
the course of the experiments was −0.02±0.12.

Saturation state with respect to calcite was calculated by
the program CO2SYS in Excel 2007 using Millero (1986)
constants for K1 and K2, Dickson’s KSO4 constants, and
pH entered on the NBS scale.

Statistical Analysis of Calcification Measurements

Calcification data were analyzed with a three-way analysis
of variance including interaction effects. The three-way
interaction of temperature, salinity, and pH was not
significant (α=0.05) and dropped from the model. Since
all two-way interactions were significant, the estimated
least-squares means for each of these two-way combina-
tions are presented. Differences among treatment combina-
tions within each two-way interaction were evaluated using
t tests with a Bonferroni correction for multiple pairwise
comparisons at α=0.05. Assumptions of normality and
heteroscedasticity were verified by visual inspection of
residual distributions as well as Shapiro-Wilk’s test for
normality, and Hatley’s f-max test for heteroscedasticity.

Results

Our analysis of monitoring data from 1985 to 2008 from
the Chesapeake Bay Program revealed statistically signif-
icant declines in seasonally averaged daytime pH within
polyhaline surface waters (>18; Fig. 2). The rate of

Date Run Temp. Salinity pH Treatment pH T. Alkalinity Ω Calcite

3 Oct 08 20 32 High 8.29 2.052 4.62

Mid 7.66 2.063 1.32

Low 7.56 2.041 1.05

8 Oct 08 30 32 High 8.14 2.120 4.74

Mid 7.85 2.148 2.78

Low 7.43 2.115 1.13

10 Oct 08 30 16 High 7.92 1.248 1.45

Mid 7.66 1.246 0.83

Low 7.46 1.227 0.53

15 Oct 08 20 16 High 7.76 1.198 0.70

Mid 7.52 1.155 0.39

Low 7.41 1.160 0.31

Table 1 Experimental condi-
tions for each experimental
run

Temperature and salinity were
constant throughout the experi-
ment; pH and titration alkalinity
(T. Alkalinity) are initial condi-
tions in the experimental flasks.
Titration alkalinity is in milli-
moles L−1 , temperature is in °C,
and saturation state (Ω calcite) was
calculated with CO2SYS using
salinity dependent carbonic acid
dissociation constants of Millero
et al.
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decrease, in both spring and summer, exceeded those found
in the open Pacific Ocean (Doney et al. 2009), where pH
decrease is attributed solely to increasing atmospheric CO2.
Although no statistically significant trends were found in
the mesohaline (five to 18) region of the mainstem Bay, a

general increasing trend in pH was seen in the summer
months, with some locations reporting pH values well
above 9.0. Furthermore, we found that many mesohaline
tributaries that once supported historically productive oyster
grounds, exhibited a statistically significant increasing pH
(Table 2).

Although there were broad trends of pH change across
Chesapeake Bay (Fig. 2), we highlight here average values
and trends in mesohaline portions of tributaries that once
supported important oyster grounds (Fig. 1, Table 2). We
have divided these data into seasons with April, May, and
June being most important to new shell growth of adult
oysters, and June, July, August, and September being
important to larval development as well as settlement and
growth of juveniles (Kennedy et al. 1996). In general, these
tributaries showed increasing pH with the spring and
summer pH values being similar within oyster grounds,
with the exception of the Patuxent River (Table 2).

In laboratory studies, we found a complex change in
biocalcification rates by juvenile Crassostrea virginica in
response to variations in temperature, salinity, and pH
(Figs. 3 and 4, Table 3). The three-way interaction of
salinity, temperature, and pH was not significant, however
the two-way interactions of salinity with pH and tempera-
ture with pH were significant (Table 3). We therefore
estimated calcification rates by least squares means and
made pairwise comparisons for each two-way interaction
(Figs. 3 and 4). The absolute pH values within a treatment
level (e.g., high pH) varied among experimental runs of
different salinity-temperature combinations (Table 1). This
discrepancy was due to the fact that initial pH values for the
lower salinity waters were lower, and we did not try to
increase the pH to match the higher salinity water. The high
pH treatments, therefore, are unamended natural waters, or
may be considered a control treatment with no addition of
CO2. Despite the significant two-way factorial interactions,
our results clearly showed that under both lower salinity
(=16) and lower temperatures (20°C) calcification rates
steadily decreased as pH dropped. Conversely, at higher
temperature (30°C) and salinity (=32), calcification rates
did not significantly change as pH declined from high to
mid-pH; however, calcification rates dropped significantly
at the lowest pH. Additionally, calcification rates were not
significantly affected by salinity at higher temperatures,
although at lower temperatures there was a large salinity
effect (Fig. 4).

Discussion

If small decreases in calcification results in a weaker or
smaller shell over time, juvenile bivalves will be increas-
ingly susceptible to predation or other possible mortality

Fig. 2 Annual trends in Chesapeake Bay surface water pH in the a
Spring-Mesohaline, b Summer-Mesohaline, c Spring-Polyhaline, and
d Summer-Polyhaline. Mesohaline includes salinities of 5–18, and
polyhaline are salinities >18. Mean values are based on surface waters
of 1 m or less, averaged over season. Spring is defined as April, May,
June, and summer June, July, August, September, corresponding to
important growth periods for adults and juvenile oysters, respectively.
Error bars are the 95% confidence interval for the mean values. Data
originally obtained from Chesapeake Bay Program Water Quality
Database (1985-2008)
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factors (Kennedy et al. 1996; Newell et al. 2000, 2007).
Indeed, recent work shows that shell dissolution is likely an
important mortality factor for juvenile infaunal bivalves in
marine muds (Green et al. 2009). Mollusk shell growth
depends on the animal’s ability to precipitate CaCO3 into an
internal organic matrix that provides the framework for

their shell (Wilber and Saleuddin 1983; Levi-Kalisman et
al. 2001). Since CaCO3 deposition and the thermodynamics
of this calcifying fluid is regulated to a large degree by
internal physiological processes (Fan et al. 2007; Pörtner
2008), it is possible for shell growth to occur in waters that
are undersaturated with respect to calcium carbonate. Green
et al. (2009) note that juvenile infaunal hard clams,
Mercenaria mercenaria, can survive corrosive conditions
for several weeks (and well into adulthood) upon reaching
what appears to be an escape size, or a size at which
external corrosive conditions no longer affect survival. In
our experiments, the relationship between calcification rates
and calcite saturation state deviates from what may be
expected if seawater thermodynamics were strictly control-
ling calcification rates (Fig. 5). Since the shells of many
molluscs are covered to varying degrees by the periostra-
cum, an organic based outer shell layer, the CaCO3 shell
material is protected from exposure to surrounding con-
ditions. Therefore, our result showing net calcification
occurring at undersaturated conditions is not surprising
(Fig. 5); we also found that higher salinity (and thus higher
saturation state) only increases calcification at reduced pH
(Fig. 3a). Interestingly, calcification was also higher at the
low salinity-high pH treatment than high salinity-low pH
(Fig. 5), even though these treatments had similar saturation
states with respect to calcite, indicating the sensitivity of
calcification to pH. More generally, the importance of pH
versus saturation state versus pCO2 on calcification will
likely vary with species, life stage, mode of calcification,
and the degree of departure from what are currently poorly
quantified thresholds to changes in carbonate variables. It is
also important to acknowledge that our pH treatments were
not identical between low and high salinity waters (Table 1),
due to the natural differences in these waters. Therefore, we
present the interpretation of Fig. 4 as a starting point to
develop a more comprehensive understanding of the
complex response of marine calcifiers to acidification.

Fig. 3 Biocalcification rates of C. virginica for treatment combina-
tions of a salinity by pH and b temperature by pH estimated by least
squares means from each two-way ANOVA. Units of calcification are
milligram of calcium carbonate per gram oyster whole live weight per
day. Treatment levels of salinity, temperature, and pH are listed in
Table 1. Error bars are standard errors of the least squares means
estimates. Non-significant differences among estimated least squares
means by pairwise comparisons with Bonferroni correction are noted
by values falling within the black vertical bars next to the left y-axis at
α=0.05

Tributary Season pH ΔpH Salinity ΔSalinity Wtemp ΔWtemp

Chester Spring 7.67 0.025 8.7 n/s 16.9 0.2

Summer 7.63 0.018 9.6 −0.1 25.2 0.1

Choptank Spring 7.98 n/s 10.9 n/s 17.1 −0.1
Summer 7.90 n/s 11.5 n/s 25.4 n/s

Patuxent Spring 7.92 n/s 8.9 n/s 18.2 n/s

Summer 7.76 0.010 10.2 n/s 26.0 n/s

Rappahannock Spring 7.88 n/s 10.8 n/s 17.9 n/s

Summer 7.82 0.011 13.1 n/s 25.9 n/s

James Spring 7.66 n/s 12.6 n/s 19.2 n/s

Summer 7.65 0.007 15.8 n/s 26.0 n/s

Tangier Spring 7.84 n/s 12.6 n/s 18.7 n/s

Summer 7.80 0.005 13.0 n/s 26.3 n/s

Table 2 Mean seasonal pH,
salinity, and surface water
temperature (wtemp) and signif-
icant annual trends at historical-
ly important oyster grounds in
Chesapeake Bay

Spring and summer defined in
text. Water temperature is in °C.
Mean values are averages for
2003-2008 and changes in
parameters are change in units
per year, from significant
regression slopes from 1985 to
2008

n/s non-significant regression at
α=0.05
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Concurrent with anthropogenic acidification of natural
waters, climate change impacts to local weather patterns
has the potential to alter salinity and temperature dynamics
of estuarine waters. Within Chesapeake Bay, expected
changes to temperature and salinity coupled with our
experimental data highlight the important role these
environmental parameters may play in the overall bivalve
response to an anthropogenically altered carbonate system
in this estuary. Najjar et al. (2010) predict that temperature
will continue to increase in Chesapeake Bay waters over
coming decades, with the strongest warming trends in the
northern portion of the Bay. Our laboratory measurements
indicate that moderate increases in temperature (within the
range of tolerance of this species) would allow oysters to
calcify more rapidly, however temperature had less effect
on calcification in the low pH treatment (Fig. 3b). Also at
the higher temperature, differences in calcification due to

salinity were non-significant (Fig. 4), regardless of pH.
Chesapeake Bay watershed precipitation is forecast to
increase during winter and spring. This increased precipi-
tation coincides with peak freshwater input into Chesapeake
Bay, lowering salinity of the bay in these important adult
growth and reproductive development seasons (Najjar et al.
2010 and references therein). Additionally, through summer
and fall, increasingly variable trends in precipitation and
therefore salinity are also predicted (Najjar et al. 2010),
coinciding with larval and post-larval growth periods. Our
experimental data found that higher salinity helped juvenile
oysters overcome low pH effects on calcification (Fig. 3a),
although calcification rates did not increase directly due to
salinity across all pH treatments. Salinity has been
previously noted as the most important climatological
variable on recruitment strength in Chesapeake Bay oyster
populations (Ulanowicz et al. 1980; Kimmel and Newell
2007), with generally stronger recruitment at higher
salinity. Our findings suggest the increased saturation state
of higher salinity waters may provide the ability to
overcome decreases in pH during the sensitive post-
metamorphosis stage, as one of many possible reasons
why increased salinity may increase rates of oyster
recruitment. Coupled with long-term increases in eutrophi-
cation, primary production, and hypoxia (i.e metabolic
uptake and production of CO2) (Hagy et al. 2004; Kemp et
al. 2005) a complex picture of future carbonate system
status and impacts on estuarine bivalves emerges. Deter-
mining the future carbonate system in estuaries, therefore,
evades simple forecasts of estuarine CaCO3 saturation state
by increasing atmospheric CO2 alone (Blackford and

Fig. 5 Biocalcification rates of C. virginica plotted against saturation
state of calcite. Units of calcification are mg of calcium carbonate per
gram oyster whole live weight per day. Temperature and salinity
treatments are noted as follows: 20°C is in gray, 30°C in black, salinity
16 (filled square) and salinity 32 (multiplication symbol). Values are the
means and standard deviations from the measured rates and therefore
differ slightly from the estimated least squares and standard errors
derived from the ANOVA and presented in Figs. 3 and 4

Table 3 Significant results from the three-way ANOVA on the
biocalcification experiments

Effect DF F value P value

Salinity 1, 38 39.24 <0.0001

Temperature 1, 38 210.43 <0.0001

pH 2, 38 117.91 <0.0001

Salinity×pH 2, 38 34.89 <0.0001

Temperature×pH 2, 38 7.24 0.0022

Salinity×temperature 1, 38 33.92 <0.0001

The three-way interaction is not presented, as this was found to be
non-significant and was removed from the model

DF degrees of freedom

Fig. 4 Biocalcification rates of C. virginica for treatment combina-
tions of temperature and salinity estimated by least squares means
from the two-way ANOVA. Units of calcification are milligram of
calcium carbonate per gram oyster whole live weight per day.
Treatment levels of salinity, temperature, and pH are listed in Table 1.
Error bars are standard errors of the least squares means estimates.
Non-significant differences among estimated least squares means by
individual pairwise comparisons with Bonferroni correction are noted
by values falling within the black vertical bars next to the left y-axis at
α=0.05
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Gilbert 2007; Salisbury et al. 2008; Borges and Gypens
2010).

Another important component to the differential re-
sponse of calcification to pH in different salinities is the
role of disease and management. Oyster restoration in
Maryland has centered on lower salinity waters (Paynter
1999) due to the decreased incidence of oyster diseases in
these habitats (Kennedy et al. 1996). In our experiments,
the salinity-pH interactions (Fig. 3a) indicate that low pH
will most adversely affect eastern oysters inhabiting lower
salinity waters. Importantly, several of these lower salinity
sites had past 5-year average pH-salinity combinations that
resulted in decreased shell growth or even dissolution in
our experimental treatments (Tables 1 and 2, Fig. 3a).
Although lower salinity habitats may provide refuge from
disease, they also prove a more difficult geochemical
habitat for shell formation/deposition.

Oysters require a hard substrate for recruitment (Kennedy
et al. 1996), and in natural populations this is primarily the
calcium carbonate shells of living and dead oysters. The loss
of shell from oyster reefs is a major impediment to achieving
oyster restoration goals in Chesapeake Bay (Smith et al.
2001; Mann and Powell 2007; Schulte et al. 2009) and in
other estuaries (Powell et al. 2006). The dissolution of shell
materials by declines in pH, or an inability of live oysters to
grow new shell faster than it is lost, may alter available
substrate and shell budgets of oyster reefs. Our analyses of
pH data suggest that polyhaline portions of Chesapeake Bay
will become increasingly corrosive to oyster shell (Fig. 2)
and that average pH conditions in many oyster grounds are
already unsuitable for shell preservation (Table 2). This
conclusion is based on pH, and by extension mineral
thermodynamics, alone; the fate of oyster shells in the
estuary however is also controlled by other factors such as
sedimentation, bioerosion, and harvesting (Smith et al. 2005;
Mann and Powell 2007; Schulte et al. 2009). As evidenced
by Powell et al. (2006), the highest rates of shell loss
occurred in mid-salinity regions, with higher preservation in
lower and higher salinity waters, suggesting a decoupling
between strict thermodynamics and mineral preservation in
this estuary. Although a rich literature exists on taphonomy
and fate of biogenic calcium carbonate, little is known
regarding the role of pH and biogeochemistry on shell
budgets of estuarine oyster reefs. Our study highlights the
potential threat of estuarine acidification to oyster calcifica-
tion and reefs, and reinforces concerns of others with regards
to shell material as an important resource of the estuary
(Gutierrez et al. 2003; Powell et al. 2006; Powell and
Klinck 2007).

Our laboratory measurements of oyster calcification
combined with field data of pH change over time in
Chesapeake Bay are suggestive of potential effects of
changing estuarine dynamics on juvenile oyster calcifica-

tion. However, our findings are tempered by the limited
extrapolation of laboratory measurements to in situ con-
ditions and concerns of environmental pH measurements in
estuarine waters, discussed below. Two concerns of short-
term calcification experiments using the alkalinity anomaly
method are the metabolic contribution to total alkalinity
change and the acclimation time for organisms to pH
change. Based on ammonia excretion rates for the eastern
oyster (Srna and Baggaley 1976), ammonia excretion over
the course of our experiments accounted for less than 1% of
the observed total alkalinity change in experimental flasks.
The potential effect of respired CO2 on the water chemistry
was also not an issue as the flasks were not a closed system
and were continuously bubbled with a CO2/air mixture.
However, with regard to short-term experiments such as
these, acclimation time may be of some concern. Our
treatment range was well within range of diurnal changes
often found in estuarine waters and static conditions for
weeks to months do not represent in situ estuarine
conditions either. Future studies of long-term acclimated
oysters that can be compared to our short-term non-
acclimated oysters may allow us to better understand
calcification responses of estuarine organisms due to
different processes that occur across different time scales.

Calcification in eastern oyster responded rapidly to
changes in pH, although the cumulative effect of diel
variations in pH on longer-term shell growth remains
unknown. An integral question to understanding calcifica-
tion responses to acidification is whether chronic or acute
changes in carbonate parameters are more significant to
oyster population dynamics. While it is clear that below
certain threshold pH (and hence saturation state) values
shell dissolution occurs (e.g., Green et al. 2009) and there
are shifts in internal acid-base physiology (e.g., Michaelidis
et al. 2005) the animal may be able to recover depending on
exposure magnitude, length of exposure, and life stage. An
analogy is the periodic dissolution of internal shell during
aerial exposure by decreased pallial cavity pH induced by
the accumulation of anaerobic metabolites (Burnett 1988),
which is reversed once the animal is submerged again.
These concerns constitute critical questions that need to be
addressed regarding the impact of acidification on econom-
ically and ecologically important shell forming species in
coastal and estuarine habitats.

The statistically significant and compelling trends in the
Chesapeake Bay pH data we found (Fig. 2) are likely due to
increased primary production (from eutrophication) (Hagy
et al. 2004) in the mesohaline region of the Bay and
resulting increased respiration of this material with trans-
port down Bay to the polyhaline waters. Borges and
Gypens (2010) note that eutrophication was a larger driver
of decadal pH trends in the Belgium Coastal Zone than
increased atmospheric CO2. Whether CO2 is derived from
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enhanced respiration due to eutrophication or hydrolysis of
atmospheric CO2 into natural waters, the ultimate outcome
is the same, lower pH. The increasing concentration of
atmospheric CO2 presents the possibility of a shifting
baseline (Jackson et al. 2001) that should not be ignored
simply because other processes impact pH more rapidly
on shorter timescales. In fact, given the highly variable
nature of estuarine and coastal ecosystems and several
anthropogenic acidity sources, it is likely that even
gradual decreases in baseline pH could alter estuarine
carbonate dynamics in important ways sooner than open
ocean environments.

The results of our Chesapeake Bay pH analysis should
however be viewed cautiously due to substantive and
justified concerns with the measurement of pH in estuarine
waters with glass potentiometric electrodes. The difference
in ionic strength of calibration and measurement solutions
can lead to drift and error in pH measurements (e.g.,
Millero 1986). However, the large number of pH measure-
ments used to calculate each mean value (n=∼100-2000) in
the regression analyses should smooth out random mea-
surement errors. Systematic bias over time is still possible.
One additional concern with discrete monitoring data, such
as these, is the timing of sampling in relation to diurnal
cycles in production and respiration which lead to signif-
icant pH variability even in well buffered systems (Yates et
al. 2007). Daytime sampling could impart significant
positive bias in pH measurements and the monitoring
program’s measurement of pH occurs primarily during
daylight hours. For example, our findings of increased pH
in several mesohaline tributaries (Table 2), if due to
increased primary production, would likely be accompanied
by larger respiratory signal during night and decreased pre-
dawn pH. We therefore caution the reader to recognize the
shortcomings of our Chesapeake Bay data analyses, and
acknowledge that more work is needed to better constrain
what appears to be long-term trends in pH and resulting
carbonate chemistry of Chesapeake Bay.

Ocean acidification has been referred to the “other CO2

problem” (Doney et al. 2009) because it is another
consequence of increasing atmospheric CO2. The capacity
of the world’s oceans to absorb CO2 and the resulting
hydrolysis of carbonic acid is well understood and may be
predicted relatively easily. Responses of calcifying organ-
isms, scales and timing of pH and total alkalinity
variability, and the role of other biogeochemical processes
and environmental variables in regulating estuarine pH are
less well understood but represent critical problems. As
research advances, it is vital to recognize that the
biogeochemical effects of anthropogenic increases in CO2

on carbonate chemistry are the same regardless if it is
derived from the burning of fossil fuels or from net
heterotrophy associated with eutrophication (Frankignoulle

et al. 1998). The magnitude and variability of estuarine pH
due to eutrophication enhanced respiration will certainly be
larger over short time scales than the gradual increase from
atmospheric CO2 (Borges and Gypens 2010). However,
increasing atmospheric CO2 may indirectly contribute to
greater primary production in regions that may be carbon
limited during blooms, by leading to higher respiratory
production of CO2 and consequently larger variability in
pH in these regions. Although pH is highly variable in
estuarine waters, our analyses of long-term Chesapeake
Bay pH data and laboratory experiments with eastern
oysters highlight the importance in recognizing possible
shifting baselines (Jackson et al. 2001) especially in relation
to physiological thresholds for calcifying organisms. Ac-
counting for the interacting climate related effects of
temperature, salinity, and pH is vital to understanding the
potential impact of acidification to estuaries and their living
resources.
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ABSTRACT Oyster shell is a crucial component of healthy oyster reefs. Shell planting has been a main component of oyster

restoration efforts in many habitats and has been carried out on scales from individual and grassroots efforts to multiagency

efforts across entire estuaries. However, the cycling and lifetime of the shell that makes up the bulk of an oyster reef has only

recently received attention, andmost of the work to date has focused on the role of epi- and endobionts on shell degradation. Here

we report findings from a laboratory study in which we manipulated pH in a flow-through control system using water from the

mesohaline mouth of the Patuxent River to measure dissolution rates of intact oyster shell. Shells from the Eastern oyster

(Crassostrea virginicaGmelin 1791) with three different legacies were exposed to 4 levels of pH that encompass a range typical of

the mesohaline waters of the Chesapeake Bay (;7.2–7.9 on the NBS scale). Mass loss over a 2-wk period was used to measure

dissolution rate on 3 shell legacies: fresh, weathered, and dredged. We found that pH and shell legacy had significant effects on

shell dissolution rate, with lower pH increasing dissolution rate. Fresh shell had the highest dissolution rate, followed by

weathered then dredged shell. Dissolution rates were significantly different among all 4 pH treatments, except between the lowest

(;7.2) and the next lowest (;7.4); however, shells lost mass even under noncorrosive conditions (;7.9). We discuss the

implications of our findings to ongoing efforts to understand shell budgets and cycling in oyster reef habitat, the interaction of

biological and geochemical agents of shell degradation, and the complexity associated with shell carbonate cycling in the unique

milieu of the oyster reef.

KEY WORDS: oyster shell, estuarine acidification, pH, oyster reef, biogeochemistry, calcium carbonate

INTRODUCTION

The living oysters that make up the veneer of an intact oyster
reef are supported by a framework of dead oyster shell (DeAlteris
1988, Hargis &Haven 1999), although the physical and chemical

composition of interior oyster reefs have not beenwell quantified.
Oyster restoration efforts have often focused on replanting dead
oyster shell to help provide an initial framework onwhich oysters

recruit. The role of this shell in supporting oyster growth has long
been recognized as noted by the naturalist Pliny the Elder in his
first-century work, Natural History. More recently, the impor-
tance of topographic relief in shell plantings has been shown,

with taller shell plantings having greater success (Schulte et al.
2009). Although the importance of the shell habitat for recruit-
ment of juveniles is well documented, the cycling of this shell

material and lifetime on oyster reefs has only recently received
treatment (Powell et al. 2006, Beck et al. 2009). Oyster shell is a
dynamic resource on oyster reefs subject to a number of degrada-

tion processes that ultimately control the rate of loss from the reef.
The integrated effect of physical, biological, and chemical pro-
cesses degrading shell material over the time it spends in the outer

reef layer determines how much of this material ultimately con-
tributes to the reef framework versus being recycled to the water
column.

A peculiar requirement of oyster reef health and growth is

oyster mortality adding to the shell pool of the reef (Mann &
Powell 2007, Southworth et al. 2010); in other words, for a reef
to remain static with various degradation processes and effec-

tive sea level rise, it must have a healthy population of oysters
with a mortality rate at least balancing the rate of shell loss

(Powell & Klinck 2007). Recent work in the Delaware River
estuary has found that oyster shells on reefs have typical half-

lives of years to a decade (Powell et al. 2006). Powell and Klinck
(2007) argue that these loss rates should set the target popula-
tion dynamics needed for self-sustaining populations. Although
there are few estimates of shell lifetime from oyster reefs, the

seemingly rapid rates from the Delaware suggest that oyster
populations require a careful balance of recruitment, growth,
andmortality to be self-sustaining (Mann&Powell 2007).Given

the evidence that oyster recruitment is less consistent interann-
ually and related to changes in environmental conditions such
as salinity (Kimmel & Newell 2007), the processes affecting the

lifetime of shells on oyster reefs have potentially important
consequences for ongoing restoration efforts. In general, active
breakdown of calcium carbonate hard parts is thought to occur

in the taphonomically active zone (TAZ) (Davies et al. 1989),
which occurs within the bioturbated and oxic zones of sediment
seafloor. The important role of biont attack on shell persistence
has been previously noted (Carver et al. (2010) and references

therein), with shell-burrowing organisms such as polychaetes and
sponges rapidly deteriorating oyster shell while it remains in the
TAZ. Burial in anoxic conditions generally results in increased

preservation (Hu et al. 2011) as a result of the exclusion of shell-
boring organisms and ultimately more favorable geochemical
conditions for calcium carbonate preservation (Morse 2005,

Morse et al. 2007).
Although shell-boring organisms are often considered to be

the primary agent of oyster shell degradation (Carver et al. 2010),

the thermodynamics of surrounding estuarine waters sets the
stage for stability of these biogenic minerals prior to burial. In
addition, the pitting associated with fouling organisms changes
the surface topography of shell material at small spatial scales

(millimeters to centimeters), creating additional surface area
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where thermodynamic dissolution is thereby accelerated (Morse
et al. 2007). The low salinity and high rates of production and

respiration in many estuaries create conditions that may be
transiently corrosive to the calcium carbonate of oyster shell.
The calcium carbonate reef framework deposited by oysters
in estuarine environments is therefore notable, given the less

favorable thermodynamics compared with other reef-building
organisms such as corals. Furthermore, oysters are prolific filter
feeders, capturing organic matter from the water column and

depositing it to the benthos, including their own reef frame-
work. The deposited organic matter stimulates high rates of
microbial metabolism contributing respired CO2, increasing

corrosiveness, and ultimately increasing dissolution of shell
material until burial below the TAZ. Once buried below the oxic
zone, however, this organic matter may, in fact, help preserve
shell (Hu et al. 2011).

Adult and juvenile bivalves have been shown to deposit calcium
carbonate under corrosive conditions, albeit at a reduced rate
(Gazeau et al. 2007, Waldbusser et al. 2010, Waldbusser et al.

2011). After the organism dies, however, no new shell may be
deposited, and the stability of the shell mineral is controlled by the
corrosiveness of the surrounding conditions. Estuarine carbonate

chemistry is variable with respect to many processes that alter the
stability of calcium carbonate minerals, driven by production
and respiration cycles (Abril et al. 2003, Borges &Gypens 2010,

Feely et al. 2010, Waldbusser et al. 2011), freshwater input
(Salisbury et al. 2008), and global changes in atmospheric CO2

(Miller et al. 2009). All have the potential to alter the lifetime of
the calcium carbonate oyster reef building blocks in these thermo-

dynamically unstable habitats, and all are susceptible to local
and global human impacts.

The importance of calcium carbonate cycling to the global

carbon cycle has precipitated significant research efforts on un-
derstanding the dissolution/preservation dynamics of themineral
phase (see reviews in Morse (2005) and Morse et al. (2007)) and

the calcium carbonate counterpump in theworld’s oceans (Antia
et al. 2001, Zondervan et al. 2001). However, within estuarine
habitats, much less is known regarding the cycling of calcium
carbonate and feedbacks with calcifiers. A recent analysis by

Lebrato et al. (2010) found that echinoderm calcification on
continental shelves is a small but significant component of the
global carbon cycle. The short-term controls on and dissolution

rates of these multicellular biogenic minerals have not been
explored with much depth, particularly in relation to population
dynamics and resource management timescales. However, tapho-

nomic studies of longer term degradation rates (e.g., Kidwell
2005) and more recent experimental evidence from continental
shelf environments provide some insight (Hu et al. 2011, Powell

et al. 2011b).
One challenge to understanding these dynamics is that many

estuarine calcifiers are multicell organisms producing shells that
are heterogenous in nature with high preservation potential (of

adult shells) even in relatively corrosive nearshore sediments.
The calcium carbonate reaching the seafloor in the open ocean
is often from single-cell organisms or small aggregates, whereas

temperate estuarine calcifiers are frequentlymetazoanswith large
shells (and relatively small surface area (sensuWalter andMorse
(1984)) already living on or within the sediment. Bivalve shells

vary in mineral composition, proportion of organic matter,
microstructure of mineral grains, and the outer organic sheath
that protects the mineral component of the shell. These shell

characteristics all affect the rate at which shells dissolve resulting
from thermodynamic conditions: corrosiveness of surrounding

media. However, beyond a first-order thermodynamic argument,
others have argued that factors such as biological interactions,
bioenergetics of shell formation, and environmental variables
ultimately determine the patterns and fate of shell material

(Kidwell 2005, Hautmann 2006, Powell et al. 2011b). Shells un-
dergo diagenetic transformation during burial, and that trans-
formation alters surface chemistry andultimately the dissolvability

of the shell mineral. Formation of modified minerals called
‘‘micrite’’ resulting from dissolution and reprecipitation inmarine
sediments (Kobluk & Risk 1977, Longman 1980) results in ele-

mental changes to the shell surface (Palma et al. 2008) as well as
structural changes to the mineral crystallography. Ultimately,
these early stages of transformation are the beginning of the
fossilization of shell material. It is clear, therefore, that the legacy

of the shell would likely impact the solubility under corrosive
conditions, and these differences in legacy provide a snapshot into
a time-variable component of shell dissolution on and within

oyster reefs.
A combination of biological, geochemical, and sedimentary

agents will ultimately affect the dissolution rates of intact shells

in estuarine environments. To explore the role of estuarine
geochemistry and shell characteristics on dissolution rates, we
used a flow-through experimental CO2 system with feedback

control to control pH and to measure dissolution rates of intact
oyster shell over a 2-wk period. Specifically, our study addresses
two primary questions: What is the response of the intact shell
dissolution rate to a range of common estuarine pH values?

What effect does shell legacy have on shell dissolution rates
across these pH values? Furthermore, we explored the implica-
tions and mechanisms of dissolution rate response to these

factors: pH and shell legacy.

METHODS

Shell Collection

Oyster shells of the species Crassostrea virginica were

collected from three different sources resulting in three different
shell legacies: fresh, dredged, and weathered. Fresh shells were
obtained from a local oyster house in Solomons, MD, all meat

was removed after shucking, and shells were placed into exper-
imental conditions within 24 h of shucking. Dredged shells were
collected fromamarina in Stevensville,MD (LangenfelderMarine

Inc.), which retained the shells from the State of Maryland
dredged shell/oyster reef replenishment program. These dredged
shells are sifted from dredge spoils around theMaryland portion

of Chesapeake Bay and relocated to oyster restoration areas.
Limited aging estimates of the dredged shell from the state of
Maryland indicate the oldest shells are approximately 3,000 y
BP, withmany in the several-hundred-year range (C. Judy,MD-

DNR, pers. comm. July, 25, 2011). Shells were collected hap-
hazardly from a large shell pile at the marina, focusing on intact
shells of amedium size relative to the rest of the shells in the pile.

Weathered shells were originally collected from a local oyster
house in Solomons, MD, shucked, and placed in a sandy,
beachfront area for approximately 2 y. No differentiation was

made between left and right valves of the shells for any of the
legacies. The visual differences of the three shell types were
obvious (Fig. 1). Fresh shells were generally smooth, and the

WALDBUSSER ET AL.660



outer shell appeared brown and generally had an intact perios-
tracum. Dredged shells were whitish gray with some light sec-

ondary coloration of blue gray on a generally smooth surface.
Weathered shells were white with extensive pitting on the order
of a couple of millimeters in size on the shell exterior but not the

interior. Some evidence of polychaete burrowing was found as
black blisters on shell interiors of weathered and fresh shell.

pH Control System

A flow-through, feedback-control CO2 manipulation system
was used to control pH in the experimental system. The control
system used was a Neptune Aquacontroller 3 (Neptune Systems,

San Jose, CA) interfaced with a PC to record pH and temper-
ature values every 2min throughout the course of the experiment.
Four epoxy filled, double-junction pH electrodes were used with

an internal Ag/AgCl reference electrode, one within each treat-
ment tank. Probes were calibrated with standard NBS buffers,
rinsed and cleaned daily with deionized water, with the calibration

checked daily against a standard 7.01NBS buffer, and recalibrated
at a minimum of once per week. During late July and early August
2009, incoming water from the seawater system of the Chesapeake
Biological Laboratory was manipulated to obtain treatment levels

(Table 1). The incomingwater was drawn from the PatuxentRiver,
a mesohaline tributary of the Chesapeake Bay. Throughout the
course of the entire experiment salinity varied between 13–14 psu

fromdailymeasurements (with nomeasureable diurnal variability),

and temperature was recorded every 2 min with a mean and SD
of 27.28 ± 0.48�C, and amaximumandminimum of 29.50�C and

23.80�C, respectively. One hundred percent CO2 was added in
proportions to maintain an average pH (NBS scale) for 3 target
treatments of 7.7 (high), 7.4 (mid), and 7.2 (low). Our actual

values were 7.67, 7.38, and 7.17, each with an SD of 0.04 pH
units throughout the entire course of the experiments, with values
recorded every 2 min. These pH values were chosen to represent
a range of conditions typical of the mesohaline region of the

Chesapeake Bay.A control was also used inwhich incomingwater
was bubbled with ambient air to a pH set point of 7.90 with an
SD of 0.04 during the experimental period. Bubbling was

initiated when values dropped below the set point and was
stopped when the set point was reached.

The experimental tank setup was designed to dampen diurnal

variation in pH, allow for relatively constant carbonate chemis-
try, and provide constant flow rates to the experimental aquaria.
Incomingwater was plumbed to an open 20-L head tank inwhich

river water entered the system, and flowed out from a standpipe
to maintain a constant water level and thus head pressure of
water fed to experimental aquaria. The water from the head tank
was split to the 3 pH treatments and 1 control. Each treatment

aquarium consisted of two connected 20-L containers, one for
mixing and one for shells. A sheet of bubble wrap was placed on
the surface water in both containers to minimize atmospheric

exchange. Water and CO2 were added to the mixing tank that
was connected to the experimental tank by a short pipe. Water
was cycled back to the mixing tank with a small submersible

pump at a rate of roughly 54.4 L/h. Thewater in the experimental
tank spilled over through an outlet, and the flow rate of water
through each experimental aquarium (5.4 L/h) was controlled
by a valve between the header tank and experimental tanks, and

was checked daily and adjusted as necessary. At the volume of
the experimental aquaria and target flow rates, the water had a
residence time of roughly 8 h in experimental aquaria. We found

the ratio of mixing flow to outlet flow (;10:1) resulted in the most
stable controller response, and it limited cycling of pH in the
experimental system. In addition, each experimental tank was

situated on top of a small stir plate, and a magnetic stir bar was
used to ensure complete mixing in the experimental tank where
shells were suspended in a rack above the bottom of the tank

Figure 1. (A–C) Representative images of the 3 shell legacies used in the experiment: fresh (A), weathered (B), and dredged (C). White bars in each

picture are 1 cm in length for scale.

TABLE 1.

Average conditions (%1 SD) in experimental aquaria during

the 2-wk measurement period.

Temperature Salinity Alkalinity (mmol/L) pH

Inlet 26.50 (0.62) 13.2 (0.4) 1.598 (0.014) n/a

Control 27.28 (0.48) 13.2 (0.4) 1.604 (0.013) 7.90 (0.04)

High 27.28 (0.48) 13.2 (0.4) 1.613 (0.011) 7.67 (0.04)

Mid 27.28 (0.48) 13.2 (0.4) 1.686 (0.040) 7.38 (0.04)

Low 27.28 (0.48) 13.2 (0.4) 1.704 (0.053) 7.17 (0.04)

Values are pH units on the NBS scale.

n/a, not applicable.
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with several centimeters of space among the total of 15 shells per
aquarium.

Shell Weight and Surface Area

The linear rate of decreasemeasured on individual shell mass

was used to estimate dissolution rates for each shell. Five shells
per shell legacy and pH treatment were placed in experimental
conditions for 10 days prior to the experimental 2-wk mass loss

period. Although we collected mass loss data during this initial
10-day period, we used this time to refine handling procedures
of shells during weighing, and to allow shells to develop an

initial biofilm. After the initial 10-day acclimation, mass loss
estimates were based on a linear fit over a 2-wk period in which
total mass of individual shells changed by as much as 2–3 g. The
linear regression fit of mass loss over time for the experimental

mass loss period was typically R2 > 0.90; thus, using the slopes
of this relationship were valid for these short-term estimates of
shell dissolution. Shells wereweighed every 2–3 days by removing

shells from treatment aquaria, blotting them dry, and allowing
them to air dry for 15min beforemeasuringmass. This procedure
was used because it was found to be reproducible and consistent

in obtaining a wet weight of the shell mass without leading to
complete drying of shells. Final dry weights of shells were
obtained by drying for 24 h at 60�C, and were used to estimate

the percent water content of shells.
The interior and exterior surfaces of all shells were photo-

graphed just prior to their placement into the experimental
aquaria from a planar view on a black background to enhance

contrast between shell and background. Shell interior and exterior
surface areas were measured by using standard image analysis
techniques (ImageJ 1.43u, National Institute of Health, Wash-

ington DC), and the measurement difference between interior
and exterior surface area estimates was roughly 3%. Briefly,
each image of 10 shells was imported into Image J, the color

image was converted to a binary image, and the ‘‘analyze
particles’’ command was used to compute the total surface
area. Estimates of surface area were checked by examining the
traces of shells relative to the original images. In some cases,

because of the lack of contrast between shell edges and the
background, shell edges had to be traced manually and the
surface area estimates rerun on touched-up images.

Alkalinity

Alkalinity measurements of incoming and outflow waters for
each pH treatment were measured at roughly 2 to 4-day intervals
to ensure flow rates were sufficient to prevent alkalinity buildup

resulting from shell dissolution. Alkalinity samples were taken
from the water entering the experimental system and at the 4
drains from the experimental tanks. These measurements also
permitted calculation of the saturation state of calcite at specific

time points during the experimental period. Alkalinity was
measured by a 2-point end point titration following Edmond
(1970), and handled following best practices for open cell titration

(Dickson et al. 2007). Samples were analyzed within 20 min of
collection, and were kept in sealed syringes until the open cell
titrationwas carried out.Alkalinitywas used to calculate the calcite

saturation state of the average conditions within the experiments
using CO2SYS (van Heuven et al. 2011) with salinity-dependent
dissociation constants from Millero et al. (2006).

Electron Microprobe

Elemental analysis of one representative shell from each legacy

type in the control pH treatment was selected to determine whether
shells from the different shell legacies had been significantly altered.
Electron microprobe analysis of calcium, strontium, barium,
manganese, iron, magnesium, aluminum, and silica on the interior

and exterior shell surfaces, aswell as a cross-section of the shell, was
conducted. For each shell legacy, the left valve was used to
eliminate differential effects between valves. Five replicate locations

were analyzed on epoxy-embedded shell samples. Electron micro-
probe analyses of shells were performed atOregon StateUniversity
using a CAMECA SX-100 (CAMECA, Gennevilliers Cedex,

France) instrument equipped with five wavelength dispersive
spectrometers and high-intensity dispersive crystals for high-
sensitivity trace element analysis. The shells were analyzed using

a 15-keVaccelerating voltage, a 50-nA sample current, and a 10-mm
beam diameter. Counting times ranged from 10 to 60 sec, depend-
ing on the element and desired detection limit. Data reduction
was performedonline using a stoichiometric PAPcorrectionmodel

(Pouchou & Pichoir 1984). Barium, manganese, and aluminum
were below detection limits in all samples (FEI, Hillsboro, OR).

Scanning Electron Microscopy

Visual inspection of shell surfaces for diagenetic transfor-
mation was carried out by electron microscopy. Samples were

taken from the same shells as the electron microprobe analyses by
chipping a section of the outer shell surface. The shell sampleswere
rinsed with deionized water and dried before sputtering with a Pb/

Au layer. Samples were analyzed at the Oregon State University
Electron Microscopy Laboratory under an FEI Quanta 600F
scanning electron microscope.

Experimental Design and Statistical Analyses

A 2-way full factorial experimental design was used to ex-
amine the effects of shell legacy and pH (and their interaction) on

dissolution rates of Eastern oyster shell. Five replicate shells of
each shell legacywere randomly assigned to 1 of 3 pH treatments.
Within each experimental aquarium, 15 shells total (5 of each

legacy) were contained during the course of mass loss measure-
ments. Percent mass loss per day was computed as the dependent
variable by calculating the regression of mass over time for each

shell (in grams per day), then dividing by the initial mass to de-
termine a percent mass corrected dissolution rate for each shell
in the experiment. The initial 2-way ANOVA found that the

interaction effect of legacy and pH treatment was not signifi-
cant, and it was therefore dropped from the analysis. Assump-
tions of ANOVA were checked by examining residuals visually
against each independent variable, as well as by using Shapiro-

Wilk’s test of normality and Hartley’s f-max test of hetero-
scedacity. Residuals were normally distributed for each treatment
level within each factor (legacy and pH treatment). Assumption

of homoscedascity was met for treatment levels within pH;
however, variances were found to be significantly different among
the three legacy treatments. To address this violation of assump-

tions, separate variance estimates weremade for each shell legacy
to be used in the treatment comparisons, and denominator de-
grees of freedom were computed using Satterthwaite’s method
for the subsequent ANOVA with variance groupings by shell

legacy. All analyses were run in SAS v9.1.3 (SAS, Cary, NC).
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RESULTS

Experimental System Performance

The controller system maintained pH within experimental
aquaria for the duration of the experiment, except for three failures
that resulted inmissing data (Fig. 2). Datawere logged every 2min

from the 4 pH probes, and the SD of pH throughout the course
of the experiment was roughly 0.04 pH units (Table 1). However,
during three periods, the mid and low pH treatment controller

circuit froze and no data were logged, as evident by the gaps in
Figure 2. On examining the mass data for these periods of con-
troller failure, there are no measurable deviations in the rate of

mass loss relative to the overall trends.We recognize the potential
pitfalls of the experimental system, but note that this appeared to
have no significant consequence on the response variable during

these controller blackouts.

Shell Dissolution

During the 2-wk period in which we measured mass loss of

shells, we found significant overall effects of shell legacy (F2,35 ¼
42.94,P < 0.0001) and a positive effect of decreasing pH treatment
(F3,28.6 ¼ 50.90, P < 0.0001) on shell dissolution (Fig. 3). The pH

values we used in these experiments are not atypical of conditions
in this mesohaline section of the Chesapeake Bay, albeit only in
a transient sense. All the pairwise comparisons were significantly

different between shell legacies, and only the difference between
the low andmid pH treatmentswas not significant (Table 2). Two
of the five replicates in the fresh mid-pH group had dissolution

rates higher than what would be predicted from the overall trends,
thus driving the mean value up (Fig. 4). Closer examination of
these shells (and several others) revealed visual evidence of poly-
chaete burrows (black blisters on internal shell surfaces) and

sponges (pitting on exterior shell surfaces) in the fresh shells,
which corresponded to the higher dissolution rates. In general,
linear model fits to the individual shell mass loss over time

explainedmore than 90%of the variance in change inmass over
time. The dredged/control-pH shells typically had the worst fits
to a linear model because of the very small changes in mass

during the experimental period. However, with decreasing pH
and corresponding increases in dissolution rates, the linear fits
increased, with the dredged low-pH shells all having anR2 value

of more than 0.95. We should also note that the patterns in shell
dissolution rates are robust when standardized to planar surface

area, rather than mass. Therefore, we will retain the units in per
mass because they are in some ways easier to understand and to
enable comparisons with estimates of shell half-lives.

The average percent water weights by shell legacy (±1 SD) at

the end of the experiment were fresh, 3.47 ± 1.38; dredged, 1.90 ±
1.71; and weathered, 5.06 ± 3.63. A simple 1-wayANOVA found
a significant effect of shell legacy on percent water weight

(F2,32.1¼ 11.60,P¼ 0.0002). Data were log transformed tomeet
assumption of normality, and variance was grouped by legacy
because of unequal variance across the shell type. Significant

differences, withTukey-Kramer adjustment, were found between
dredged and fresh shells (t33.6 ¼ 3.76, P ¼ 0.0019) and between
dredged and weathered shells (t35.5 ¼ 4.49, P ¼ 0.0002), but not
between fresh and weathered shells (t28.6 ¼ 1.93, P ¼ 0.1457).

Note that the degrees of freedom vary among comparisons as
a result of the Satterwaithe degrees of freedom estimation
method used when grouping variance components.

Alkalinity Measures

Alkalinity values were used to determine saturation state for
calcite (in conjunction with pH) and to ensure that flow rates
were sufficient to prevent buildup of alkalinity in experimental

aquaria. Water samples were taken from the inlet water supply
and the outlet of the four experimental aquaria. The average
inlet water alkalinity was 1.60 ± 0.01 mmol/L. An increase

in alkalinity over time was found in all treatments; however, our
estimated error in the alkalinity measurements is roughly 0.015
mmol/L, and therefore is greater than the difference we found in
the control, and equal to that in the high pH treatment. The

differences between inlet and outlet waters for each pH treatment
were control, below detection limit; high, 0.015 mmol/L; mid,
0.087mmol/L; and low, 0.105mmol/L. The increase of alkalinity

in the low-pH treatment equates to a change in saturation state
for calcite of 0.02, which highlights the minimal container effect
of our system at the chosen flow rates. It should be noted here

that remineralization of organic matter and release of nutrients
generally decreases alkalinity, so these delta alkalinity valuesmay
be underestimating the true carbonate dissolution rate. Remi-

neralization of organic components of the shell would contribute
to the mass loss without an increase in alkalinity (and potentially
a decrease depending on nutrient release rate). However, the
organic components of oyster shell are generally less than 10%

by weight. The different shell legacies were mixed in each pH
treatment, thus the differences in alkalinity resulting from the
dissolution of calcium carbonate are integrated across shell type.

The average percentage (by weight) of shell material in each pH
treatment was dredged, 25%; weathered, 33%; and fresh, 42%.

Shell Elemental Analyses

Shell elemental composition varied among the representa-
tive shell of each shell legacy (Fig. 5). Values presented in Figure
5 are from the inner shell surface of left (or bottom) valves only.

Overall recoveries on analyses were generally near 100% on the
weathered and fresh shells (indicating we captured nearly all the
primary elements), but were as low as 80% on the dredged shell,

implicating other possible elements for which we did not probe.
The dredged shell had higher strontium concentrations on the
inner shell surfaces and measurable concentrations of iron and

Figure 2. One hour centered mean pH values from each experimental

tank.
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silica, indicating early fossilization, whereas the fresh and weath-

ered shell had lower strontium concentrations, and iron and
silica concentrations below detection limits. A lower magnesium
concentration was found on the weathered shell compared with
other shell legacy types, indicating the preferential loss of the

more soluble, higher magnesium calcite in the weathered shells
(Morse et al. 2007, Burdige et al. 2010), subject to rainwater and
terrestrial weathering processes. These limited data provide

geochemical evidence of possible surface control on dissolution,
and corroborate the electron microscopy observations below.

Visual Examination of Shell Surfaces

Examination of shell surfaces using electron microscopy
highlights further differences in surface texture that likely have

additional impacts on dissolution rates of different oyster shell.
Figure 6 highlights three representative images of exterior shell
surfaces of the same left valves used for electron microprobe
analysis. The periostracum is visible on the fresh shell sample

(Fig. 6A), with periostracal creases (white arrow) overlaid on
the prismatic shell layer (black arrow). Breaks in shell growth
are also visible, where edges of prisms are seen with growth

occurring in the general lower left to upper right direction. The
surface of the weathered shell (Fig. 6B) contains many small
fragments and crystals occurring in various directions, indicat-

ing significant modification of the shell surface through the
weathering process. The dredged shell surface (Fig. 6C) has

larger crystal formations, and some of the original prisms are

also visible. These shells were buried in organic-rich sediments
for significant periods of time; as a result, diagenetic cementing
occurs (dissolution and reprecipitation) on the surfaces exposed
to the corrosive sediments. It is again important to note that

these images are from representative shells, and provide insight
(not conclusive evidence) into the possible role of microstruc-
ture and surface processes in controlling dissolution rates of

intact shells of differing legacies.

DISCUSSION

Our laboratory-based measurements of intact oyster shell
dissolution highlight the potential role of environmental changes
in carbonate chemistry on this important and limiting estuarine

resource. Across a typical range of pH values for this mesohaline
region of the Chesapeake Bay, the rate of shell dissolution
changed significantly (Figs. 3 and 4). In addition, the legacy of
the shell had equally important consequences on the dissolution

rate, altering the dissolution rate by about a factor of 10 from the
slowest dissolving dredged shells to the more rapidly dissolving
fresh shells (Figs. 3 and 4). The short timescale (weeks) of this

Figure 3. (A, B) Estimates of least square means for legacy (A) and pH treatment (B) effects. Error bars are SE estimates. Note that the different error

estimates for the shell legacy means are the result of the individual variance estimates of these treatment effects.

TABLE 2.

Results from pairwise comparisons among treatments within

each factor of the 2-way ANOVA.

Pairwise Comparisons df t Value Adjusted P value

Shell legacy

Dredged vs. fresh 21.1 6.69 <0.0001

Dredged vs. weathered 28.1 7.11 <0.0001

Fresh vs. weathered 26.2 2.97 0.0144

pH treatment

Control vs. high 28.6 4.86 0.0002

Control vs. mid 28.6 8.96 <0.0001

Control vs. low 28.6 11.55 <0.0001

High vs. mid 28.6 4.10 0.0017

High vs. low 28.6 6.69 <0.0001

Mid vs. low 28.6 2.59 0.0677

Figure 4. Average dissolution rates of individual treatments related to pH.

The saturation state for calcite is presented below the pH values for

reference. On the right y-axis are the first-order half-life values computed

from the rate constants measured during the experiments. It is important

to note the measurements are instantaneous rate constants for a short

window of time, roughly 2 wk (see text).
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experiment provides a snapshot of dissolution rates in response
to changes in estuarine carbonate chemistry, but excludes other

factors that are also responsible for shell degradation, such as
shell-boring organisms. Although we noted evidence of shell-
boring organisms, nonewere present on or in the shells during the

experiment. Our measured rates in these short-term experiments
are, however, within the range of other previous measurements
of shell degradation. In an early study of shell dissolution Hecht
(1933) showed that, immediately after death, mollusc shells may

lose 25%of theirmass in amatter ofweeks.Driscoll (1970) found
mass loss rates of up to 16% per year of shells in Buzzard’s Bay,
MA, attributed largely to boring organisms. Our measurements

of dissolution (excluding bionts) range from roughly 2 to 70%per
year, depending on shell type and pH (Fig. 4). This extrapolation
to per year for any of our pH values has obvious limitations given

the multiple scales of variability in estuarine carbonate dynam-
ics. The most appropriate application of these rate loss values
would be to apply to variable pH records of sufficient temporal
resolution, such as hours, and integrate rate loss over longer

periods of time, thus providing an estimate of geochemical shell
loss to estuarine pH. However, if pH values for a given timeframe
are normally distributed, using the average pH would provide an

adequateestimation.Our experimentswereconductedat anarrow
range of temperature and salinity—factors important to carbon-
ate thermodynamics. Our experiments do indicate that oyster

shell lifetime, within the more surficial and open parts of a reef,

may be susceptible to changing estuarine carbonate chemistry,
and is supported by recent work in shelf environments on shell

breakdown (Hu et al. 2011, Powell et al. 2011a).

Shell Half-Life and Agents of Destruction

Shell dissolution rates may be used to compute shell half-

lives to evaluate the role of pH and carbonate chemistry in
maintaining/degrading oyster reefs. Recent estimates of Eastern
oyster shell half-lives on reefs by Powell et al. (2006) indicate that

in the Delaware Bay estuary shell half-lives range from just older
than 1 to;20 y, with the shortest half-lives found in mesohaline
waters. Fitting our loss rates to an exponential decay model (as

in Powell et al. (2006)), the shortest half-lives we compute are
roughly 1 y for fresh shell under mid and low pH, and increase to
nearly 40 y in the dredged control pH treatment (Fig. 4). It is
important to note half-life increases exponentially with decreas-

ing rate loss, and applied to our experimental data, shell lifetime
is therefore most sensitive to changes in the upper pH range.
After rate losses drop roughly 0.05 d–1 (or roughly 20 y–1), half-

lives increase very rapidly, identifying a possible threshold type
response of shell to degradation/dissolution rates. The rates of
fresh shell decay in our experimental range are well above this

threshold, and extrapolating linearly to higher pH values finds
that this 0.05 d–1 rate would be obtained at a pH of 8.25 for the
fresh shells in our experiment. The estimates and extrapolations

from our experiments only account for geochemical degradation
and exclude effects from shell-boring organisms (e.g., Zuschin
et al. 2003, Carver et al. 2010).

In Chesapeake Bay, Pomponi and Meritt (1990) found that

90% of oyster shells were infested with a boring sponge, and
these values were not unusual compared with other estuarine
habitats (Rosell et al. 1999). Several of the fresh shells in our

experiments had visual indicators of biont attack prior to the
experiment, with visible black blisters on interior shell surfaces
from polychaetes and bore holes from sponges (although no

organisms were found in or on shells). Some of the highest
dissolution rates we measured on individual shells were in the
mid-pH treatment, with evidence of endobiont attack, and
evidence of biont attack generally resulted in higher dissolution

rates within pH treatment groups of fresh shells.
In the Delaware estuary, however, Powell et al. (2006) noted

that the shortest half-lives were found inmesohaline waters, where

boring sponges generally decrease in abundance with decreasing
salinity (Hopkins 1962). Mesohaline estuarine environments are,
however, often the region of chlorophyll maxima (such as in the

Delaware River (Mannino & Harvey 1999)), and thus higher

Figure 6. Representative scanning electron micrographs of the 3 shell legacies, outer shell surfaces of the left valves. (A) Fresh shell legacies. The white

arrow notes the prisms in the prismatic layer, whereas the black arrow highlights a periostracal crease. (B) Weathered shell legacies. (C) Dredged shell

legacies.

Figure 5. Trace element composition of interior shell surfaces in parts per

million (PPM). Iron and silica were less than detection limits on the

dredged shell cross-section analysis of the interior shell, and strontium in

this region was also similar to that of the fresh and weathered shells.
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rates of production and respiration should result in a greater
diurnal range in pH. Coupled with the lower alkalinity buffering

in these environments, the overnight respiration signal is likely to
create corrosive conditions for calcium carbonate minerals. We
are not arguing that biont attack on shell is trivial, rather that
biological and geochemical agents likely work in tandem, by

creating microzones of respired CO2 and additional surface area
for dissolution. Should continued anthropogenic impacts on
estuarine ecosystems result in less thermodynamically favorable

estuarine conditions for calcium carbonate (Abril&Frankignoulle
2001, Borges & Gypens 2010, Feely et al. 2010, Waldbusser et al.
2011), shell budgetsmay be increasingly controlled by geochemical

processes.

Time Dependency of Shell Degradation and Shell–Reef Dynamics

The comparison of the fresh shell with the other two shell
types provides possible insights into the time dependency of shell

degradation rates (noted by Powell et al. (2011a)) and highlights
shell cycling dynamics on oyster reefs. Few studies of the physical
and geochemical structure of an oyster reef exist, from the outer

layer to the interior core (Davies et al. 1989, Hargis & Haven
1999). An important, and peculiar, requirement for an oyster
reef to grow is the mortality of oysters and contribution of their

shell to the reef framework (Powell et al. 2006, Mann & Powell
2007)—a framework composed of shell, organic deposits, and
pore space in poorly constrained proportions. The rates of fresh
shell dissolution we measured may be representative of shells

during the early postmortality stage. However, as shells age (on
a growing reef), they are eventually buried, presumably in an
anoxic environment closer to the reef interior, thus excluding

biont attack, and in a generally more favorable geochemical
environment for preservation of calcium carbonate (Hu et al.
2011). Also during this transition from the near reef surface to

reef interior, the exterior of the shell undergoes early diagenetic
alteration, altering the surface chemistry of the calcium carbon-
ate mineral and ultimately solubility (Morse & Arvidson 2002).

If the reef interior is in fact a diffusion-limited environment,
the shell surface will dissolve and reprecipitate, leading to a less
soluble surface for dissolution. Our dredged shell measure-
ments, therefore, may represent a shell after having undergone

this early diagenesis and then subsequently having been reex-
posed to oxic conditions. Thus, the differences in dissolution
rate from the fresh to dredged shell may be, to some degree, an

estimate of end members in a time-dependent dissolution rate.
Furthermore, it is important to note that should the shell be
buried within the reef framework, it would be exposed to a very

different geochemical milieu. Decreases in reef accretion rates
resulting from decreased oyster population growth, or increases
in erosion resulting from changed hydrographic conditions
could result in exposure of older/deeper more modified shells,

perhaps providing a feedback in shell budget as a result of the
lower dissolution rates of previously buried shell.

Importance of the Shell Dissolution Surface

Evidence from elemental analyses and electron microscopy
of representative shells highlights the importance of surface
control on dissolution rates under these moderately corrosive

conditions (Morse & Arvidson 2002). Elevated concentrations of
silica and iron on the dredged shell surface (Fig. 5) suggest the
initial stages of diagenetic transformation (Longman 1980, Palma

et al. 2008) and micrite formation (recrystallized calcium carbon-
ate) have altered surface characteristics. Elevated silica and iron

values have been measured previously in outer prismatic layers
(Carriker et al. 1991) and are similar to our measurements of
foliated interior shell surfaces (Fig. 5), but aluminum was below
detection limits, providing us with confidence that we captured

foliatedmicrosctructure. Our electronmicroscopic images further
support that the dredged shells were in an early stage of diagenetic
transformation rather than sampling different microstructures,

based on the larger crystal shapes seen in Figure 6C. Larger
crystal sizes (and thus less surface area for dissolution) can be
generated by dissolution and reprecipitation without altering

chemical composition of the mineralogy (Morse & Casey 1988),
and/or result in new mineral formation (Rude & Aller 1991).
The geochemical and visual evidence of shell surface alteration are
suggestive of both processes and, coupledwith our dissolution rate

measures, highlight the disconnect between bulk mineral proper-
ties and dynamics of mineral dissolution (Morse & Arvidson
2002), particularly of intact shells in estuarine environments.

Our study shows that even in supersaturated conditions, with
respect to calcite, shells decreased in mass. The remineralization
of organic shell components is one likely explanation for this

response (Glover & Kidwell 1993), especially given the fact that
the fresh shells had the highest dissolution rates (and the most
organic material). However, organic components of oyster shell

are typically a small percentage. The presence of a surface for
microbes to colonize, and the secondary effects ofmetabolic CO2

production (Emerson & Bender 1981) andmicrozone dissolution
(Berner 1969) on shell surfaces are likely also at play.

The rates of shell dissolution wemeasured here are more than
an order of magnitude lower than modeled calcite dissolution
estimates in the open ocean seafloor (Hales & Emerson 1997).

Much of the intact shell mass is not available to dissolve because
of the low surface area-to-volume ratio of an oyster shell relative
to a calcite grain (Walter & Morse 1984). Although others have

examined the differences in calcium carbonate dissolution among
biogenic and authigenicminerals, and the differences in available
surface area (Cubillas et al. 2005), this work has been done on
crushed shell. For example, assuming a perfect spherical calcite

grain of 0.2 mm in diameter, one can calculate the mass per
surface area as roughly 1.4310–3 g/cm2, whereas the mass per
surface area we measured for shells was 0.854 g/cm2. Our planer

surface areameasurements do not account for curvature of shells
and microtexture, but do highlight the importance of this basic
geometric comparison in regulating shell dissolution. Clearly,

there are many dynamics modulating the dissolution of intact
oyster shell. Our measurements simply set the stage for deter-
mining the magnitude of response to changes in estuarine pH.

Oyster Reefs and Estuarine Calcium Carbonate Dynamics

Oyster reefs are significant biogenic carbonate masses in ther-

modynamically variable and often unstable estuarine environ-
ments. To date,most interest in carbonate dissolution has focused
on the seafloor of continental shelves and the open ocean (Honjo

& Erez 1978, Cai et al. 2006, Hu et al. 2011) because of the im-
portant role of these habitats in global carbon cycling. Significant
carbonate dissolution has been found in nearshore marine sed-

iments (Green & Aller 1998, Green & Aller 2001) and estuarine
turbiditymaximumzones (Abril et al. 2003). The role of keystone
species such as seagrass, algae, or corals on carbonate cycling in
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coastal environments has also been highlighted (Gattuso et al.
1996, Bensoussan&Gattuso 2007, Burdige et al. 2008), but these

studies have generally focused on carbonate-rich tropical envi-
ronments. Postlarval juvenile and adult oysters can precipitate
calcium carbonate in thermodynamically unfavorable condi-
tions (Gazeau et al. 2007, Waldbusser et al. 2011) and, coupled

with a high rate of organic matter deposition, this shell material
may be readily preserved if buried quickly enough. In an
insightful treatment, Kidwell and Jablonski (1983) noted the

significant of sediment ‘‘shelliness’’ and positive ecological
feedbacks of shell to changing benthic community composition
(termed ‘‘taphonomic feedback’’). If the responses of oyster shell

dissolution to changing pH we measured (Figs. 3 and 4) were
reasonable estimates of in situ conditions, then changes to
estuarine geochemistry may be an important factor for oyster
restoration.

Estuarine carbonate chemistry is dynamic, however,withmany
processes occurring across multiple temporal and spatial scales,
including production/respiration cycles (Abril et al. 2003, Borges

& Gypens 2010), hydrologic and watershed changes (Salisbury
et al. 2008, Najjar et al. 2010, Aufdenkampe et al. 2011), and
eutrophication (Gypens et al. 2009, Feely et al. 2010,Waldbusser

et al. 2011). The importance of shell to the estuarine ecosystem
(Gutierrez et al. 2003, Powell et al. 2006, Kelly et al. 2011, Green
et al. accepted), the dynamic biogeochemistry in these environ-

ments, and feedbacks of shell budgets with population dynamics
suggest (Powell et al. 2006, Mann & Powell 2007) this is an
important and challenging area of future research.

Managing Shell Resources

One interesting note with regard to the dredged shell is that it
had been used extensively by the state of Maryland to restore

previously harvested oyster reefs from 1960 until 2006. Approx-
imately 196million bushels of dredged oyster shell were replaced
in Chesapeake Bay during this 46-y period from the program’s

inception to termination (MD DNR). This is likely the largest
coordinated shell planting/reef restoration effort to date, and
also perhaps the largest alkalinity buffering experiment con-
ducted. From a kinetic perspective, the use of dredged shell may

have helped provide additional benefits from its lower rate of
dissolution under all pH conditions (Figs. 3 and 4). The slower
dissolution rate may have been especially beneficial during the

the early time frame of shell planting when carbonate conditions
may have been less favorable for calcium carbonate preservation
(Aufdenkampe et al. 2011). This potentially lower loss rate

resulting from dredged shell meant that the population size
needed to provide shell through mortality could have been
smaller, helping to balance the shell budget (Powell et al. 2006).

However, it is unknown whether these potential benefits also
translate into a lesser degree of biont attack, and how the overall
shell budgets were altered by the planting of dredged shell. At the
control pH value, the dredged shell had a half-life 10 times higher

than the fresh shell or, a loss rate equivalent to fresh shell at a pH
of roughly 0.2 pH units lower. Although the shell planting

program has been discontinued, in part because of the lack of
accessible shell, and it may be difficult to reconstruct previous

shell budgets, the likely significant positive effect this effort should
not be overlooked (Southworth et al. 2010).

A recent analysis has suggested that oysters are ‘‘functionally’’
extinct because of their precipitous decline in numbers relative

to former populations (Beck et al. 2009). Thus the ecosystem
functions (e.g., filtering, habitat) that oysters provided in the past
have been lost. With ongoing restoration efforts aimed at re-

storing shells to former oyster grounds in many regions, un-
derstanding the controls on the lifetime of shells and how they
relate to anticipated changes to estuaries from local and global

anthropogenic impacts seems crucial. Conversely, changing the
balance of shell material in estuaries may also have significant
geochemical implications (Waldbusser et al. in prep). Shell plant-
ing may be a worthwhile mitigation strategy for some bivalves

(Green et al. 2009); however, without the characterization of oyster
population dynamics (Harding et al. 2010, Southworth et al.
2010) needed to provide renewed shell, these activities may be

less effective than anticipated. The susceptibility of oyster shell
and other bivalve shells in shell beds to dissolution extends
beyond simple first-order thermodynamics arguments (Kidwell

2005); however, these first-order processes are important to
constrain rate losses and to provide a starting point for
understanding how shell resources in estuaries will respond to

future anthropogenic impacts, including harvest and changing
biogeochemistry. Our study provides limited, but important,
insight into the possible future of oyster shell cycling. Relatively
small increases in acidity may require shell replacement rates

higher than can be achieved by natural populations and, vice
versa, relatively small decreases in acidity could help provide
natural oyster populations with an advantage. The geochemical

control on dissolution of oyster shell needs to be evaluated in
the context of other biological and sedimentary processes that
ultimately control the lifetime of oyster shell on the reef.
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Appendix 2 

Additional Comments in Response to the Shenandoah River 



 

Jeff Kelble <jeff@potomacriverkeeper.org> 

RE: Algae 

Jeff Kelble <jeff@shenandoahriverkeeper.org> Thu, Sep 23, 2010 at 1:35 PM 
To: "Marshall, Harold" <hmarshal@odu.edu> 

I understand.  For the present, I was most intersted in identifying the presence of blue greens in the 
Shenandoah and my lack of ability to find them in the Rappahannock.  
 
We aren't hanging anything on this one sample, except that it confirms the presence of cyanobacteria in a 
high energy ridge/valley river.  There are several different actions that we're initiating. The first is mostly an 
effort to persuade Virginia to consider additional criteria such as nutrification, fish health problems and 
algae blooms as evidence of impairment due to loss of use or diminished use of the river.   
 
Then the next job is getting Virginia to finally promulgate nutrient standards for moving rivers.  
 
I don't know how to thank you enough for doing this in your "spare time".
 
Jeff 
On Thu, Sep 23, 2010 at 12:51 PM, Marshall, Harold >hmarshal@odu.edu<  wrote: 

Hi Jeff,

To answer your questions:

There are seasonal changes that are common in the algal composition within these rivers.   
The bluegreen algae are also more frequently found during the warmer months of the year, and 
often are bloom producers during summer and early fall in Virginia habitats.  These blooms 
may be brief or extended, composed of a few dominant species or a variety.  Two important 
determiners are temperature and nutrient availability.  In the 2 samples you sent the species of 
bluegreens would be more typical of higher nutrient levels, but remember all you have is a 
snapshot of one day of the year.  We don’t know if this sample is characteristic for the whole 
river, this one location, or for any particular time period (month, or all the time).     The 
comparison you have may represent the basis of inquiry to get nutrient data.   I do not know 
what is necessary regarding the nutrient impairment status, but I am sure extended nutrient 
sampling and/or historical data would be required to support your position.

Sincerely,

 

Harold G. Marshall, Ph.D.

Professor, Department of Biological Sciences

Old Dominion University

Norfolk, Virginia 23529-0266

hmarshal@odu.edu 1-757-683-4204

FAX 1-757-683-5283
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From: Jeff Kelble [mailto:jeff@shenandoahriverkeeper.org]  
Sent: Wednesday, September 22, 2010 6:27 PM 
To: Marshall, Harold 
Subject: Re: Algae

 

Hi Harold, 
Thank you for working up those samples so thoroughly.  The Rappahannock sample I believe was taken 
from September 6th instead of May 6th, we can probably blame my handwriting for that error.

 

I left you a message on your voicemail and I'd like to run a thing or two by you. We've been trying to 
"encourage" Virginia to list the Shenandoah River for the nutrient impairment that I think everyone 
recognizes it has.  Unless you let me know otherwise I plan to include your blue green algae findings in 
our correspondence/comments to the state in the most recent 303D listings public comment period.  

That brings me to the question:  does the presence of the three cyanobacteria's in the Shenandoah 
seem to indicate a nutrification issue?  We don't see it in the Rappahannock which has considerably less 
nutrient pollution.

 

Thank you for your thoughts,

Jeff

 
 
 

On Wed, Sep 22, 2010 at 2:29 PM, Marshall, Harold <hmarshal@odu.edu> wrote:

Jeff,

The samples you sent me represented a small spring bloom of algae occurring in May, plus 
what would be considered a late summer bloom from August.   I have provided you general 
identifications, e.g. many of the diatoms would require more intense time (SEM) and 
preparation, some of the filamentous taxa require reproductive bodies which were not 
available.

1.Main stem Shenandoah 8/27/10.  Bloom by several cyanobacteria filamentous taxa; 
Oscillatoria limosa, Oscillatoria princeps, and Lyngbya sp.;  plus numerous diatoms were 
present and included representatives from the following genera Pinnularia, Achnanthes, 
Tabellaria, Navicula, Gomphonema, and Gyrosigma.

2.Rappahannock River 5/6/10.  The most common species was a filamentous chlorophyte 
Spirogyra sp.; other chlorophytes included a variety of life stages of a variety of 
Scenedesmus/Desmodesmus spp., including  Desmodesmus quadricauda, D. armatus, and 
 Scenedesmus bijuga, and, Ankistrodesmus falcatus, and the desmid Cosmarium sp.  Also 
present were the diatoms Navicula sp., Synedra sp.,  and Tabellaria fenestrata.   

Sincerely,

 

Harold G. Marshall, Ph.D.
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Professor, Department of Biological Sciences

Old Dominion University

Norfolk, Virginia 23529-0266

hmarshal@odu.edu 1-757-683-4204

FAX 1-757-683-5283

 

 
 
 
--  
Jeff Kelble 
Shenandoah Riverkeeper 
P.O. Box 405 
Boyce, VA 22620 
Phone: 540-837-1479 
Cell: 540-533-6465 
Email: jeff@shenandoahriverkeeper.org 
Website: www.shenandoahriverkeeper.org 
Recognized as "one of the best small nonprofits" by Catalogue for Philanthropy 
 
United Way # 9335 * CFC # 87828 * 
 
 
Shenandoah Riverkeeper uses citizen action and enforcement to protect and restore water quality in the 
Shenandoah River Valley for people, fish and aquatic life

 
 
 
--  
Jeff Kelble 
Shenandoah Riverkeeper 
P.O. Box 405 
Boyce, VA 22620 
Phone: 540-837-1479 
Cell: 540-533-6465 
Email: jeff@shenandoahriverkeeper.org 
Website: www.shenandoahriverkeeper.org 
Recognized as "one of the best small nonprofits" by Catalogue for Philanthropy 
 
United Way # 9335 * CFC # 87828 * 
 
 
Shenandoah Riverkeeper uses citizen action and enforcement to protect and restore water quality in the 
Shenandoah River Valley for people, fish and aquatic life 
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          4 April 2012 

ATTN:  John M. Kennedy 

DEQ Office of Water Monitoring and Assessment 

P.O. Box 1105 

Richmond, Virginia 23218-1105  

RE: Draft 2012 305(b)/303(d) Water Quality Assessment Integrated Report 

 

Dear Mr. Kennedy, 

 

I am writing to ask that the Virginia Department of Environmental Quality include the North Fork, the 

South Fork, and the Main Stem of the Shenandoah River as impaired waters in the 2012  305(b)3/303(d) 

Water Quality Assessment Integrated Report.  The entire Shenandoah watershed has been experiencing 

severe algae problems for several years. 

 

When I started fishing the North Fork and Big Stoney Creek in the mid-1970s, the Shenandoah and Stoney 

were crystal-clear watersheds.  I used to take my Sons fishing out there with me, and took our Boy Scout 

Troop out there quite a number of times.  But then I was assigned overseas for several years, and when I 

came back, Stoney and the North Fork were mere shadows of themselves by the mid- to late 1980s.  Many 

fish had sores on them and there definitely weren’t the numbers of earlier years. 

 

I still fish the North Fork, South Fork and Main Stem of the Shenandoah.  However, for much of the year, 

large sections of each river experiences a series of algae blooms that seriously diminish water conditions 

and my use and enjoyment of the rivers.  In each of the past 6 years during late winter there have been 

algae blooms.  Over the course of the year I have seen this on all three rivers near Edinburgh, Shenandoah, 

and below the Front Royal Dam.  This bloom turns the river a dark murky green well into summer.  When 

the algae blooms I often stop wet wading, fearing an infection.  In fact, a couple of years back a couple of 

members of my fishing club scratched themselves in some of the rivers in the Potomac watershed, not sure 

if it was the Shenandoah system, but they almost died.  When I do fish, I find the fishing is poor. 

 

By mid-May or June “rock snot” takes over the river bottoms, and the native grasses, which are trying to 

emerge, turn brown and lose their leaves and remain bare the rest of the year.  There is also a floating 

bubbly type of algae that comes at this time.  Clumps rise up and float on the surface. 

 

The Shenandoah watershed is a mess, and I urge you to ask that DEQ include the three sections of the 

Shenandoah River on the 305B/303D list, determine why we are having these algae problems, and to 

develop and implement a plan to clean up the Shenandoah.  I don’t know if you are a fisherman, but when I 

first started fishing it, the ‘Doah was pristine.  Now we’ve had several major fish kills and the algae 

problems.  The river used to attract fishermen from all over Virginia and all along the East Coast.  Old 

friends of mine who live in New Hampshire used to come down every year to fly fish for smallmouth bass.  

They haven’t come down in several years.  Heck, why would anyone drive 500 miles to get skunked by the 

fish and the algae. 

 

I am the activity chairman of the Potomac River Smallmouth Club, with over 100 members.  If you would 

ever like to hear our comments on the state of the Shenandoah, we would be proud to host you.  We meet 

most months on the last Wednesday of the month from 1930 to 2100 at the Vienna Fire House.  Please 

check out our Website at www.prsc.org. 

 

Respectfully, 

 

 

William J. “Bill” Amshey, Jr. 

3007 Rayjohn Lane 

Oak Hill, Virginia 20171 

703-716-0838 



Members of the Virginia Department of Environmental Quality: 
 
I am writing this letter in support of listing the Shenandoah River as a Endangered 
Waterway.  During the past 25 years, my children and I have used the Shenandoah for 
swimming, kayaking, and fishing.  They are grown now, and are off to live in other parts 
of Virginia.  They would be sad to see the condition of the Shenandoah as it is now.  
Through the years I have seen a steady decline in the quality of the water. 
 
Gone are the days when the Shenandoah was a clear river full of wonderful smallmouth 
bass of huge size. 
 
Because of the string of years with fish kills, I have limited my use of the Shenandoah 
during the past five or six summers.  Something is killing those fish.  Whatever it is 
couldn't be good for people either. 
 
Last summer, however, I decided to enjoy the river again.  I fished the river at least ten 
ten days.  I found it in worse shape than ever.  There was a summer-long algae bloom 
on the Main Stem.  The water was an olive-drab green rendering the water nearly 
opaque.  Gone were the lush grass beds that sheltered smaller fish and enriched the 
river's water with oxygen.  Fishing was poor, and I certainly didn't want to stand in that 
water to fish, let alone swim in it. 
 
Others seem to have found problems with the river, too.  There were several days on 
the Shenandoah last summer when I saw not a single other angler on the river other 
those with me.  The few anglers I encountered reported catching few if any smallmouth 
bass on the Main Stem, and those caught were of small size. 
 
One day I fished the Main Stem with a friend, an experienced angler, who had never 
fished the Shenandoah.  He was struck by the awful condition of the water.  He's not 
fished the Main Stem since, but continues to tell me of wonderful fishing in less 
degraded waters elsewhere.  Why would he want to spend his fishing money here? 
 
It is obvious to anyone who has spent time on the Shenandoah that the river is in 
serious trouble.  With the help of the DEQ, the Shenandoah can come back to health.  
Recognizing the serious nature of the problem is a necessary first step. 
 
I hope one day in the future I will be able to enjoy the Main Stem with my grandchildren 
and show them a river about which we call all be proud. 
 
Sincerely, 
Bill Prokopchak 
1714 Lewis St. 
Winchester, VA 22601 
 
April 18, 2012  



 

 



 



 

Jeff Kelble <jeff@potomacriverkeeper.org> 

Form submission from: Take Action!- Help the Shenandoah Riverkeeper Get 
Rid of Algae 

Potomac Riverkeeper <sarah@potomacriverkeeper.org> 
Mon, Apr 23, 2012 at 2:29 

AM 
To: jeff@potomacriverkeeper.org 

Submitted on Monday, April 23, 2012 - 2:29am 
Submitted by anonymous user: [166.248.32.86] 
Submitted values are: 
 
Your Letter: 
John M. Kennedy 
DEQ Office of Water Monitoring and Assessment 
P.O. Box 1105 Richmond, Virginia 23218-1105 
 
 
Dear Mr. Kennedy, 
 
I’m writing in concern of the algae blooms consistently  occurring in the North Fork, South Fork, and Main 
Stem of the Shenandoah River, and request the Virginia Department of Environmental Quality (DEQ) lists 
these waters on thee 2012 305(b)3/303(d) Water Quality Assessment Integrated Report. 
 
I rely on several properties of friends to access the main stem Shenandoah for fishing, and often use public 
access ramps for canoeing with friends as well. Over the past several years I have found my fishing 
experiences continuing to decrease along the main stem directly because of algae blooms. I have noticed 
extensive algae blooms occurring in March and April to the point of not even fishing from frustration of 
cleaning a green fishing lure, then during  May I have been catching less fish than I have recorded in past 
years. I feel my low fish numbers are in direct relation to the death of these extensive algae blooms 
decreasing the levels of oxygen in the river when decomposing. 
 
I have also noticed there is less aquatic grass establishing itself in the river along my fishing spots after 
algae blooms. This is likely an additional response to the less dissolved oxygen from decomposing algae, 
and has also diminished by experiences and use of the river because there is no cover for fish. 
 
As new years come I find myself using the river lesser than previous years, more recently even safety 
issues arising with the concern for loved ones. The river use to be a great place to spend time with my 
girlfriend to fish, and introduce the outdoors to my nephew. During the summer the river bed becomes 
extensively covered with an algae film on the rocks bank to bank. Both my girlfriend and nephew have had 
problems keeping upright when wading within the river with the rocks so slippery. 
 
My experiences catching fish on the Shenandoah are not near what they were when I were a kid, and 
these algae blooms are an issue directly affecting enjoyable leisure. Still I hope one day my nephew gets 
the same enjoyable opportunities to fish the Shenandoah like I had in the past. To restore what the 
Shenandoah could be I request the DEQ includes all three sections of the river on the 305(b)/303(d) 
impaired waters list. 
 
Thank you for considering by suggestion and best regards, 
 
 
Cory M. Miller 
280 Buckhorn Road 
Middletown, VA 22645 
Email: cmiller082@su.edu 
Phone: 540-333-7086 
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Name: Cory M. Miller 
Email: cmiller082@su.edu 
 
 
The results of this submission may be viewed at: 
http://www.potomacriverkeeper.org/node/428/submission/830 
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Jeff Kelble <jeff@potomacriverkeeper.org> 

RE; Draft 2012 305(b)/303(d)Water Quality Assessment Integrated Report 

bishbox@comcast.net <bishbox@comcast.net> Wed, Apr 11, 2012 at 9:44 PM 
To: jeff@shenandoahriverkeeper.org 

To John M. Kennedy
DEQ Office of Water Monitoring and Assessment
P.O .Box 1105
Richmond Va.23218-1105
RE; Draft 2012 305(b)/303(d)Water Quality Assessment Integrated Report
 
Dear Mr. Kennedy,
I have enjoyed owning property on the South Fork of the Shenandoah River for thirty years now 
and in two weeks I’ll be sitting down at a closing table to purchase the land lot next to mine. I am 
fifty-one years old and hope to retire there someday as I think its one of the most serene and 
relaxing places in the state of Virginia.
  Some years ago I do remember reading that the river had made the list of the COUNTRYS most 
endangered rivers and these last few years my friends and family has experienced the decline for 
ourselves.
 The fishing has dropped of dramatically, the turtles are gone and birds seem fewer.
There is an algae that seems to be covering the bottom most of the year, I don’t think the science 
community ever solved the “fish-kill” problem, but the bad news just keeps piling on.
 This stubborn and horrible algae will hurt tourism, sport, wildlife and all of us who make Virginia 
our home, as a result I would like to ask that DEQ include all three sections of the Shenandoah 
River on 305B/303D LIST, determine why we are having these algae problems, and to develop 
and implement a plan to bring ‘The Daughter of the Stars” back to her great self. I have six 
Grandkids who are going want to go fishing at Grandpa’s country house!
Thank You for considering these concerns,
 
Mr. Craig Bishop
1000 Canoe River Dr.
Rileyville Va.22650
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DRS. DONNA AND ZAHRL SCHOENY 
 

 

 

Dear Jeff, 

We are long time friends of the Browne’s at 456 Misty Meadow Lane in Bentonville on the 

Shenendoah River. Since they have been property owners there we have spent many days and 

weeks on the river. When we first started going there, we fished and ate the fish we caught. We 

also were avid kayakers, keeping our kayak at their house. We were very excited when they 

also purchased the cabin on Misty Meadow Lane and spent almost every weekend or more 

there for years, getting to know the neighbors and feeling a part of the valley community. We 

have watched the decline of the river and are very saddened by the amount of algae, flotsam, 

and diseased fish that continues to worsen every year. Allowing one of the most beautiful rivers 

in this country (and we have travelled all 50 states} to decline at this rate is a travesty and 

embarrassment  to the state of Virginia. We would implore the state to recognize that the 

Shenendoah should be on Virginia’s Dirty Water’s List. Our children and grandchildren love to 

come to the river to swim, fish, and float. One even worked for a summer for an Outfitter and 

lived with me at the cabin. We are concerned if it is still safe for them to continue enjoying the 

recreation available at this once idyllic spot. Please let us know if there is anything we can do to 

encourage the clean up our favorite river 

Donna and Zahrl Schoeny 

300 Lake Forest Lane 

Charlottesville, Virginia 22901 



April 10, 2012 

 

 

John M. Kennedy 

DEQ Office of Water Monitoring and Assessment 

P.O. Box 1105 

Richmond, Virginia 23218-1105  

RE: Draft 2012 305(b)/303(d) Water Quality Assessment Integrated Report 

 

Dear Mr. Kennedy, 

 

I am writing to request that Virginia’s Department of Environmental Quality add the North Fork, 

South Fork and Main Stem of the Shenandoah as impaired waters on thee 2012  305(b)3/303(d) 

Water Quality Assessment Integrated Report because of the severe algae problems the river 

experiences every year. 

 

I fish the South Fork of the Shenandoah extensively and I also use the river to kayak and take my 

family members fishing.  However, for much of the year, large sections of the river seem to 

experience a series of noxious algae blooms that seriously diminish my use and enjoyment of the 

rivers. 

 

Over the course of the past five years I’ve fished the South Fork from Luray to Front Royal.  The 

places I like to wade and fish are mile 13, 16 and up stream from Andy Guest Park.  The past 

two years I’ve fished these locations less due to the fact that I not only find algae as mentioned 

above but I find fish that have abnormal growths on them.  I typically fish these areas from May 

through September; however, I’ve begun seeking out other locations due to the poor conditions 

of the water.  I’ve been in my kayak when I’ve had to paddle though thick pockets of algae.   

 

This cycle of algae diminishes both my use and my enjoyment of the Shenandoah River system.  

As a result I would like to ask that DEQ include the South Fork and the other sections of the 

Shenandoah River on 305B/303D list, determine why we are having these algae problems, and to 

develop and implement a plan to make them go away.   

 

 

Thank you for considering my comments, 

 

Elwyn “Chip” Comstock 

6822 Wemberly Way 

Mclean, Va  22101 

Email:  comburns@aol.com 

Phone: 703-356-9124 

Potomac River Smallmouth Bass Club Librarian 
 



April 17, 2012 

John M. Kennedy 

DEQ Office of Water Monitoring and Assessment 

P.O. Box 1105 

Richmond, Virginia 23218-1105  

RE: Draft 2012 305(b)/303(d) Water Quality Assessment Integrated Report 

 

Dear Mr. Kennedy, 

By now, you know the story. 

 I am writing to request that Virginia’s Department of Environmental Quality add the North Fork, South 

Fork and Main Stem of the Shenandoah as impaired waters on thee 2012  305(b)3/303(d) Water Quality 

Assessment Integrated Report because of the severe algae problems the river experiences every year. 

I fish the Shenandoah often, from Front Royal to Harper’s ferry (which is where the confluence with the 

Potomac is).  But it often looks like a pond (noxious algae blooms in the summer) and that seriously 

diminish my use and enjoyment of the river.  Last year, the nasty, oppressive algae bloom spilled over 

into the Upper Potomac. That’s where I fish too!  So now, that impairs that fishery as well. And it stinks!  

No way would I want to get out of my kayak into that stuff…. 

These rivers deserve better!! 

You must take some action to preserve our use of this river. It cannot die. It’s that simple. Algae is a 

killer of life in the water but you already know that. 

Thank you for considering my comments, 

 

Mr. Ernesto J Rojas 

21317 Comus Ct 

Ashburn VA 20147-4864 

Email: ernierojas@verizon.net 

Phone: 703-729-0128 



April 12, 2012 

John M. Kennedy 

DEQ Office of Water Monitoring and Assessment 

P.O. Box 1105 

Richmond, Virginia 23218-1105  

RE: Draft 2012 305(b)/303(d) Water Quality Assessment Integrated Report 

 

Dear Mr. Kennedy, 

I am writing to request that Virginia’s Department of Environmental Quality add the North Fork, South 

Fork and Main Stem of the Shenandoah as impaired waters on the 2012  305(b)3/303(d) Water Quality 

Assessment Integrated Report because of the severe algae problems the river experiences every year. 

 

Since my retirement in 2004, my principle recreational activity from April through October is fishing. I 

wade fish on all three sections of the Shenandoah about 40 times a year.   A review of my fishing log for 

last year showed that last year I recorded the lowest average daily catch rates on the Shenandoah since I 

retired.   I attribute this reduction to the condition of the river.  In a normal year, the river water is fairly 

stained from the Spring rains until about the latter part of June.  It then becomes clear enough to see the 

bottom when wading for the rest of the fishing season.  Last year, the main stem and the South Fork 

stayed cloudy due to algae blooms until sometime in September.  This condition reduced the number of 

fish I was catching and made the wading more dangerous.  As a result, I basically stopped fishing on 

these two sections of the river until the water cleared and a normal fish catch rate resumed in September.  

 

In June through September, I was forced to do most of my fishing on the North Fork.  While the area in 

this section of the river where I fished didn’t suffer the algae bloom that the other two sections did, it was 

loaded with rock snot.  On just about every cast, I would have to clean the rock snot off my bait (even if 

the bait was rigged for weedless fishing) before making the next cast. I also had to be much more careful 

when wading to avoid slipping on or stumbling over coated rocks.  As a result, my fishing experience was 

much less enjoyable and productive. 

 

This cycle of algae diminishes both my use and my enjoyment of the Shenandoah River system.  As a 

result I would like to ask that DEQ include the three sections of the Shenandoah River on 305B/303D list, 

determine why we are having these algae problems, and to develop and implement a plan to make them 

go away.   

Thank you for considering my comments, 

 

George Moran 

4132 Point Hollow Ln 

Fairfax, VA 22033 

Email:  morangm@yahoo.com 

Phone: 703-818-2146 
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Jeff Litrle
2703 Rowe Road

NewWindsor, MD 27ii6

410-635-38b7 Home
443-2M_2592 Cell

)akfi-sh@,erizon.net

April 9,2012

John M. Kennedy
DEQ Office ofWater Monitoring and fusessment
PO. Box 1105
Richmond, Virginia 2321 8- 1 105
RE: Draft 2012 305(b/303(d) whter euality Assessment Integrated Report

DearJohn M Kennedy,

The last time I visited the Shenandoah River to fish was last September near pugh,s Run on the North
Fork' I took my two sons to wade and fish where I have fond memories of catching feisty smallmouth bass.
We spent about t})rte hours wading downstream, catching a few small bass, a far cry from my memories of
this previously impressive fishery.

The slippery filamentous algae that perrneated the river bottom made wading treacherous for my sons.
The "snot grass" coated their water sandals and when the decided to jump in further:, the rest of their
clothes. It also made for fiushating fishing as each cast yielded a clr np of algae that prevented our
catching many fish. This was not the case several years ago. My tales of successful fishing were met by
skepticisn by two young anglers who would rather not return. certainly the algae, s;,rrptomatic of the
water quality issues that affect the fishery has diminished how often I have visited the river.

I would request that theVirginia Departrnent of Environmental Qualrty include the North Fork, South
Fork and Mainstem Shenandoah on its impaired waters 303D/3058 list. Feel free to contact me if you have
questions. Thank you foryour time.

Sincerely yours,

f/tut€
JeffLitde
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Mr. John Kennedy 

Virginia Department of Environmental Quality   April 9, 2012 

Office of Water Monitoring and Assessment 

P.O. Box 1105 

Richmond, VA 23218-1105 

 

Subject: Draft 2012 305(b)/303(d) Water Quality Assessment Integrated Report 

 

Dear Mr. Kennedy: 

 

 I am writing to request that the Virginia Department of Environmental Quality add the 

North Fork Shenandoah River, South Fork Shenandoah River, and main stem Shenandoah River 

to the 305(b)/303(d) list of Virginia’s impaired waters. 

 

 I am an angler and naturalist who buys annual out-of-state Virginia fishing licenses each 

year.  I have floated and fished the Shenandoah River in late spring and early summer, normally 

near Front Royal and Luray and downstream near the Shenandoah’s confluence with the 

Potomac, for over 30 years.  Over the past 5 years or so, the increased predictability of blooms of 

planktonic and filamentous algae throughout the Shenandoah River system has caused me to 

avoid the Shenandoah and either go further afield in Virginia or stick to Maryland waters.  

Excess algae makes river use unpleasant for me by making rocks excessively slippery, fouling 

lines and lures, and causing the river to look polluted and “dead.”  The now-routine occurrence 

of spring and early summer fish kills in the Shenandoah, which are apparently tied to algae 

blooms and nutrient enrichment, further inhibits my desire to travel to the Shenandoah. 

 

 The occurrence of algae blooms and fish kills on the Shenandoah, and using my valuable 

recreation time to travel to the Shenandoah only to have these environmental insults impinge on 

my recreation, significantly diminishes my use and enjoyment of that waterway. 

 

 The Shenandoah River system’s worsening water quality now routinely makes the local 

and national news and is therefore common knowledge to fishermen and other river users 

throughout the mid-Atlantic. 

 

 The degradation of the Shenandoah’s waters needs to be addressed by the Virginia DEQ 

as quickly as possible by adding the North Fork Shenandoah River, South Fork Shenandoah 

River, and main stem Shenandoah River to Virginia’s 305(b)/303(d) list of impaired waters so 

that appropriate studies can be conducted and solutions can be found. 

 

 Thank you for your attention to this important issue. 

     

   

 

      B. Peter Yarrington 

      1809 Crystal Lane 

      Silver Spring, MD 20906 

      301-871-3120  



 



March 27, 2012  

John M. Kennedy DEQ Office of Water Monitoring and Assessment P.O. Box 1105 Richmond, 

Virginia 23218-1105  

RE: Draft 2012 305(b)/303(d) Water Quality Assessment Integrated Report  

Dear Mr. Kennedy,  

I am writing to request that Virginia’s Department of Environmental Quality add the North Fork, 

South Fork and Main Stem of the Shenandoah as impaired waters on thee 2012 305(b)3/303(d) 

Water Quality Assessment Integrated Report because of the severe algae problems the river 

experiences every year.  

I fish the South Fork and Main Stem of the Shenandoah extensively and in the past, I have used 

all three rivers to take my family canoeing and camping. However, for much of the year, large 

sections of the river appears to experience a series of noxious algae blooms that seriously 

diminish my use and enjoyment of the rivers.  

In each of the past six years I have observed a late winter planktonic algae blooms. Over the 

course of the year I use the river system and have seen this on all three rivers from Lurey down 

to Front Royal on the South Fork, and from Route 50 to the Confluence with the Potomac River 

in Harpers Ferry. This bloom turns the river a dark murky green color, like green paint, from late 

winter until about July. When the algae blooms I often choose not to swim or fish and I don’t 

take my family swimming because they don’t like the off-color murk water. In fact, during the 

times the river gets real bad, I choose to go elsewhere to take my family.  This represents an 

economic loss to the area, because I tend to spend money on gasoline, dinners, the occasional 

hotel, and do some of my home shopping in the boutique stores in the area.  

By mid-May or June each year as the river clears the planktons seem to die back. But then a 

filamentous algae (rock snot) takes hold covers the river bottom and the native grasses which are 

trying to emerge. The native grasses turn brown and lose their leaves and remain bare the rest of 

the year. Additionally, a floating bubbly type of algae (I’m told its Cynabacteria or Blue Green 

Algae) comes at this time. This algae rises up and floats on the water surface, and then 

accumulate on anything sticking out of the river and in back eddies. This algae smells like 

sewage or rotting broccoli. When the algae blooms I literally do not want to be anywhere near 

the river and I often choose to go somewhere else. The fishing is frustrating because you cannot 

fish without fouling your line on the algae, the fish won’t bite lures or bait with algae sticking to 

it. I find being around the river very unpleasant due to the odors and annoyance. I found this 

problem in the following areas last year from July through August; Front Royal, Luray, Alma, 

Port Republic, Bentonville, Millville, and from Route 50 down to Route7, then to Confluence 

with the Potomac River.  

This cycle of algae diminishes both my use and my enjoyment of the Shenandoah River system 

but also the economy of the area. As a result I would like to ask that DEQ include the three 

sections of the Shenandoah River on 305B/303D list, determine why we are having these algae 



problems, and to develop and implement a plan to make them go away. Thank you for 

considering my comments,  

George “HookUp” Thurston 

21079 Ethan Court 

Sterling, VA 20164  

Email: rd400d@hotmail.com 

Phone: (202) 267-3545 
 



April 21, 2012 

 

 

John M. Kennedy 

DEQ Office of Water Monitoring and Assessment 

P.O. Box 1105 

Richmond, Virginia 23218-1105  

RE: Draft 2012 305(b)/303(d) Water Quality Assessment Integrated Report 

 

Dear Mr. Kennedy, 

I am writing to request that Virginia’s Department of Environmental Quality add the North Fork, 

South Fork and Main Stem of the Shenandoah as impaired waters on the 2012  305(b)3/303(d) 

Water Quality Assessment Integrated Report because of the severe algae problems the river 

experiences every year. 

 

I own property adjacent to the South Fork of the Shenandoah River in the Shenandoah/Shipwreck 

area about 1 mile downstream from the dam in Shenandoah.  My family and I have enjoyed the 

fact that we live in such a beautiful area and have been able to enjoy the numerous opportunities 

the river has to offer.  There has been a significant change in the river in the past years and the 

time we spend there has been far less enjoyable.  In fact, we spend less and less time there and 

have been traveling to other areas to enjoy similar activities on other waters. 

 

The main issue is an algae that has been dominating the river waters in recent years.  When we 

first moved to the area, the river was prolific with numerous fish species of great size and the 

river bottom was dominated by native grasses and aquatic invertebrates.  In addition, the river 

valley was well populated by a plethora of migratory and resident bird species and ducks.  What 

we have noticed is a significant decline in the number, size and variety of all species mentioned 

above.  After a significant fish kill several years ago, the smallmouth bass never recovered. There 

are still smaller fish around, but as they grow, sores develop and I find dead fish about 12-14 

inches in length along the shore later in the summer.  Rarely do I ever find them bigger than that.  

The numbers of minnows, darters, chubs, bluegill and suckers have also declined significantly. 

The native grasses that would form huge underwater forests in the shallows have all but 

disappeared.  These areas were very productive feeding grounds for the fish as well as excellent 

retreats for breeding fish and a nursery for the juveniles to feed and hide. The area would also 

support numerous birds such as kingfishers, ducks of all kinds, tanangers, orioles, green herons, 

etc., that thrived on the grasses, fish or invertebrates produced in these vital areas.  These birds 

are rarely seen here anymore and the diversity and enjoyment of seeing and studying them is all 

but gone.  

 

What we have noticed is that late in the winter, very early spring, a green, slimy algae will form 

on the rocks and the water will turn a greenish color.  It is variable based on the water flow in the 

river and tends to occur after huge rains when the water levels starts to fall.  It will last for months 

and will be replaced later in the late spring and early summer with long green filaments of what 

has been called “rock snot” by my neighbors.  The native grasses try to take hold but they are 

soon overwhelmed by this algae which sticks to the blades and smothers it out.  Even in faster 

flowing waters, this algae is very sticky it will weigh the grass down and eventually it dies out.  

What is left behind is a slimy rock bed that is all but devoid of life except for the small black 

snails come to graze on the algae is unbelievable numbers.  When you wade the shores and start 

flipping rocks to see what is left, there is not much at all.  A few hearty inverts, but no crayfish, 

very few if any helgramites or large stonefly larvae, and just a small sample of tiny minnows. I 

have also noticed a decline in the number of frogs and snakes that frequent the shores, and as for 



the beavers, we have not seen one in three years.  It’s no wonder why the diversity of life has 

moved or died off.  

 

By late summer, when the water levels are low, we really don’t even spend time at our section of 

the river.  There is a funky green foam that occurs in the shallow, still waters and in the eddies.  It 

has a rancid smell at times and to wade or swim is out of the question for my family.  Even to 

paddle, it is not very enjoyable and when friends or family come to visit, they are shocked to see 

the water quality.  We have been going to other waters far further upstream in the national forest 

or across the mountain into West Virginia to enjoy the experience we once had right here at 

home. 

 

There is little doubt in my mind that the cause for this is the inorganic and organic chemical 

surplus that gets added to the water each year.  The amount of nitrogen and phosphorous added to 

our beautiful watershed must be excessive but little if any monitoring is done to control it.  There 

is also a huge trend in “no till’ farming in our immediate area that is based on tremendous 

amounts of “round-up” or other herbicides being sprayed and ending up in our river.  I do not 

have the facts to prove this which is why I am requesting that the DEQ include the three sections 

of the Shenandoah River on 305B/303D list to determine why we are having these algae 

problems and diversity loss and come up with a plan to protect this section of the river.  

 

Sincerely, 

 

Thomas A. Bahleda, M.D. 

449 Shipyard Rd. 

Shenandoah, VA 22849 
 



Jeff Kelble <jeff@potomacriverkeeper.org> 

 
my letter 

icepeep@aol.com <icepeep@aol.com> Thu, Apr 5, 2012 at 9:30 AM 
To: jeff@shenandoahriverkeeper.org 

April 5, 2012 
John M. Kennedy 
DEQ Office of Water Monitoring and Assessment 
P.O. Box 1105 
Richmond, Virginia 23218-1105  
RE: Draft 2012 305(b)/303(d) Water Quality Assessment Integrated Report 
 
Dear Mr. Kennedy, 
I am writing to request that Virginia’s Department of Environmental Quality add the North Fork, South Fork 
and Main Stem of the Shenandoah as impaired waters on thee 2012 305(b)3/303(d) Water Quality 
Assessment Integrated Report because of the severe algae problems the river experiences every year. 
 
I fish the North Fork, South Fork and Main Stem of the Shenandoah extensively and I also use all three 
rivers for canoeing, nature watching and nature photography. However, for much of the year, large 
sections of each river seems to experience a series of noxious algae blooms that completely destroy my 
use and enjoyment of the rivers. 
 
In each of the past six years during late winter a planktonic algae blooms, usually after a high water event, 
but not always. Over the course of the year I use the entire river system and have seen this on all three 
rivers from Port Republic down to Front Royal, from Broadway to Front Royal and from Front Royal to the 
Confluence with the Potomac River. This bloom turns the river a dark murky green color, like green paint, 
from late winter until about July. When the algae blooms I often choose not to fish because fishing is smelly 
and slimy. When I do fish I find the fishing is poor and I don’t enjoy the experience as much. Whenever the 
river is this murky color, it’s disturbing to fish and the fish are usually lethargic and often they don’t feed at 
all. Activity in the river drops to near zero. For the past two years I simply could not fish the lower south fork 
or the entire MainStem from July through August because of the plankton green water. 
 
By mid May or June each year as the river clears the planktons seem to die back. But then a filamentous 
algae (rock snot) takes hold covers the river bottom and the native grasses which are trying to emerge. The 
native grasses turn brown and lose their leaves and remain bare the rest of the year. Additionally, a floating 
bubbly type of algae comes at this time. Clumps rise up to and float on the water surface and then 
accumulates on anything sticking out of the river and in back eddies. This algae smells like sewage. When 
these algaes are blooming I literally do not want to be anywhere near the river and I often choose to go 
somewhere else. When I have no other place to go then it just takes all the enjoyment out of my day. The 
fishing is frustrating because you cannot fish without fouling your line on the algae, the fish won’t bite lures 
or bait with algae sticking to it. I find being around the river very unpleasant due to the odors and 
annoyance.This happens throughout the river system.  
 
Finally, in the fall each year the native grasses die back and a bright green filamentous algae again covers 
the entire bottom of the river from Broadway to Strasburg. All three of these algaes make it nearly 
impossible to fish and again diminishes and sometimes eliminates my ability to enjoy the river. 
 
This cycle of algae diminishes both my use and my enjoyment of the Shenandoah River system. As a 
result I would like to ask that DEQ include the three sections of the Shenandoah River on 305B/303D list, 
determine why we are having these algae problems, and to develop and implement a plan to make them 
go away.  
Thank you for considering my comments, 
 
Robert Abrams 
6504 Byrnes Drive 
McLean, Virginia 22101-5225 
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April 5, 2012 

John M. Kennedy 

DEQ Office of Water Monitoring and Assessment 

P.O. Box 1105 

Richmond, Virginia 23218-1105  

RE: Draft 2012 305(b)/303(d) Water Quality Assessment Integrated Report 

 

Dear Mr. Kennedy, 

I am writing to request that Virginia’s Department of Environmental Quality add the North Fork, South 

Fork and Main Stem of the Shenandoah as impaired waters on thee 2012  305(b)3/303(d) Water Quality 

Assessment Integrated Report because of the severe algae problems the river experiences every year. 

 

I fish the North Fork, and Main Stem of the Shenandoah extensively during the summer months for more 

than 40 years.  Recently, however, for much of the summer, particularly the warmer months, large 

sections of the  river experience a series of noxious algae blooms that seriously diminish my use and 

enjoyment of the rivers. 

 

In each of the past six years during late winter a planktonic algae blooms, usually after a high water event, 

but not always.  This bloom turns the river a dark murky green color, like green paint, from late winter 

until about July.  When the algae blooms I often choose not to fish as I don’t like the off-color murky 

water.  When I do fish I find the fishing is poor and I don’t enjoy the experience as much.  Whenever the 

river is this murky color, it’s disturbing to fish and the fish are usually lethargic and often they don’t feed 

at all.  Activity in the river drops to near zero. For the past two years I simply could not fish the lower 

south fork or the entire Main Stem from July through August because of the plankton green water. 

 

By mid May or June each year as the river clears the planktons seem to die back.  But then a filamentous 

algae (rock snot) takes hold covers the river bottom and the native grasses which are trying to emerge. 

The native grasses turn brown and lose their leaves and remain bare the rest of the year.  Additionally, a 

floating bubbly type of algae (I’m told its Cynabacteria or Blue Green Algae) comes at this time.  Clumps 

rise up to and float on the water surface and then accumulates on anything sticking out of the river and in 

back eddies.  This algae smells like sewage or rotting broccoli.  When these algaes are blooming I literally 

do not want to be anywhere near the river and I choose to go somewhere else.  I have found that if you do 

fish; the fishing is frustrating because you cannot fish without fouling your line on the algae, the fish 

won’t bite lures or bait with algae sticking to it.  I find being around the river very unpleasant due to the 

odors and annoyance.  I found this problem in the following areas last year from July through August;, 

Deer Rapids, Edinburg, Woodstock, Strasburg, Front Royal, Goods Mill, Shenandoah, Route 50, Route7 

among other places. 

 

Finally, in the fall each year the native grasses die back and a bright green filamentous algae again covers 

the entire bottom of the river from Broadway to Strasburg.  All three of these algaes make it nearly 

impossible to fish and again diminishes and many times eliminates my ability to enjoy the river. 

 

This cycle of algae diminishes both my use and my enjoyment of the Shenandoah River system.  As a 

result I would like to ask that DEQ include the three sections of the Shenandoah River on 305B/303D list, 

determine why we are having these algae problems, and to develop and implement a plan to make them 

go away.    

Thank you for considering my comments, 
  

Carl Onesty 703 978-4684 conesty@aol.com 

8529 Pappas Way 

Annandale, VA 22003 



Shenandoah River Algae Complaint 

April 12, 2012 
John M. Kennedy 
DEQ Office of Water Monitoring and Assessment 
P.O. Box 1105 
Richmond, Virginia 23218-1105  
RE: Draft 2012 305(b)/303(d) Water Quality Assessment Integrated Report 
 
Dear Mr. Kennedy, 
I am writing to PLEADING Virginia’s Department of Environmental Quality add the North Fork, South 
Fork and Main Stem of the Shenandoah as impaired waters on thee 2012  305(b)3/303(d) Water Quality 
Assessment Integrated Report because of the severe algae problems the river experiences every year. 
 
I am the owner and one of the head fishing guides for Mossy Creek Fly Fishing in Harrisonburg, Virginia. 
My twin brother Brian and I opened our shop and guide service in April of 2003. The NUMBER 1 reason 
for opening our shop in this location was its proximity to the South Fork of the Shenandoah River. We 
have been fishing the Shenandoah River for 20 years and guiding on it for 12. We are on the river 12 
months a year and almost daily in the spring and summer. We have 6 boats and run more float fishing 
trips on this river than any other fishing guide service. We do target the James River and New River for 
smallmouth bass and musky, however we consider the Shenandoah River our home water. Unfortunately 
claiming the Shenandoah our home water is becoming more and more embarrassing each year as we see 
constant algae blooms, fish kills, disease, foul smelling water, and more. Some of our guests will not 
return to fish the Shenandoah or our area again as a result of what they see on the water. 
 
I am amazed at what I see each day and each season I am on the Shenandoah River. I actually grew up in 
Richmond Virginia about 1 mile from the James River. I was used to seeing crystal clear water through 
the spring, summer, and fall when of course the river wasn’t flooding. Despite water temp and flow the 
James always looked clean and clear. That also holds true for the middle and upper James River where we 
now guide and fish. The James, New, Rappahannock, Potomac, and many of their large tributary streams 
run clean and clear most of the year. I can say the same for possibly 1major South Fork Shenandoah 
tributary. The upper South River near Waynesboro seems fairly free of algae most of the year. The North 
River and Middle River, both major tributaries to the South Fork of the Shenandoah, run green most of 
the year. I have actually never witnessed a day in my lifetime when the Middle River near Verona, VA 
has ever not been green. I guess the first time I really started to understand what was wrong with the river 
was back in 2005 when the first major fish kill occurred. I took pictures that spring, March, April, and 
May. I noticed that the water actually looked like it belonged in a theme park like King’s Dominion rather 
than in a natural environment. The water was actually a leafy green color and you couldn’t see more than 
about 2 feet into it on a good day. Not only was the color horrendous but the river had a very strong odor 
of ammonia. So strong some days it would make my eyes and the eyes of my fishing clients water most of 
the day! Other issues occurred later in the summer time when clumps of slimy algae would detach from 
the river bottom and rise up to the surface. You can’t even cast a line without getting your gear covered in 
this slimy, liquidy, brown gunk. That same gunk covers much of the river bottom nowadays. This slimy 
brownish algae is something I have never seen before until the past few years.  Now, I remember 20 years 
ago seeing the river a “Margarita Green”, a color term coined by all the local fishermen and fishing 
guides, on occasion but not all year. This past season from 2011-2012 our guides were on the Shenandoah 
multiple times each week throughout the year. Even in December, January, and February, when most 
rivers are devoid of plant life and algae, the Shenandoah River had no more than 2 feet of visibility ALL 
WINTER! What is even more frustrating is that the Main Stem Shenandoah from Front Royal North to 
Harper’s Ferry was so discolored all  The upper James River, virtually the same size as the South Fork of 
the Shenandoah was running crystal clear as was the New River, Rappahannock, Potomac, Staunton, and 



more. I have photos of the river from EVERY month over the past 10 years I have been in business and it 
is difficult to find 1 photo where the Shenandoah River actually looks clean or clear.  
 
Our busy season on the Shenandoah River is usually from May into September. You can expect to see 
one of our boats on the South Fork or Main Stem Shenandoah at a minimum of 5 days a week through 
this time period. We see the same algae problems on the river from Port Republic all the way into West 
Virginia! Clients are always asking us, ‘did it rain recently?’ ‘Why is the river so dirty?’ . Again, the 
embarrassment sets in as we explain the nutrient loading into the river and the algae problems that exist 
year round! Clients ask us constantly if the water is safe to swim in or even touch. I recommend they do 
not swim or even touch the water. I have my clients enter the boat at a boat ramp and exit at a boat ramp. 
At no time during the day do I allow them out of the boat. If they ask to swim I quote what DEQ officials 
told me at the first Fish Kill Task Force meeting…..”Do not enter the Shenandoah River with open cuts or 
sores and NEVER fully submerge your head in the Shenandoah River”. I used this same quote in a 
discussion with the General Assembly in Richmond back in 2006 concerning the state of the Shenandoah 
River. So does this algae problem make me less likely to use the Shenandoah River for recreation? Yes. 
Unfortunately my business depends on our guide services for me to make a living and support my family. 
So rather than use our home water, 15 miles down the road from our shop, we are fishing more and more 
on the James River, over 2 hours away. This 4 hour round trip haul costs us about $80 in fuel per day 
rather than the $15 it costs us to fish locally. However our customers are much happier and feel safer 
fishing a river that doesn’t look as sick as the Shenandoah.  
 
The current state of the Shenandoah River has diminished my enjoyment of the river. My shop staff and 
guides love this river and we spend time with VDGIF and DEQ volunteering our efforts to help figure out 
these problems and issues. However watching fish die as a result of unhealthy water and watching anglers 
become frustrated as they constantly battle with algae on their lines or catching and handling diseased or 
dying fish is getting too much to handle on a daily basis. I have been to the doctor twice and my brother 
once in the past 3 years with bacterial infections we were told were derived from a water source. The 
most likely culprit was the Shenandoah River as that was the only body of water we were on throughout 
the incubation time of our ailments. These infections are obviously not a result of algae in the river, but a 
direct result of an unhealthy waterway. Back in the 90’s articles were written about how the Shenandoah 
River was one of the top rivers to fish for smallmouth bass in the world! I based my business model 
around this river system and its history of being such a quality fishery. How did we go from a world 
recognized fishery to a waterway that is unhealthy to even enter? It not only has diminished my 
enjoyment of the river but has diminished my business and livelihood.  
 
I am now asking that DEQ include the three sections of the Shenandoah River on 305B/303D list, 
determine why we are having these algae problems, and develop and implement a plan to make them go 
away.  I currently do not see major issues on our other large river systems like the James, New, or 
Rappahannock. This is a Shenandoah River problem. This River is the life of the Shenandoah Valley and 
it is slowly dying before our eyes. Action should have been taken years ago but we are begging that 
something be done NOW! Thank you for considering my comments, 
 
Colby Trow 
Owner Mossy Creek Fly Fishing 
Harrisonburg, VA  22801 
Email:  store@mossycreekflyfishing.com 
Phone: 540-434-2444 
 
Some Planktonic Algae & Floating Scum Examples all Taken Before/During 2005 Fish Kills: 



 
 



 
 



 
 



 

Jeff Kelble <jeff@potomacriverkeeper.org> 

shenandoah river algae 

Dylan Cooper <deerslayer88@embarqmail.com> Sun, Apr 15, 2012 at 7:12 PM 
To: jeff@shenandoahriverkeeper.org 

Dear Mr. Kelble,

I am voicing to you my dear concern about the health of the Shenandoah River, particularly about the 
problem of algae.

I am a lifelong user of the Shenandoah River, mostly in the South Fork because I live in Luray, VA but I’ve 
covered almost all parts of the Shenandoah River system. During the spring and summer, I fish it, canoe it, 
and swim or wade in it, and I also hunt it in the fall and winter. For years I have noticed the increasing 
problem of algae in the Shenandoah and I would like something to be done about it.

My biggest problem is that with a fishing lure that goes anywhere near the bottom, and sometimes on top 
of the water as well, I must take green and/or brown algae off of the lure after almost every single cast. 
This not only becomes annoying, but it slows up fishing and decreases my chances of catching fish. No 
fish will think a lure covered in algae is something to eat. The algae gets tangled in my line and ends up 
fouling up my fishing reels or rod guides.

The algae also stains the water a dark green color. With water that is not clear, it’s impossible to fish by 
sight.

I also like to catch live bait in the river to use for fishing. Brown-snot-covered, slippery rocks are not the 
best habitat for the macroinvertbrate I am looking for, nor is it any good for footing. 

Overall the algae has diminished my enjoyment of fishing my favorite fishing water and summer paradise in 
very many ways. 

 

Other problems I notice while boating is that the algae gets stuck on the anchor and then it gets carried into 
the boat to dry out and stink up my whole boating trip. Also, anything sticking out of the water has algae on 
it that has floated to the surface during certain times of the year and that stuff really stinks up my river trip.

Sometimes I will get out of the boat to wade or swim (when I slip off the brown-snot-covered, slippery 
rocks) and the algae gets stuck on my shoes or clothes. This algae can stay on my shoes even after I try to 
pick it off, especially if the shoes have Velcro or mesh on them. Then once my shoes dry, they stink for 
days! And don’t try to sit down on the bottom of the river unless you want to ruin your bottoms with brown 
stains from algae. 

I also experience problems with the algae when I waterfowl hunt on the river in fall or late winter. I wear 
chest waders to go out in the icy cold water and the brown-snot-covered, slippery rocks are once again 
dangerous to walk on. I’ve been in many situations where I barely kept my footing on the algae-covered 
bottom to prevent myself from falling in the hypothermia-inducing water. And now because of the algae 
being spread to different river systems (that’s a whole different problem), felt bottomed shoes and waders 
are not allowed. So there goes any extra chance of holding one’s footing.

I have a Labrador retriever that absolutely loves the water. He’ll go in the river all year long to swim and 
drink. Many times, he’ll stink afterwards from getting algae in his fur. I always have to give him a bath after 
taking him to the river. Sometimes he’ll also throw up from drinking the river water.
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As you can tell, I have many different problems with the algae in the Shenandoah River. The algae 
severely diminishes both my use and my enjoyment of the Shenandoah River system. As a result, I would 
like to ask that DEQ include the three sections of the Shenandoah River on 305B/303D list, determine why 
we are having these algae problems, and to develop and implement a plan to clean up our river and to 
make the algae go away!

Thank you very much for allowing my input and for sticking up for our river,

 

Dylan Cooper

Virginia Tech Biological Systems Engineering Major

306 Winkler Rd

Luray, VA 22835

Email: deerslayer88@embarqmail.com

Phone: 540-742-3273
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         April 12, 2012 

 

John M. Kennedy 

DEQ Office of Water Monitoring and Assessment 

P.O. Box 1105 

Richmond, Virginia 23218-1105 

 

Dear Mr. Kennedy:  

 

I have lead the Northern Virginia Chapter of Trout Unlimited (a TU chapter with over 800 members) on 

trips to local streams for over 10 years.  Until the last two years, I had always taken groups to the N. Fork 

of the Shenandoah during the summer to fish for smallmouth bass.   The current high nutrient content of 

the river creates oxygen depleting algae blooms, and causes fish kills and sickens bass.  Consequently I 

have been cancelling  trips pending improvement of the condition of the river. 

 

I ask that VA DEQ include the North Fork, South Fork and/or Main Stem on its impaired waters 

303D/305B list.  Thank you. 

 

Sincerely, 

George Paine 

Secretary 

N. Virginia Chapter 

Trout Unlimited 
 



John M. Kennedy
DEQ Office of Water Monitoring and Assessment
P.O. Box 1105
Richmond, Virginia 23218-1105 
RE: Draft 2012 305(b)/303(d) Water Quality Assessment Integrated Report

Hello,

I run a local non-profit that removes physical pollution from the river (tires,cars, culverts,stoves, etc,) and I am also 
a life long fisherman and kayaker of the Shenandoah River. I use the Shenandoah many times a week pretty much 
year round. I have observed a mass problem with the content of algae growth and contamination over the course of 
time and I have also noticed that it gets increasingly worst as the year goes on then reappears thicker the next year. I 
spend most of my time on the North fork of the Shenandoah from New Market to Front Royal, but I have also 
noticed this issue on the South Fork as well. This seems to start in about May and seems to  worsten untill the river 
is unbearable to use around July. I don’t know how much time to spend on the river, but I spend quite a bit with 
many people and this is a universal problem that seems to be the tip of everyones discussion when it comes to 
outdoors recreation at these times in the year. The algae is so thick in spots that it becomes  a solid mass at the top 
of the water and one could hardly get a canoe to glide across it. I assure you that most of the public that uses the 
Shenandoah for whatever they may recognizes this as an issue if not only an eye sore but also a safety issue due to 
lack of visibility ( and trust me there are plenty of sharp man made things of the bottom of the river to cut your self 
on) and you should do the same and include this on your impaired waters 303D/305B list. Recognize the problem 
and please do something about it. This stuff isn’t going to get rid of itself.

Beau Morgan
President Earth Korps Inc.
93 Short Mountain Road.
Edinburg VA 22824
540-335-8144
earthkorps@yahoo.com 
www.earthkorps.org 

mailto:earthkorps@yahoo.com
mailto:earthkorps@yahoo.com
http://www.earthkorps.org
http://www.earthkorps.org


 

 

 

1423 N. GREENBRIER ST. ARLINGTON, VA 22205  �  703-534-4543  �  JAYEICHE@HOTMAIL.COM 

 

 

April 18, 2012 

 

John M. Kennedy 

DEQ Office of Water Monitoring and Assessment 

P.O. Box 1105 

Richmond, Virginia 23218-1105  

 

Dear Mr. Kennedy, 

 

RE: Draft 2012 305(b)/303(d) Water Quality Assessment Integrated Report 

 

I am writing to request that Virginia’s Department of Environmental Quality add the North Fork, South 

Fork and Main Stem of the Shenandoah as impaired waters on the 2012 305(b)3/303(d) Water Quality 

Assessment Integrated Report because of severe algae problems the river experiences every year. 

 

I own over 500 ft of riverfront property on the North Fork of the Shenandoah near Maurertown, 

Virginia.  I frequently fish and float the river upstream and downstream of my property, but also have 

paddled most of the North Fork from Broadway to Front Royal, the South Forth from above Luray to 

Front Royal, and the Main stem Shenandoah River from Front Royal into West Virginia.  I have fished 

most of the mid Atlantic rivers for the past 20 years, and unfortunately have seen a marked increase in 

noxious algae blooms and fish kills during that time period. 

 

Specifically, in each of the past six years during late winter there are algae blooms which typically occur 

after high water events most likely caused excessive nutrient runoff.  This bloom will turn parts of the 

river a dark murky green color with strands of gook the consistency of paint until about mid-summer.  

When the algae blooms, I generally don’t swim or fish, nor do I recommend our guests and friends do 

the same as I have health concerns with the off-color murky water.  When I do fish, I find the fishing is 

poor and take precautions upon returning home such as cleaning any scrapes or wounds with hydrogen 

peroxide and using antibiotic ointment.  We also discourage pets and small children from entering the 

water at all. 

 

By mid-summer each year, the river clears as the planktons seem to die back.  But then a filamentous 

algae (rock snot) completely takes over and covers the river bottom which kills the native submerged 

aquatic vegetation trying to emerge. The native grasses turn brown, lose their leaves, and remain bare 

the rest of the year.  Additionally, a floating bubbly type of algae (probably Cynabacteria or Blue Green 

Algae) comes at this time.  Clumps of it often cover the water surface and accumulate on anything 

sticking out of the river, as well as in back eddies.  This algae smells like sewage.  When these algaes 

are blooming I literally do not want to be anywhere near the river.  The fishing is frustrating because you 

cannot cast without fouling your line on the algae, the fish won’t bite, and I find being around the river 

very unpleasant due to the odors and annoyance. 

 

This cycle of algae diminishes both my use and my enjoyment of the Shenandoah River system.  We 

caution our guests regarding the use of the river during the summer months, and feel it is responsible in 



part for a decrease in tourism in the Shenandoah Valley, and has negatively impacted property values.  

As a result I would like to ask that DEQ include all three sections of the Shenandoah River on 

305B/303D list, determine why we are having these algae problems, and to develop and implement a 

plan to improve water conditions and restore the river to a world class smallmouth bass fishery and 

national treasure. 

   

Thank you for considering my comments, and please feel free to contact should you have additional 

questions. 

 

Very Respectfully, 

 

 

 

Jay Eiche  



 

Jeff Kelble <jeff@potomacriverkeeper.org> 

Letter writing 

James Nashed <jamesnashed@hotmail.com> Tue, Apr 17, 2012 at 5:00 PM 
To: Jeff Kelbe <jeff@shenandoahriverkeeper.org> 

  
  
John M. Kennedy 
DEQ Office of Water Monitering and Assessment 
PO Box 405 
Richmond, VA  22620 
  
Dear Mr. Kennedy, 
  
I am writing this letter as a concerned citizan of the state of Virginia and a person who enjoys the 
recreational use of the Shenandoah river.  I use the river extensively throughout the spring, summer, and 
fall.  mostly for fishing but also picnics and wading.  I have been extremely alarmed at the amount of algae 
blooms over the past few years on differnet sections of the river.  I have seen them extensively on the 
North Fork and South Fork, but also along the main stem where I fish a great deal.   
  
Unfortunately this has impacted my ability to fish and certainly wade and swim safely in parts of the river.  I 
find this especially bad in the summer on the North Fork south of Strasburg which I tend to avoid fully.  But 
lately the parts of the South Fork from Luray northward and the main stem from Front Royal to the route 7 
bridge also seem greatly affected.  The algae and slime sometimes makes fishing a near impossibility due 
to the poor visibility and inability to keep lines and flies clear of algae.  Myself and my family also are 
concerned enough to not swim or wade where large blooms are present due to health concerns.  I have 2 
small children who we also prohibit from swimming when blooms are present.  This is a tragedy.  The river 
and the surrounding land are some of the most beautiful in the state.  I end up traveling to West Virginia or 
Maryland in search of fishable waters and recreation even with such an amazing river as the Shenandoah 
is so close to home.   
  
The kinds of algae seem to be many.  The floating algae seen in calmer waters in the late summer has a 
strong odor and colors the entire area a pudrid yellow-green color.  The rocks which are already slick in the 
summer become impossible to walk on even with rubber and metal studded wading boots because on an 
immense amount of green "rock snot" that encompasses everything.    Fishing under these circumstances 
is both impractical and unenjoyable.  Of course no one in my family would swim or wade with this and 
instead we save our swimming for the beach trips in outer banks of North Carolina or the lakes and 
streams of Western Maryland.  My enjoyment and use of the river the past few summers has been 
dimished significantly to be sure. 
  
I love the Shenandoah river and wish the algae could be controlled.  I urge the VA DEQ to include the 
North Fork, the South Fork, and the Main stem of the Shenandoah on the list of impared waters 
303D/305B. 
  
Sincerely  
 
James  NashedJames  NashedJames  NashedJames  Nashed    MDMDMDMD 

118 Woodfield118 Woodfield118 Woodfield118 Woodfield    LaneLaneLaneLane 

Winchester, VA Winchester, VA Winchester, VA Winchester, VA     22602226022260222602 

jamesnashed@hotmail.comjamesnashed@hotmail.comjamesnashed@hotmail.comjamesnashed@hotmail.com 
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Date: Tue, 17 Apr 2012 11:57:38 -0400 
Subject: Re: Letter writing 
From: jeff@shenandoahriverkeeper.org 
To: jamesnashed@hotmail.com
[Quoted text hidden]
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April 15, 2012 

 

John M. Kennedy 

DEQ Office of Water Monitoring and Assessment 

P.O. Box 1105 

Richmond, Virginia 23218-1105  

 

RE: Draft 2012 305(b)/303(d) Water Quality Assessment Integrated Report  

 

Mr. Kennedy 

I own a cottage on the banks of the North Fork of the Shenandoah River at 286 Ridgeley Road in 

Woodstock, Virginia.  The reason I have a place on the river is that I am an avid canoeist and fisherman.    

I regularly wade and fish the half mile of the river in front of my property and float and fish the 5 miles 

that are up river, from the Pugh’s Run intersection with the North Fork at the Artz Road Bridge to my 

house, between March and October.  I use the river for my enjoyment several times a week on average 

during these periods.  Excessive algae in this part of the river is diminishing my use and enjoyment of the 

river in a significant way and I ask that this area be designated impaired, and that the state take action 

to reduce the nutrient discharges that are causing this impairment.   

 

For a number of years now, I have noticed excessive and increasing algae growth and accumulation in 

the river in the summer and early fall.  The algae is a major impediment to my enjoyment of the river.  In 

particular, as the algae accumulates, it makes fishing difficult and then impossible.  The algae floating on 

the top interferes with casting and the algae on the bottom and on the grasses, fouls the lure, which 

renders it ineffective.  As a result, I have to give up fishing much of the river during the months of 

August and September.   

 

In addition, as this algae accumulates, it appears to rot and gives off a nauseating odor…similar to 

sewage.    When this happens I simply cannot enjoy canoeing or fishing this stretch of the river.     

A big part of my enjoyment of the river, is having friends and family out for the weekend.  When the 

river is clogged with algae, I end up cancelling family visits and cannot share the river with my friends.  

I have tried using other parts of the river when this condition exists and find the same thing from my 

house  twenty miles up river and five down river  

 

This algae impairment of the river is significant.  I have expected the state and local authorities to 

remedy it but nothing has happened.  I understand that one step in the process is to have this part of 

the river designated as impaired under 303D and 305B of the Clean Water Act.  Please complete the 

designation as soon as possible. 

 

Sincerely, 

 

 

John Holmes 

286 Ridgeley Road 

Woodstock VA 22664 

 



April 10, 2012 

John M. Kennedy 

DEQ Office of Water Monitoring and Assessment 

P.O. Box 1105 

Richmond, Virginia 23218-1105  

RE: Draft 2012 305(b)/303(d) Water Quality Assessment Integrated Report 

 

 

 

Dear Mr. Kennedy, 

 

I am writing to request that Virginia’s Department of Environmental Quality add the Main Stem of the 

Shenandoah as impaired waters on thee 2012  305(b)3/303(d) Water Quality Assessment Integrated 

Report because of the severe algae problems the river experiences every year. 

 

I own property on Main Stem of the Shenandoah River near Rt. 7.  My family and I swim, paddle, float 

and fish the river mostly in our vicinity (from Rt. 50 to the WV line).  During the summer one 

unfortunately has to check first for the presence of green algae clumps to determine if the river experience 

will be worth pursuing.  These clumps smell terrible and are a strong indicator for my family and me to 

avoid recreating on or in the river. 

 

The seemingly annual growth of algae is a disappointment and diminishes both my use and my enjoyment 

of the Shenandoah River.  As a result I would like to ask that DEQ include the Shenandoah River on 

305B/303D list, determine why we are having these algae problems, and to develop and implement a 

remediation plan.  

  

Thank you for your consideration, 

 

 

Jonathan M. Turkel 

96 Kent Farm Lane  

Bluemont, VA  20135 

Email: jmturkel@gmail.com 

Phone: (540) 955-0305 
 

 



 

 

 

April 2, 2012 

 

John M. Kennedy 

DEQ Office of Water Monitoring Assessment 

P.O. Box 1105 

Richmond, Virginia 23218-1105 

RE: Draft 2012 305(b)/303(d)Quality Assessment Integrated Report 

 

 

Dear Mr. Kennedy, 

 

I am writing to you to request the Virginia Department Of Environmental Quality add the North and 

South Forks as well as the main stem of the Shenandoah River as impaired waters on the 2012 

305(b)/303(d) Water Quality Assessment Integrated Report. The reason is the severe algae problems the 

river experiences every year. 

 

I and friends of mine as well as our families visit the river a number of times a year to enjoy fishing, 

wading and picnics. We have found that often the algae problems render the river practically unusable 

not to mention the disgusting odor at certain times. I am aware that this has been approached before in 

the past and the state has turned a blind eye to it. I find that to be a poor way of treating one of 

Virginia's great rivers that has been such an important part of the history of the state as well as this part 

of the country. I fear that we as a people have fallen short of being good stewards of the many wonders 

of nature that we are blessed with. It is said that the native American Indians often spoke of how the 

white man would eventually mess up his environment. Indians even today look upon nature as gifts 

from the creator and as such are to be taken care of. I feel that if the situation is not addressed many 

people who use and love this beautiful river will find this algae so unpleasant as to be deprived of its 

use and enjoyment. I love to fish the river but after reeling in your line covered with smelly slime time 

after time really discourages me from fishing there. You are never sure when these algae blooms are 

taking place so instead of traveling to the Shenandoah River we would reluctantly choose some other 

water. Many people enjoy kayaking including myself because it affords you the opportunity to fish as 

well as do some wading. Of course this type of activity is not possible during the algae blooms. To sum 

up I find the algae bloom situation renders the Shenandoah River less than an ideal place to enjoy my 

summer and fall favorite past times. 

  

I would like to ask the DEQ to investigate this situation and if possible find and put into action a plan 

to remedy this problem. Thank you for considering my remarks. 

 

Lawrence DiJoseph 

6715 Moly Drive 

Falls Church, Va 22046 

Email: dijosephjr@gmail.com 

Phone: (703) 241-2393    



April 12, 2012 
 
Leslie D. Mitchell 
P. O. Box 675 
Woodstock, VA 22664 
 
John M. Kennedy 
DEQ Office of Water Monitoring and Assessment 
P.O. Box 1105 
Richmond, Virginia 23218-1105  
 
RE: Draft 2012 305(b)/303(d) Water Quality Assessment Integrated Report 
 
Dear Mr. Kennedy, 
 
I am writing to request that Virginia’s Department of Environmental Quality add 
the North Fork, South Fork and Main Stem of the Shenandoah as impaired 
waters on thee 2012  305(b)3/303(d) Water Quality Assessment Integrated 
Report because of the severe algae problems the river experiences every year. 
 
I am a volunteer water monitor for Friends of the North Fork of the Shenandoah 
River, so I observe the portions of the North Fork near Strasburg on a bimonthly 
basis.  As director of Friends of the North Fork of the Shenandoah River  I am 
also alerted by the public to algae blooms that occur on an annual basis.    I 
paddle the river and also simply enjoy viewing its splendor as well.   However, for 
much of the year, the North Fork seems to be experiencing a series of noxious 
algae blooms that impair my use and enjoyment of the river.   
 
In recent years, I have noticed or been alerted to numerous and different types of 
algae blooms and observed thick algae growth on the river’s surface and below 
the surface.  The blooms I have observed have been in the summer and early fall 
of the year.  Please see photos below of an algae blooms: 1) June 22, 2010 
between about a mile downstream of Deer Rapids Bridge; 2) Same location and 
date; 3) and 4) Bloom that occurred in the North Fork between Deer Rapids 
south of Strasburg and the Rt. 55 Bridge across the North Fork, northeast of 
Strasburg in July of 2011.  The algae smells bad, is difficult to paddle through 
and creates an unpleasant recreational experience in general, especially as it 
causes one to wonder what it is that is causing these imbalances in the water, 
allowing this unusual algae growth to occur 
 
The presence of these algae diminishes both my use and my enjoyment of the 
Shenandoah River system.  As a result I would like to ask that DEQ include the 
three sections of the Shenandoah River on 305B/303D list, determine why we 
are having these algae problems, and to develop and implement a plan to avoid 
these blooms in the future.   



 2

 
Thank you for considering my comments, 
 
Ms. Leslie D. Mitchell 
 
 
P. O. Box 675 
Woodstock VA 22664 
Email:  ldmwtaa@yahoo.com 
Phone: 540-459-8457 
 
Photos of Algae: 
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      April 20, 2012 

 

Mr. John M. Kennedy 

DEQ Office of Water Monitoring and Assessment 

PO Box 1105 

Richmond, Virginia 23218-1105 

 

RE:  Draft 2012 30(b)/303(d) Water Quality Assessment Integrated Report 

 

Dear Mr. Kennedy: 

 

I am writing to request that the Virginia Department of Environmental Quality add the 

Shenandoah River system as impaired waters to the 2012 305(b)3/303(d) Water Quality 

Assessment Integrated Report because of severe and growing algae growth and blooms. 

 

My husband and I have had a riverfront home on the North Fork outside of Woodstock 

since 1991.  Over the years, I have made considerable use of the North Fork for fishing, 

canoeing and kayaking.  I have also collected water samples and benthic data to support 

the Citizen’s Water Quality Monitoring program through the Friends of the North Fork of 

the Shenandoah River.  I have been saddened to observed considerable changes in water 

quality over the years.  

 

The visible issue is primarily an increase in attached aquatic vegetation. During the dry 

summer months, algae also increases dramatically to the point that it covers and clogs 

grass beds, sometimes making it difficult to even kayak or canoe over it.  In recent 

summers, we have consistently observed  rooted filamentous brown algae coating rocks 

on the river bottom.  By late summer, large masses of stinky brown slime accumulate on 

the surface, detracting considerably from our enjoyment of the river.  There seems to be 

little doubt that the health of the North Fork of the Shenandoah River is deteriorating. 

 

 I encourage DEQ to include the Shenandoah River system in its 2012 Water Quality 

Assessment Report.  

 

Sincerely, 

Mary Gessner 

829 Hickory lane 

Woodstock, VA  22664 



 

Jeff Kelble <jeff@potomacriverkeeper.org> 

algae 

coolmtnman@verizon.net <coolmtnman@verizon.net> Wed, Apr 11, 2012 at 9:07 PM 
To: jeff@shenandoahriverkeeper.org 

1.  I like to use the Shenandoah River for kayaking nearly every weekend.   I have kayaked nearly 

every section of the Shenandoah river in the past 3 or 4 years.  I’m also an avid bird watcher and 

take my binoculars with me on every trip.

 

2  In areas where ducks congregate which tends to be still water areas, I’ve noticed algae 

underwater and floating.  It seems to be more prevalent during the very warm months when the 

ducks are raising their young. 

 

3  I remember one day when  I became ill after floating past the sewage treatment plant in Mt 

Crawford.  I’m very healthy and it’s extremely rare that I would become ill during the summer 

months.

 

4.  Becoming ill has diminished my use of the river in this area.

 

5. I request that the VA DEQ include the North Fork,South Fork and Main Stem on its imparied 

waters 303D/305B list

 

6.  Orv Lehman 5947 Harpine Hwy  Linville Va 22834   540-560-4847
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April 14, 2012 

 

John M. Kennedy 

DEQ Office of Water Monitoring and Assessment 

P.O. Box 1105 

Richmond, Virginia 23218-1105  

RE: Draft 2012 305(b)/303(d) Water Quality Assessment Integrated Report 

 

Dear Mr. Kennedy, 

 

I am writing to request that Virginia’s Department of Environmental Quality add the North Fork, South 

Fork and Main Stem of the Shenandoah as impaired waters on thee 2012  305(b)3/303(d) Water Quality 

Assessment Integrated Report because of the severe algae problems the river experiences every year. 

 

I own property on the South Fork of the Shenandoah near Front Royal.  My family and I enjoy the river 

upstream and downstream of my property, most frequently in areas between the Guest Shenandoah River 

State Park and the Front Royal Luray Avenue boat landings.  For each of the past eight years, we have 

used the river approximately 4 to 8 days per month between May and September to kayak, tube, swim or 

fish.  We also picnic near the river and exercise our dogs along our riverfront. 

 

While we hope to enjoy the peace and serenity of my land, for much of the year the South Fork seems to 

be experiencing a series of noxious algae blooms.  In each of the past six years we have seen the river turn 

a dark murky green color, like green paint, from late winter or early spring until about mid-summer.  

These planktonic algae blooms negatively impact our enjoyment and use of the river, because we do not 

like to swim or fish in the murky water, and do so less frequently when we see them. These blooms seem 

to follow high water events, but not always.   

 

By mid May or June each year as the river clears the planktons seem to die back.  But then a filamentous 

algae (rock snot) takes hold covers the river bottom and the native grasses which are trying to emerge. 

The native grasses turn brown and lose their leaves and remain bare the rest of the year. 

 

Additionally, a floating bubbly type of algae (Cynabacteria or Blue Green Algae) comes at this time.  

Brown-green clumps fill the water surface and accumulate on anything sticking out of the river.  This 

algae smells like sewage or rotting broccoli.  When these algaes are blooming we do not want to be 

anywhere near the river. An experience we had with one of these blooms in late June 2011 left such a 

negative impression on us that we did not tube or kayak for months afterward. 

 

The cycle of algae diminishes both my use and my enjoyment of the Shenandoah River system.  As a 

result I would like to ask that DEQ include the three sections of the Shenandoah River on 305B/303D list, 

determine why we are having these algae problems, and to develop and implement a plan to keep the river 

system clear of them. 

 

Thank you for considering my comments, 

 

 

 

Stuart C. Harding 

1325 Stoney Bottom Rd. 

Front Royal, VA 22630 

Email:  stuart_c_harding@yahoo.com 

Home: 540-636-9721 

Cell: 540-683-1801 



LTC Terrence E. Cooney, USA (RET)
7514 Rambling Ridge Drive
Fairfax Station, Y A 22039

John M. Kennedy
DEQ Offrce of Water Monitoring and Assessment
P.O. Box l l05
Richmond, VA 2321 8-l 105

30 March 2012

Subject: Draft 2012 305(by303(d) lVater Quality Assessment Integrated Report

Dear Mr. Kennedy,

My wife and I retired from the military in the Old Dominion over 20 years ago. I used to be a

very frequent visitor to the Shenandoah River, both the forks and the main stem. I have enjoyed

Andy Guest State Park. We enjoyed romantic stays atthe local valley B&Bs, while canoeing the

river and picnicking on its banks. I now fish and float elsewhere, and we enjoy B&Bs elsewhere.

The Shenandoah, the pride of the valley, has become acesspool. The Shenandoah River featured

in numerous "Virginia is for Lovers" ads, and books and movies, synonymous with tales of the

Civil War, is now a fitthy breeding ground for algae -the green slime.

This is not merely an issue of "green think' or "ffee hugging;" the Commonwealth is seriously in

danger of losing one of its premier natural beauties . . . and sources of tax revenue. That loss

translates to more trures for me to offset loss of tourism dollars. Enough. Please take the

appropriate steps to include the three sections of the Shenandoah River on the 3058/303D list.

Find out what the algae problem is and fix it.

It is unconscionable that citizens of the Commonweatth should even have to write such a request

to our Government. All our native Virginia American President's have known and loved this

river. Will our generation be the one

I"*gfr",n""yau$)
\/*,,rrrq\gfrUt
Lrc rerre"u t"rfffoo"*,

Copy: Goverror Bob McDonnell, Office of the Governor
Paffick Henry Buitding, 3rd Floor, 1111 East Broad Steet, Richmond, Virginia 23219



 

Jeff Kelble <jeff@potomacriverkeeper.org> 

A letter 

Trace Noel <noeltrace@gmail.com> Thu, Apr 19, 2012 at 7:23 PM 
To: Jeff Kelble <jeff@shenandoahriverkeeper.org> 

April 19, 2012

 

John M. Kennedy 

DEQ Office of Water Monitoring and Assessment 

P.O. Box 1105 

Richmond, Virginia 23218-1105

RE: Draft 2012 305(b)/303(d) Water Quality Assessment Integrated Report

Dear Sir,

 
I write to loudly protest the lack of action of your agency and the Commonwealth with regard to the decades of 

algal growth that continues to plague the South and North Fork as well as the Main Stem of the Shenandoah 

River. Further I request that this internationally recognized water source be placed on Virginia’s impaired waters 

303/305B list. To do otherwise is a breach of public trust. 

 
Amongst the many problems the Shenandoah River(s) has is crippling algal blooms. This stuff stinks, ruins 

camping trips and makes a travesty of the fabled shanty “Oh, Shenandoah”.  I do not believe even the second or 

third verses contain the words stink or algae.  Might want to ‘google’ that!    

 
Currently, I personally use the river fishing, boating, wild life/bird photography and canoe camping more than 50 

days a year. Recently, the impact of the poor health of the Shenandoah(s) has seriously diminished my river 

use.  I no longer invite friends to enjoy this flowing cesspool.  Assuring them that the algae is, in fact, not human 

waste somewhat diminishes the experience and knocks the wind out of my life long enjoyment of sharing 

Virginia’s great outdoor tradition. 

 
I am a fly rod angler and the algae - in both forms - are ruinous to fishing flies and have reduced my participation 

on and use of this watershed dramatically.  In the area I most often use  - Page and Warren Counties, the slack 

water stench of the floating algal lubs and the spun green algal silk - often measured in meters - foul my boat, 

PFD, fishing gear, clothing, shoes and a great deal of my angling equipment. I rarely swim in the river other than 

a quick ‘cool off’ dunk.  

 
The rivers’ condition actually breaks my heart.

 
As a retired outfitter on the South Fork of the Shenandoah with more than 20 years of daily and first hand 

experience I can speak directly to the impact that both phases of the algal bloom has on the river. 

 
During the Spring and Summer large clots of algae break loose and head downstream.  Resembling tumbling 

and floating human waste, these algal turds gross out urban guests, exasperate anglers, collect in slow moving 

water and leave a vomitus stench that diminish the experience by both private landowner and thousands 

recreational users.  One simply has to visit the Guest/Shenandoah River State Park to view the septic floaters, 

fecal looking river bottom or the 20 yard long ribbons of bright green fibrous strings.   

 
The impact to the watersport recreation industry in the Shenandoah Valley – read economic loss to struggling 

rural communities - is substantial   From float tubers to anglers with tangled lines our operation suffered 

diminished participation from urban guests who chose other ways to spent discretionary income. The 
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Shenandoah River is the economic engine that drives valley growth and tourism.  Without protection it will 

continue its long slow decline.  

 
No one will sing songs lovely songs about river.   The river is now under your watch. 

 
Respectfully,

 
Trace Noel

 
352 Shenandoah Hts. Road

Front Royal, VA 22630

noeltrace@gmail.com

 

2012 AlgaeLetter.docx 
21K 
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April 10, 2012 

John M. Kennedy 

DEQ Office of Water Monitoring and Assessment 

P.O. Box 1105 

Richmond, VA  23218 

RE: Draft 2012 305B/303D Water Quality Assessment Integrated Report 

 

Dear Mr. Kennedy, 

     This letter is meant to show my support for adding the Shenandoah River and her North and South Forks onto the 2012 

305B/303D Water Quality Assessment Integrated Report because of the persistent algae problems I see while boating there.  

I have been an employee of Shenandoah Riverkeeper since October of 2009, and have worked as the agricultural manager.  I 

kayak the river as a part of my work responsibility, but have been a lifetime recreational user of the North Fork, South Fork 

and Main Stem of the Shenandoah as well as most of the floatable major tributaries such as Cedar Creek, Passage Creek, 

North River, South River, Middle River etc.  Outside of my work duties I continue to use the river on a nearly weekly basis 

taking my family and friends on float trips. 

     I regularly kayak and canoe on the Main Stem Shenandoah River and both the North and South Forks with my friends and 

family.  Our family (my brothers and myself) owns 10 kayaks and 3 canoes, which we use for recreation on the rivers in the 

Shenandoah Valley. My wife grew up along the South Fork in Rockingham County.  We usually see algae in one form or 

another on these waterways.  We try to get our children involved with our paddling adventures.  But when the algae blooms 

are at their worst in July and August, my daughters resist my invitations because they don’t like the smelly soup that is 

floating in the Shenandoah.  They would prefer we travel farther to the Potomac Highlands or elsewhere for cleaner water, 

since they like to also swim occasionally, while boating on hot days.  We fear our children will choose other activities that 

don’t involve the rivers at all unless conditions improve. 

     I’ve seen globs of floating algae on the back eddies and channels on the North Fork Shenandoah River in March and April 

of this and past years, near Woodstock, New Market and Toms Brook.  In May and June of each of the past few years, I’ve 

seen  filamentous algae on the bottom of the North Fork near Toms Brook and Strasburg, and also on the bottom of the 

South Fork near Island Ford, Elkton, Shenandoah, Luray, and on the Main Stem Shenandoah River near Morgans Ford 

Landing, Rt. 50 and Rt. 7 in Clarke County.  I’ve seen the smelly floating algae on the North Fork in July, August, and 

September near New Market, Mt. Jackson, Edinburg, Woodstock, Strasburg, Toms Brook, and Riverton.  This smelly floating 

algae is also persistent on the South Fork in late summer around Port Republic, Island Ford, Elkton, Shenandoah, Newport, 

Alma, Luray, and near the Andy Guest/Shenandoah River State Park in Warren County.   I have also seen it in large globs on 

the Main Stem Shenandoah River in late summer in Clarke County and all the way downstream to Harpers Ferry. 

     I flew over Harpers Ferry with a pilot friend in his small airplane last August and noticed how the Shenandoah River 

looked like a green pea soup compared to the clear water of the Potomac River at the confluence.  I could see the river 

bottom of the Potomac River, but the bottom of the Shenandoah River was not visible through the murky green water.  We 

could see them mix together downstream of the confluence as the Shenandoah River soup slowly got diluted by the clear 

Potomac.  This is rather disconcerting since we get our drinking water from the North Fork Shenandoah here in Winchester. 

     I feel this algae plague has diminished my family’s enjoyment of the Shenandoah River and her Forks in the Shenandoah 

Valley.  Please include these precious rivers on your 303D/305B impaired waters list, and do everything you can to help 

return them to clear flowing waterways.   

     Thank you for reading my opinion. 

     Sincerely, 

     Alan Lehman 

     1314 Vanceright Circle 

     Winchester, VA  22601 

     lehman_4@yahoo.com 



 

Jeff Kelble <jeff@potomacriverkeeper.org> 

Draft 

Andrew Riccobono <ariccobono@yahoo.com> Fri, Apr 13, 2012 at 9:01 AM 
Reply-To: Andrew Riccobono <ariccobono@yahoo.com> 
To: Jeff Kelble <jeff@shenandoahriverkeeper.org> 

Jeff,

[Quoted text hidden]

========================================= 

 
 
401 Sherrow Avenue
Falls Church, Virginia 22046
�
April 12, 2012
�
�
�
John M. Kennedy 
DEQ Office of Water Monitoring and Assessment 
P.O. Box 1105 
Richmond, Virginia 23218-1105 
RE: Draft 2012 305(b)/303(d) Water Quality Assessment Integrated Report
�
Dear Mr. Kennedy:
�
I am writing to you today on behalf of my family and our concern about the Shenandoah River and 
it’s status on the 305B/303D list. I have been canoeing and fishing on the river since the 1990s and 
have grown increasingly concerned about our stewardship of the river.
�
The condition of the river, in my experience, has steadily declined since I first started fishing the 
South Fork of the Shenandoah. Back then the water was cleaner, the fish were bigger and healthier, 
and there was rarely any algae at all. In fact, the entire river was so clean that it looked like an 
aquarium. The conditions started to decline well before the fish kills in 2005.
�
I still regularly fish the for smallmouth bass and panfish at the Shenandoah River Andy Guest State 
park near Bentonville and my experiences from spring through summer have become alarmingly 
predictable. In the spring, when the water is a little higher and a little cooler, the river remains 
pleasant to fish. By July my flies are covered in green muck after every cast – whether I am fishing on 
the surface or with a sinking lure. When the algae die off, the decomposing clumps smell pretty nasty. 
As a result, I will try and fish the spring creeks of the Shenandoah National Park or travel to fish in 
Pennsylvania or New York where the water remains cooler, cleaner, and more pleasant.
�

Page 1 of 2PRK Mail - Draft

4/13/2012https://mail.google.com/mail/?ui=2&ik=5cea7b456c&view=pt&search=inbox&msg=136a...



The Shenandoah is an important resource to the Commonwealth. We should do much more to 
protect it. Please add the Shenandoah River to the 305B/303D list. It is time for us to find out what is 
causing all this algae and fix our river.
�
Yours truly,
�
�
�
Andrew Riccobono
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Jeff Kelble <jeff@potomacriverkeeper.org> 

Shenandoah River 

Vernon Mann <vomann@hughes.net> Mon, Apr 9, 2012 at 2:01 PM 
Reply-To: vomann@hughes.net 
To: Jeff Kelble <jeff@shenandoahriverkeeper.org> 
Cc: Michael Hobert <lawyers2@verizon.net> 

Dear Mr. Kennedy,   I am writing this letter to you to request that Virginia Departmental of Enviormental 
Quality add the North Fork,South Fork and Main Stream  of the Shenandoah River as Impaired Waters on 
the 2012 305(b)3/303(d) Water Quality Assessment Intergrated Report because of the severe algae and 
other polution problems.

               We live along the Shenandoah River, 3.3 miles south of the Route #7 Bridge and have 247 feet of 
River Frontage which we keep well groomed. In the summer time we love to sit down on the river front and 
just watch the river run by.  I am 87 yrs old and years ago I used to be an ardent fisherman and did a lot of 
wade fishing on the Shenandoah all the way from Luray area down to the Rt. 7 bridge.  Back is those days 
the Shenandoah was something to be proud of pure clean spring fed water and if you needed a drink of 
water you just dipped you hand in and took a drink which I did many times - but not anymore.

               I personally don't fish anymore  but when my three sons  and our grand kids come they like to fish 
and get into the water but I no longer permit this due to the algae and other polution problems -  

               In addition to the Algae problem we have another problem which is getting worse by the years - 
Every morning from about 7am till about 8:30am there are mounds of white foam (my guess is 
Phosphates) floating down the river. This is apparently controlled up stream somewhere as during the 
warm weather on week ends the foam does not run on Sat and Sunday but on Monday it's turned loose 
again - this has been going on for quite a few years 10 or 15 years and is gradually getting worse by the 
year.  I have reported this before but to no avail - just can't figure out why you can't find the source .

               W e used to have friends out to fish and swim or float down the river in iner tubes  but since the 
river is in such bad shape most of them have given up .

               I have even seen some fish that were caught that had sores on them- Who wants to eat fish like 
that?  

Sure hope you can help clear up this problem on the Shenandoah so that our up coming people can enjoy 
the river as much as we did.                                            Thanks for Your Help and May God Bless 
You !!            Vernon & Eileen Mann 

                                                                                                                                                       3295 River 
Rd.

                                                                                                                                                        
Bluemont,Va.20135

                                                                                                                                                        Phone:540 
955-3851                     
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April 13, 2012  

 

John M Kennedy 

DEQ Office of Water Monitoring and Assessment 

P.O. Box 1105 

Richmond Virginia 23218-1105 

 

Dear Mr. Kennedy, 

My son and I fish the Shenandoah River several times a year. The Shenandoah is a wonderful gift and 

treasurer to be appreciated.  However, each year for the past several years we have noticed more and 

more as well as larger and larger algae blooms. The blooms turn the river a dark murky green color, 

almost like green paint. Where there are blooms there are less fish and when there are fish there are 

less of them. The algae sticks to our fishing line, clings to the bottom of our boat, smells bad and looks 

bad. In short, algae blooms and all there ill side effects have diminished our enjoyment of the river and 

as a result we find ourselves using the Shenandoah less and less every year. We have heard from other 

fisherman that during July and August last year the blooms were so thick and had such a bad odor that 

the areas of Woodstock, Strasburg, Front Royal and Goods Mills were so unpleasant due the algae that 

they were unfishable. 

Please include the three sections of the Shenandoah River on the 305B/303D list to help determine why 

we are having these algae problems and to develop and implement a plan to make them go away.   

Thank you in advance for considering my comments and we both look forward to the day when the 

Shenandoah is restore as one of our nation’s great fisheries. 

 

Bill McGrath                                                          Duncan McGrath 

                               

6402 Broad Street                                                 150 Franks Street 

  

Bethesda Maryland 20816                                   Fayetteville West VA 25840 

 



 

  

April 6, 2012 

John M. Kennedy 

DEQ Office of Water Monitoring and Assessment 

P.O. Box 1105 

Richmond, Virginia 23218-1105  

RE: Draft 2012 305(b)/303(d) Water Quality Assessment Integrated Report 

 

Dear Mr. Kennedy, 

 

I am writing to request that Virginia’s Department of Environmental Quality add the North Fork, South Fork and Main 

Stem of the Shenandoah as impaired waters on the 2012 305(b)3/303(d) Water Quality Assessment Integrated Report 

because of the severe algae problems the river experiences every year. 

 

I fish the North Fork, South Fork and Main Stem of the Shenandoah extensively and I also canoeing and swim on the 

South Fork.  I have been doing this for 40 years. However, recently, for much of the year, large sections of each river 

experience a series of noxious algae blooms that seriously diminish my use and enjoyment of the rivers. 

 

In each of the past six years during late winter a planktonic algae blooms, usually after a high water event.  Over the 

course of the year I use the river system from Compton Rapids to Front Royal and from Front Royal to the Confluence 

with the Potomac River.  This bloom turns the river a dark murky green color, like green paint, from late winter until 

about July.  When the algae blooms I often choose not to swim or fish and I don’t go swimming because they don’t like 

the off-color murky water.  When I do fish I find the fishing is poor and I don’t enjoy the experience as much.  Whenever 

the river is this murky color, the fish are usually lethargic and often they don’t feed at all. For the past two years I simply 

could not fish the lower south fork or the entire Main Stem from July through August because of the plankton problem. 

 

By mid May or June each year as the river clears the planktons seem to die back.  But then a filamentous algae (rock snot) 

takes hold covers the river bottom and the native grasses which are trying to emerge. The native grasses turn brown and 

lose their leaves and remain bare the rest of the year.  Additionally, a floating bubbly type of algae (I’m told its 

Cynabacteria or Blue Green Algae) comes at this time.  Clumps rise up to and float on the water surface and then 

accumulate on anything sticking out of the river and in back eddy.  This algae smells like sewage or rotting broccoli.  

When these algaes are blooming, the fishing is frustrating because you cannot fish without fouling your line on the algae, 

the fish won’t bite lures or bait with algae sticking to it.  I just cannot use the River due to the odors and annoyance.  I 

found this problem in the following areas last year from July through August: Strasburg, Bentonville, Front Royal, Luray 

Dam, 211, Shenandoah, Route 50, and Route 7. 

 

Finally, in the fall each year the native grasses die back and a bright green filamentous algae again covers the entire 

bottom of the river from Broadway to Strasburg.  All three of these algaes make it nearly impossible to fish and again 

diminishes and sometimes eliminates my ability to enjoy the river. 

 

This annual cycle of algae severely diminishes both my use and my enjoyment of the Shenandoah River system.  As a 

result I would like to ask that DEQ include the three sections of the Shenandoah River on 305(b)/303(d) list, determine 

why we are having these algae problems, and to develop and implement a plan restore the health and beauty of our 

Shenandoah River system.   

 

Thank you for your consideration, 

 

 

Bill Millhouser 

3325 Prince Charles Ct. 

Falls Church, VA 22044 

Email:  bmillhouser2010@cox.net 

Phone: 703-532-2446 
 

  



    Bernard C. Nagelvoor t 

      3043 Parshall Road 

     Berryville, VA  22611 

 

April 13, 2012 

 
John M. Kennedy 

DEQ Office of Water Monitoring and Assessment 

P.O. Box 1105 

Richmond, Virginia 23218-1105  

RE: Draft 2012 305(b)/303(d) Water Quality Assessment Integrated Report 

 

Dear Mr. Kennedy: 

 

Please be aware of the very serious condition of the main stem of the Shenandoah River as 

indicated by the presence of an excessive brown algae presence for most of last summer seriously 

reducing visibility in the river even during periods of low flows when it would normally appear to 

be very clear. This was the most unusual and most serious indication of excess nutrient/pollutants 

I have seen in the River in the twenty four years I have lived on property bordering the River with 

400 feet of river frontage. 

 

As an avid fisherman, I am also discouraged by the dramatic reduction in both small mouth bass 

and red breast sunfish in my stretch of the river as a result of the fish kills in recent years. 

 

This beautiful River has been subjected to gross mis-use over the past 100 years from industrial 

and agricultural run-off along with inadequate municipal and industrial wastewater treatment 

and urban run-off.  Its potential for healthy recreation has been substantially diminished over time 

and the condition last summer is a powerful indication that conditions are not improving. 

 

As I look at the River today with the unusually warm spring we’ve experienced and modest 

rainfall, I’m inclined to believe the bad algae conditions are again appearing and will diminish the 

attractiveness and health of the River yet another summer. 

 

Please accept this letter as an indication of my support for whatever actions DEQ may be able to 

take to develop and implement plans to reduce the pollution problems causing these serious 

degraded conditions in the River. 

 

Sincerely, 

 

Bernard C. Nagelvoort 

 

 



 

Jeff Kelble <jeff@potomacriverkeeper.org> 

Shenandoah Riverkeeper - Help 

Harry and Debbie Allan <cedarview_1@hotmail.com> Sat, Apr 14, 2012 at 2:53 PM 
To: jeff@shenandoahriverkeeper.org 

 Jeff – Here is my letter to DEQ. Please feel free to edit as you see fit. Good luck and thanks again. – Harry 
Allan

 

 

April 14, 2012

 

John M. Kennedy

DEQ Office of Water Monitoring and Assessment

P.O. Box 1105

Richmond, VA 23218-1105

 

Dear Mr. Kennedy,

 

I fish the South Fork of the Shenandoah River extensively and have been doing so since the mid-1970's. 
The majority of my fishing time has taken place in the Bentonville area. In these past 35-40 years, I have 
personally witnessed the degradation of this once beautiful river and its fishery. I am writing to request that 
Virginia's Department of Environmental Quality add this river, along with the North Fork and mainstem as 
'impaired' waters on the 2012 305(B)/303(D) Water Quality Assessment Report. Specifically, severe 
noxious algae blooms and massive springtime fish kills have seriously diminished my recreational use and 
enjoyment of the Shenandoah River.

 

From my extensive fishing experience on this river, I have found that July and August have historically 
been stellar months of the year for fishing quality. This is no longer the case due to the massive algae 
blooms early in the season. This problem, in addition to the well-publicized fish kills of the past few years, 
have forced me to all but abandon the Shenandoah River as a recreational destination.

 

I respectfully urge the Department of Environmental Quality to include the Shenandoah River on the 305
(B)/303(D) list and begin to take the steps necessary that would return this river to it's legendary status.

 

Thank you.
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Harold Allan

P.O. Box 436

Aldie, VA 20105

703.327.4322
 

Date: Sat, 7 Apr 2012 14:01:35 -0400 
Subject: Re: Shenandoah Riverkeeper - Help 
From: jeff@shenandoahriverkeeper.org 
To: cedarview_1@hotmail.com
[Quoted text hidden]
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Henry J. Staudinger 

2218 Riverview Dr 

Toms Brook, VA 22660 

April 15, 2012 

  

  
Tel: 540-436-3491 

           Fax: 540-436-3099 

            E-Mail hjs@shentel.net 

  

 

John M. Kennedy 

DEQ Office of Water Monitoring and Assessment 

P.O. Box 1105 

Richmond, VA 23218-1105 

 

Dear Mr. Kennedy: 

 

My wife and I are landowners in Shenandoah County, with almost a mile frontage along the 

North Fork of the Shenandoah River .   The river is an important feature of our property, enabling 

walks along the river to see wildlife, fishing, wading, canoeing, swimming as well as the view 

from our home.   

 

Over the years the quality of the water deteriorated, adversely affecting our use and enjoyment as 

well as diminishing the value of our property.  Some years ago we discovered that our cattle 

operation was contributing to the problem.  As a result, we voluntarily put up fences along the 

river.  We also converted a number of acres close to the river from crop land to hay ground and 

incorporate a number of best management practices to reduce erosion. 

 

We are aware that DEQ monitors and at times has been active in reducing pollution sources.  We 

look forward to DEQ’s continued efforts to do.  However, more needs to be done.  One of the 

most obvious areas is to identify and address the cause of the algae that has become a more 

severe problem.   

 

Although the source of the algae is not entirely clear to us, it is becoming an increasing problem. 

 In particular, it discourages and at times makes it impossible to swim or fish.  This not only 

adversely affects our use and enjoyment of the river, but the use and enjoyment of many others.  

It also diminishes the value of our property.  It is not clear what action, if any, we might take to 

reduce the algae problem.  However, it is clear that this is well beyond the ability of individual 

landowners to address.  Please let me know what action DEQ is taking to address this particular 

problem. 

 

Sincerely, 

 

 

Henry J. Staudinger     



 

Jeff Kelble <jeff@potomacriverkeeper.org> 

North Fork river problems 

Jack Chapman <chappyje@gmail.com> Fri, Apr 13, 2012 at 12:45 PM 
To: Jeff Kelble <jeff@shenandoahriverkeeper.org>, leslie.watson@fnfsr.org 

April 13, 2012
Mr. John M. Kennedy
DEQ Office of Water Monitoring and Assessment
P.O. Box 1105
Richmond, Virginia 23218-11-5
 
RE: Draft 2012 305(b)/303(d) Water Quality Assessment Integrated Report
 
Dear Mr. Kennedy,
 
I am concerned about the quality of the Shenandoah River system and have particular knowledge of the 
North Fork, near Edinburg. I believe it should be considered "impaired".
 
We live on Swann Rd., outside of Edinburg. This road parallels the river. I began visiting this area in the 
mid 1980's due to the quality of the fishing. My wife and I bought a small place on the North Fork in 1999, 
with the intent to retire there. Which we did in 2007. Prior to retirement we were here most weekends and 
holidays. We are of modest means, which I state only to emphasize the importance of that purchase. The 
river and beauty of the area are what drew us here.
 
I want to outline the problems I've seen, in rough chronological order:
 
1. The rock-bass (redeye, goggleeye) have all but disapeared. This occurred possibly 15 years ago. They 
were formerly caught in abundance, sized up to 10" or so. Even though the smallmouth bass were the big 
draw, the redeye were a prized secondary catch. I talk to a lot of fisherpeople, and they are very aware of 
this.
 
2. The fish kills of bass and sunfish are well known. One weekend, I believe early April, the first year of the 
fishkill, I caught a number of nice bass/sunfish. The next weekend nothing. I caught one sunfish that entire 
season and quit fishing the area for several years. The sunfish continue to be scarce and small. The bass 
have had several good years, but are still uniformly small. I did some guiding in the area for several years 
and quit, partly because of the poor fishing.
 
3. Currently, the bass fishing is o.k. The fallfish are larger, more abundant and more fun than the bass. 
Very large carp are moving in to the area. 
    We have fishtanks we popluate with local critters and often look around and net them. It seems the 
crayfish & possbily sculpins are much less abundant. 
 
4. We used to have grasses in the river. They grew up as the weather warmed, in the slower sections. I'm 
not sure if they were all native, but they seemed to house all kinds of aquatic insects and baitfish. These 
grasses all but disapeared, something like four or five years ago. We have instead, little bright green balls 
of some kind of algae attached to rocks. 
    And, the filamentous algae. It is disgusting. It strings out on any available surface, a genuine eight to ten 
feet. and literally chokes the river. Any significant rainfall causes some algae to detach and we have it 
floating down the river for days at a time. We hook way more algae that fish during those times.
    I frequently wade fish upstream to the bridge (Rt. 698) and we often kayak downstream as far as the first 
rapids below the deteriorating low water bridge where Swann Road terminates, and paddle back. This 
algae certainly has  diminished our enjoyment of the river. Lifted a paddle with eight feet of algae hanging 
from it lately? How about backcasting a popping bug with a half pound of gunk attached.  
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5. We see folks paddling and/or fishing early in the year. The river level us up and the algae has yet 
to bloom. It's a beautiful trip from Red Banks Rd. to Swann Rd. July through September, people 
rarely recreate on the river.  I frequently go elsewhere. 
 
     I feel like we are two of many who live on or near the river and can't enjoy it, or invite friends and 
family to enjoy it, through large parts of the warm weather. This must be having a significant negative 
impact both enviromentally and economically.
 
     I would hope these problems will be recognised and addressed by, at least, having this water declared 
impaired.
 
Thank You.
 
Sincerely,
 
Jack Chapman
P.O. Box 123
393 Swann Rd.
Edinburg, Va. 22824-123
Phone: 703-507-2226
Email: chappyje@gmail.com     
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Jeff Kelble <jeff@potomacriverkeeper.org> 

Letter Writing.,.,. Please help Jeff out. 

Jack McAllister <jackmcal@gmail.com> Thu, Apr 19, 2012 at 7:56 AM 
To: Jeff Kelble <jeff@shenandoahriverkeeper.org> 

Jeff, please add my name to the petition of fishermen that have almost stopped using the South, North and 
Mainstem of the Shenandoah River due to the algae...........Jack McAllister, Stephenson, Va
[Quoted text hidden]
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Trout Unlimited
Northern Virginia Chapter

PO Box LZL82
BurkF, VA 22009

Apr i l6 ,2012

John M. Kennedy
DEQ Office of Water Monitoring and Assessment
PO Box 1105
Richmond, VA 23218-1105

Regarding: Draft 2012 305(b)/303(d) Water Quality Assessment Integrated Report

Dear Mr. Kennedy:

As the President of the Northern Virginia Chapter of Trout Unlimited, I represent approximately 850
dedicated anglers, Please disregard the word "trout" in my organization's name since our members
actively pursue smallmouth bass during the summer.

Over the last several years, we have become increasingly concerned about the decline in the quality of
fishing on the Shenandoah River. lt started with fish kills several years ago and continues with the
horrible algae bloom we experienced last year. The impact of the fish kill on recreational angling is
obvious, but last year's persistent algae bloom diminished our enjoyment of the river almost as much.
The cloudy, murky water made fishing a challenge and diminished our ability to use the river during the
summer months, In addition, my members have begun to complain more and more about smell and
wonder if contact with the water is dangerous. lt seems as if the entire South Fork from Port Republic to
Front Royal is equally impacted by this issue.

As a result of the algae, we are less likely to use the river for recreational angling. This will have an
adverse economic impact on businesses in the valley as well as on my rnembers as they drive farther to
reach other locations in Maryland and Pennsylvania that offer better recreational angling opportunities.

I urge you to take action now and include the North Fork, South Fork and the Main Stem on your

impaired waters 303D/3058 list.

Sincerely,

/1r
.Ja/ry

/Jay fovering' Prdsident, NWU
703 734-1s58
jrlovering@aol.com



Apr i l  S,2012

Jotrn M. Kennedy
DEQ Office of Water Monitoring and Assessment
P.O.  Box  1105
Richmond, Virginia 23218-1105
RE: Draft 2012 305(b)/303(d) water euality Assessment Integrated Reporr

Dear Mr. Kennedy,

I arn writing to you as a concerned Virginia resident, an avid fly fisherman, and an active member of Trout Unlimited and
the Friends of the Shenandoah River (FOSR) organizations; as such, I would like to request that the Department of
Environmental Quality add the North Fork, South Fork and Main Stem of the Shenandoah as impaired waters onthe 2012
305(b)3/303(d) Water Quality Assessment lntegrated Report because of the severe algae problems the river experiences
every year.

I fish and float the North Fork, South Fork and Main Stem of the Shenandoah often, and as a former monitor for FOSR, I
participated for over 5 years in twice-monthly water sampling at various sites on the Main Stem of the river in Clarke
County. For much of the year, I have observed that large sections of each river experience a series of noxious algae
blooms that seriously diminish my use and enjoyment of these waterways. The blooms tum the river a dark murky green
color, like green paint, and make the water far less enjoyable to wade and fish in, as well as far less productive to fish in.

During summer months, there is often a large amount of "rock snot" covering the river bottom, which inhibits growth of
the native grasses and also seems to nrake the fishing worse. There is also a lot of a floating bubbly-type algae on the
surface of the water, which has a very foul rotting odor - needless to say, trying to wade-fish the river with that type of
algae in abundance is unpleasant at bt:st, and many times will lead me to choose other waters to fish instead.

Based on my fishing and canoeing experiences on other waterways in Virginia, West Virginia, and Maryland, I believe
the algae problems are specific to the Shenandoah, which suggests to me that they are likely due to polluted run-off; if
that's the case, the causes of the pollution should be identifiable and correctable.

PLEASE ensure that DEQ includes the three sections of the Shenandoah River on the 305B/303D list, so that it can be
determined why we are having these algae problems, and so that a plan can be developed and implemented to make the
Shenandoah River a pleasant place to fish, canoe/kayak, and swim. I appreciate in advance your consideration of this
request.

Sincerrely,

1{,,-r,
Dr. Mark Zimmerrian
"Trout in the Classroom" and Commtrnications Coordinator
Winchester Virginia Chapter of Trout Unlimited
309 Huntersridge Rd.
Winchester, VA 22602
E-mail : mbzimmerman@comcast.net;
Phone: 540-722-4914



April 14, 2012 
 
John M. Kennedy 
DEQ Office of Water Monitoring and Assessment  
P.O. Box 1105  
Richmond, Virginia 23218-1105 
RE: Draft 2012 305(b)/303(d) Water Quality Assessment Integrated Report 
 
Dear Mr. Kennedy, 
 
I am writing to request that Virginia’s Department of Environmental Quality add 
the South Fork and Main Stem of the Shenandoah River as impaired waters on 
the 2012 305(b)/303(d) Water Quality Assessment Integrated Report due to the 
severe algae problems that the river is experiencing every year.  
 
Every year, as many others in this wonderful watershed, my thoughts--post 
winter--turn to the river. In my backyard, so to speak, this refers to the 
Shenandoah. I have spent the past several seasons kayaking various sections of 
the south branch and middle segment, from as far south as Port Republic to 
Island Ford (October, 2011) to the more northern sections of the South Branch, 
including Foster's Landing to Burners Ford (July 2010), Alma to Rt. 211 
(September 2010 river cleanup day), and the middle stem, Myerstown WV, to 
Millville Mills Landing (Nov 2011).  
  
Sadly, I have witnessed the increasing degradation of water conditions from 
algae blooms and growth, visible in increasing intensity every year. It chokes out 
the normal native grasses that usually are seen, gently wafting in waters offering 
protection for young fish and various aquatic life. Later in the season, some 
areas become so thickened by growth, that areas paddled in early spring are 
almost unrecognizable. The areas that are affected by the algae blooms suffer 
such a lack of oxygen that the fish population suffers. This in turn affects where 
the birds nest, and the vibrancy of their young. I have seen fish in areas with 
large sores on their sides, and hear stories of others from fellow paddlers. The 
connection of it all is becoming harder to miss, even for those visiting on a more 
occasional basis.  
 
I am writing at the commencement of the season in hopes that what I have 
witnessed while kayaking these waters can be properly addressed and dealt with 
in a serious fashion by those in governmental positions. As I have been involved 
in a small way on occasion to join in organized cleanups on the river, I realize 
that the effort to eradicate or more effectively control the pollutants that are 
responsible for the explosion of algae growth requires action well above the 
efforts of small groups of volunteers. We can, and will, continue to attend to the 
removal of trash that ends up in the river, but this issue is out of our league.  
 
Please help us with the ecology of this lovely watershed by attending to the 
protection of this vibrant and important area of Virginia. Many people travel from 
all over the state, around the country--and various parts of the world-- to enjoy 
watersports, fishing and camping on the Shenandoah.  



 
Being the daughter of an Air Force Colonel, I have lived all over the country, and 
halfway around the world. I have been in every state of the Union, except Alaska. 
I can state without equivocation that the Shenandoah Valley is unsurpassed in 
her raw, native beauty. That is one main reason why I chose to live here.  
 
The Shenandoah River is a crown jewel of the state, and is threatened to be a 
yearly eyesore if this is not vigorously addressed. We cannot afford to let this 
happen; economically from a tourism standpoint, or ethically, as entrusted 
stewards of these lands. Thank you.   
 
Sincerely,  
 
Kara Rice  
37 Wellspring Road 
Browntown, VA 22610 
 
 



Shenandoah Riverkeeper 

P.O. Box 405  

Boyce, VA  22620 

540.837.1479 
keeper@shenandoahriverkeeper.org 

www.shenandoahriverkeeper.org     
 

  

March 27, 2012 

John M. Kennedy 

DEQ Office of Water Monitoring and Assessment 

P.O. Box 1105 

Richmond, Virginia 23218-1105  

RE: Draft 2012 305(b)/303(d) Water Quality Assessment Integrated Report 

 

Dear Mr. Kennedy, 

I am writing to request that Virginia’s Department of Environmental Quality add the North Fork, South Fork and Main 

Stem of the Shenandoah as impaired waters on thee 2012  305(b)3/303(d) Water Quality Assessment Integrated Report 

because of the severe algae problems the river experiences every year. 

 

I fish multiple sections of the South Fork of the Shenandoah River from the Town of Shenandoah to the Town of Luray.  

The algae and grass problems continue to rise more and more each year.  I do not know the reason but I do know that it is 

frustrating to fish because my fishing lures are constantly getting slime or grass on them. Wading the river during the 

summer used to be a favorite pastime of mine.  I now feel it is unsafe due to the slime on the rocks making footing 

unstable and I really don’t feel safe walking around in the foamy water that is often in the river. I have began heading 

away from my favorite hometown river in favor of lakes that require me to drive much longer distances. 

 

I also fish in the lower Potomac River several times a year because my family owns a house there.  The stuff I see floating 

in that river and the fact that fishing has really gotten bad there makes me wonder if the algae I am seeing in the 

Shenandoah River is also having an impact on the Potomac River.  If the fishing continues to get worse on the Potomac 

the house will go up for sell there.  

 

My brother recently got his Captains License and can now begin his own charter guide service but the two areas (South 

Fork of the Shenandoah and Lower Potomac) are not looking to be a option due to water quality issues.  I have also 

looked into starting a bait and tackle shop in my hometown but now I am having second thoughts on this as well. 

 

I have volunteered my time to help with water cleanup in my hometown.  I have been involved in rain garden 

installations, river bank erosion reduction projects, Save the Bay clean up days,  runoff water control, tree plantings, 

willow spiling projects, attended TMDL meetings, participated in the Grasses for the Masses program, organized youth 

and adult fishing tournaments, etc.  I personally feel regulations regarding water quality from industry, farm land and local 

government need to be firmly put in place so our waterways can begin to heal.  I also feel that tax breaks should be given 

to any landowner that creates properly designed riparian buffers along their stream/river banks.  For that matter anyone 

that can properly control water runoff from their property should somehow be rewarded. 

 

This cycle of algae diminishes both my use and my enjoyment of the Shenandoah River system.  As a result I would like 

to ask that DEQ include the three sections of the Shenandoah River on 305B/303D list, determine why we are having 

these algae problems, and to develop and implement a plan to make them go away.   

Thank you for considering my comments, 

 

Mr. Kirk Comer 

917 Junior Avenue 

Shenandoah, VA 22849 

Email:  kirkcomer@gmail.com 

Phone: 540-742-1323 



 

Jeff Kelble <jeff@potomacriverkeeper.org> 

Form submission from: Take Action!- Help the Shenandoah Riverkeeper Get 
Rid of Algae 

Potomac Riverkeeper <sarah@potomacriverkeeper.org> Sat, Apr 14, 2012 at 6:32 PM 
To: jeff@potomacriverkeeper.org 

Submitted on Saturday, April 14, 2012 - 6:32pm 
Submitted by anonymous user: [173.79.213.221] 
Submitted values are: 
 
Your Letter: 
14 April 2012 
 
John M. Kennedy 
DEQ Office of Water Monitoring and Assessment 
P.O. Box 1105 
Richmond, Virginia 23218-1105 
 
Dear Mr. Kennedy, 
 
I'm writing this to let you know the Commonwealth *definitely* has a problem with algae growth in the 
Shenandoah River, caused by pollution that stimulates growth. 
 
I used to fish the Shenandoah frequently, particularly the part around Luray but also downstream as far as 
the US Route 50 bridge. I greatly enjoyed Virginia's wonderful scenery combined with the opportunity to 
fish for smallmouth bass. I have essentially stopped fishing the Shenandoah because of the effects of 
pollution on both of these that the state government should have stopped. I'm grateful that some action is 
underway regarding chicken waste but much more remains to be done to return this river to the state 
where fishing is a rewarding activity for the citizens of the Commonwealth. 
 
The Shenandoah used to be recognized as one of the great scenic rivers and smallmouth streams of the 
United States. Now I must drive to West Virginia to find water clean enough to support a healthy 
smallmouth sport fishing population. 
 
Please do your job and enforce the water quality laws. 
 
J. Mark Pullen 
Name: J. Mark Pullen 
Email: mpullen@netlab.gmu.edu 
 
 
The results of this submission may be viewed at: 
http://www.potomacriverkeeper.org/node/428/submission/822 
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April 10, 2012 

John M. Kennedy 

DEQ Office of Water Monitoring and Assessment 

P.O. Box 1105 

Richmond, Virginia 23218-1105  

RE: Draft 2012 305(b)/303(d) Water Quality Assessment Integrated Report 

 

Dear Mr. Kennedy, 

I am writing to request that Virginia’s Department of Environmental Quality add the North Fork, South 

Fork and Main Stem of the Shenandoah as impaired waters on thee 2012  305(b)3/303(d) Water Quality 

Assessment Integrated Report because of the severe algae problems the river experiences every year. As a 

frequent fisherman and paddler on the water, I see the huge impacts currently impeding the fishing on the 

Shenandoah system when I fish there. The contrast with other rivers like the Susquehanna, 

Rappahannock, Potomac, North Anna, James, and New is all the more striking, as those other flows do 

not show the same levels of algae that I find every year on the Shenandoah watershed. Even when 

weather and water flow conditions are similarly low, only the waters of the Shenandoah system show the 

severe different algal impacts at different times of the year that combine to make enjoying the use of this 

beautiful river impossible anymore. 

 

I used to fish the North Fork, South Fork and Main Stem of the Shenandoah extensively.  For much of the 

year, however, large sections of each river seems to experience a series of noxious algae blooms that 

seriously diminish my use and enjoyment of the rivers. I now spend my time on less polluted rivers in 

other areas, both in Virginia and other states such as Pennsylvania, Maryland, and West Virginia, rather 

than spend my valuable time on an unenjoyable body of water. 

 

In each of the past six years during late winter a planktonic algae blooms, usually after a high water event, 

but not always.  Over the course of the year I use the entire river system and have seen this on all three 

rivers from their most upper reaches (Port Republic and Cootes Store) to the Confluence with the 

Potomac River.  This bloom turns the river a dark murky green color, like green paint, from late winter 

until about July. The impact is so severe that even when fishing the Potomac below Harpers Ferry, the 

Virginia bank is consistently heavily stained and unfishable, while the Maryland shore had noticeably 

clearer water with better fishing. Above the mouth of the Shenandoah, this problem does not exist on the 

Potomac, and the difference in water color and clarity is clearly visible from elevated areas around 

Harpers Ferry if you want to go take a look. I’m sure it will be back again this year, probably sooner 

rather than later given the recent weather. Something needs to be done. 

 

When the algae blooms I cannot swim or fish on these rivers, and I will not travel to the Shenandoah 

Valley to fish the any of the parts of the Shenandoah because the trip is not worth the time or cost. Local 

merchants lose my business because of the water quality issues.  When I do fish with friends, I find the 

fishing is poor and I don’t enjoy the experience as much.  Whenever the river is this murky color, it’s 

disturbing to fish. They are usually lethargic and often they don’t feed at all.  Activity in the river drops to 

near zero. For the past two years I simply could not fish the lower south fork or the entire MainStem from 

July through August because of the plankton green water. 

 

By mid May or June each year as the upper river clears the planktons seem to die back.  But then a 

filamentous algae (I call it snot grass because of the consistency and color. You get the picture.) takes 

hold covers the river bottom and the native grasses which are trying to emerge. The native grasses turn 

brown and lose their leaves and remain bare the rest of the year.  Additionally, a floating bubbly type of 

algae (I’m told its Cynabacteria or Blue Green Algae) comes at this time.  Clumps rise up to and float on 

the water surface and then accumulates on anything sticking out of the river and in back eddies.  This 

algae smells like sewage or rotting broccoli.  When these algaes are blooming I literally do not want to be 



anywhere near the river and I often choose to fish the Rappahannock, which does not have the severe 

water quality issues above the fall line than the Shenandoah basin does. Unfortunately, it often is too low 

to float in summer because of a lack of rain when the Shenandoah is still kayakable.  In that case, I travel 

to better fishing destinations that are often out of our state.  

 

The fishing on the Shenandoah is frustrating because I cannot fish without fouling  my line on the algae, 

and the fish won’t bite lures or bait with algae sticking to it. Imagine wiping Ghostbusters-like slime from 

your lure and line after every cast. Sound enjoyable? It smells, literally. In fact, just being around the river 

is an assault on the olfactories due to the very unpleasant odors.  I found this problem in the following 

areas last year from July through August; Broadway, Lupton, Deer Rapids, Edinburg, Woodstock, 

Strasburg, Front Royal, Goods Mill, Luray Dam, 211, Alma, Port Republic, Warren Dam, Shenandoah, 

Route 50, and Route7 and at places in between while floating between accesss points. Clearly pollution is 

having an impact when such large stretches of river are all impacted by the same poor water quality. 

 

Finally, in the fall each year the native grasses die back and a bright green filamentous algae again covers 

the entire bottom of the river from Broadway to Strasburg.  When fishing this time of year the water is 

usually clear from the green paint algal blooms, so I can see the bottom. The fish avoid areas of the river 

with the dead and dying native grasses. They should be thriving here, feeding on baitfish hiding in the 

cover the aquatic vegetation provides, but they are clumped and clustered into small pockets where the 

current manages to keep the green algae from collecting, which are very few. On a six mile float from 

State Park to Karo in early November, the majority of the river bottom was covered in this gunk. All three 

of these algaes make it nearly impossible to fish and again diminishes and sometimes eliminates my 

ability to enjoy the river. 

 

This cycle of algae diminishes both my use and my enjoyment of the Shenandoah River system.  As a 

result I would like to ask that DEQ include the three sections of the Shenandoah River on 305B/303D list, 

determine why we are having these algae problems, and to develop and implement a plan to make them 

go away.  Thank you for considering my comments. 

 

Sincerely, 

 

Mr. Peter Pfotenhauer 

10604 Wakeman Drive 

Fredericksburg, VA 22407 

Email:  ppfoten211@aol.com 

Phone: 540 498 0966 
 



 

Jeff Kelble <jeff@potomacriverkeeper.org> 

Alge blooms on Shenandoah 

Evans Ron <riverbound29@yahoo.com> Thu, Apr 12, 2012 at 1:49 PM 
Reply-To: Evans Ron <riverbound29@yahoo.com> 
To: Jeff Kelble <jeff@shenandoahriverkeeper.org> 

 
 
----- Forwarded Message ----- 

From: Evans Ron <riverbound29@yahoo.com> 

To: Jeff Kelble <jeff@shenandoahriverkeeper.org>  

Sent: Wednesday, April 11, 2012 10:33 AM 

Subject: Alge blooms on Shenandoah 

 
Dear Shenandoah Riverkeeper,
I am writing you this letter in concern for the water quality of the Shenandoah River. Seems like 
"here we go again" is my thought as I float down the river. I lived waterfront on the mainstem just 
downriver from Berryville,VA for 2 years, and moved when all this started.
I am a full-time firefighter who has guided for smallmouth in the past for years. I currently do not 
guide however I have friends and family out on the river at least once a week. Guiding ceased for 
me with the fishkills earlier this decade.
Seems like once it starts warming up about this time every spring, we are plagued by a blue-green 
alge that smells HORRIBLE. We also notice dead fish prodominatly through the march-sept 
months.  My concerns are for the health of the river and the fish that live in it...however my 
concern is evern greater for those that spend time in and around the river, and for those that get 
water from the river.  Its discouraging to be out there, and it worries me are we getting exposed to 
fertilizers and chemicals from farms and chicken operations that might harm us our our families.  
It makes us decide to go to other rivers in other states sometimes. I certianly don't feel comfortable 
wading, or throwing the ball for my dog to swim in it like she always has. This also hurts the 
economy and businesses we spend money with to be there in the first place.
I fish many different areas of the Shenandoah...North Fork, South Fork, and theMain Stem. I used 
to enjoy the runs from Luray down, and from Bentonville down. On the North fork I liked to 
spend time from Edinburg to Woodstock. The mainstem I spent time from Route 50 down to WV. 
However I see the problem on all stretches.  I am contacting you because I see on your website 
that you are politicing for the health of the Shenandoah. Please forward my letter with any others 
you recieve through the appropriate channels. I know with the economy and budget things are 
tough for all agencies...however the Shenandoah is a true gem and I would call it arguably the 
prime resource for the state of Virginia....and it would be an absolute shame to see the health of 
the river get ANY worse. The DEQ and VDGIF need to do all they can possibly do to restore and 
protect this precious landmark of Virginia.
This expected low water year could be the death of this river. Nows the time to act.
I would strongly urge the people in the right positions to put the Shenandoah on the 303D list as 
soon as possible. Help protect and restore VA's prime resource.
Contact me if I can help in any way.
Thank-You!
Ron Evans
(240)421-8198
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John M. Kennedy 

DEQ Office of Water Monitoring and Assessment 

P.O. Box 1105 

Richmond, Va 23218-1105 

 

RE: Draft 2012 305(b)/303(d) Water Quality Assessment Integrated Report 

 

Mr, Kennedy, 

 

My wife and I live on the west slope of the Blueridge equidistant between Rt. 7 and 

Rt. 50.  We literally can coast down to the Shenandoah River once we hit the paved 

road (Va #649) that heads downhill to Va #605 aka The River Road.  When I retired 

in 2001 and decided to bring my wife back home to the D.C. area we chose our home 

based for a large part on the nearness of the Shenandoah River.  We both love 

canoeing, recreational kayaking, and I am an avid smallmouth bass fisherman.  At 

the time of our move in 2001, the Shenandoah was rated as one of the top 10 

smallmouth bass fisheries in the United States.   We were very excited about 

renovating the old farmhouse we had bought and living near one of the prettiest 

rivers in America.  

Since we have lived here the river has undergone some pretty “nasty” events.  First 

were the fish kills on both forks and the main stem in the past ten years.  In spring of 

2002 I caught my first bragging size smallmouth, a beautiful 19” fish.  Beautiful that 

is except for the lesions on its tail that looked like cigar burns.  But that’s another 

story. 

Algae bloom.  That’s the big story now.  For much of the year the river is turned a 

murky, nasty looking green from the algae.  The water doesn’t smell all that good as 

well.  Last June I canoed the South Fork of the Shenandoah from Bentonville to Front 

Royal with a group of friends.  It was one of the most unpleasant experiences of the 

year.  Worse than the record-breaking heat was the appearance, smell, and an 

almost slimy feeling of the water.  It was disgusting. We stayed overnight on a sand 

bar.  I usually take a swim before I bed down to remove the day’s dirt and sweat.  

Not that night.  I choose not to expose myself to the water anymore than needed.  

We reveled the next day when a thunderstorm hit.  We all dashed for cover on the 

bank but would run out into the rain risking being lightning rods to rinse our bodies.  

Another group of friends out on the main stem that same weekend said they 

experienced the same conditions i.e. nasty looking water, lethargic fish, and a 

general feeling of “yuk.” 



 

As a result of my experience my wife canceled a float trip for the next weekend.  A 

group of her girl friends had planned to come out to our home, do a day trip on the 

main stem of the Shenandoah, and then wine and dine at a restaurant in Upperville.  

Instead my wife drove to D.C.  Her and her friends spent a lot of money in the 

District rather than out in country where the small business owners are hurting.   I 

suspect that other family and friend groups have canceled trips thus denying needed 

income for fishing guides, canoe outfitters, and other businesses in the Shenandoah 

River valley. 

 

Please find a solution for this condition.  Recreation and tourism is an important cog 

in the economic engine that runs this fair state.  Let’s not let green water stop that 

flow of needed income into the valley.  Perhaps a good start would be to include all 

three sections of the Shenandoah River on the 2012 303B/303D list.  I believe our 

beautiful river is endangered and impaired.  Let’s stop whatever is causing the 

bloom and start getting the water clean.   No one wants to expose themselves or 

their children to unclean water.  Think about it. 

Sincerely, 

 

Stan Ikonen 

2479 Morgans Mill Road 

Bluemont, Va 20135 

Email:texfinn@hughes.net 

Phone:540-550-3555 



March 27, 2012 

John M. Kennedy 

DEQ Office of Water Monitoring and Assessment 

P.O. Box 1105 

Richmond, Virginia 23218-1105  

RE: Draft 2012 305(b)/303(d) Water Quality Assessment Integrated Report 

 

Dear Mr. Kennedy, 

I am writing to request that Virginia’s Department of Environmental Quality add the North Fork, 

South Fork and Main Stem of the Shenandoah as impaired waters on thee 2012  305(b)3/303(d) 

Water Quality Assessment Integrated Report because of the severe algae problems the river 

experiences every year. 

 

I am a retired professional sanitary engineer with a keen interest in water quality and the health of 

our rivers. For the past 50 years I have been an avid bass fisherman.  I grew up fishing the James 

River.  As a result of being retired and having more free time I routinely fish most of the major 

smallmouth bass rivers in Virginia. I have fished the North Fork, South Fork and Main Stem of 

the Shenandoah for decades and for all that time observed noxious algae blooms that seriously 

diminish my use and enjoyment of the rivers.  In fact, due to the very poor water quality I see 

much of the year and the serious fish kills and resulting  steep decline in the quality of the angling  

I use the river much less.   Of all the many rivers I recreate on in Virginia the water quality in the 

Shenandoah system is by far the worst to the point that it seriously diminishes the recreational 

experience.    

 

The most extensive and troublesome problems are the planktonic algae blooms that I often see 

after a high water events.   I have seen this on all three rivers from Port Republic down to Front 

Royal, from Broadway to Front Royal and from Front Royal to the Confluence with the Potomac 

River.  This bloom turns the river a dark murky green color, like green paint, from late winter 

until about July.  I do not fish the river when this condition occurs because fishing is generally 

poor.  Activity in the river drops to near zero. At this same time water quality on other bass rivers 

is fine so I fish other streams.  I am presently very concerned about recent the fact that for the 

past two years the algae blooms were so bad I could not fish the lower South Fork or the entire 

Main Stem from July through August. 

 

It is almost impossible to escape the impacts of poor water quality and over enrichment of the 

Shenandoah River system on recreational angling.  In May and June blue green and filamentous 

algae begins to appear and impact our native grasses as well as the ability to fish.  They turn 

brown, lose their leaves and remain bare the rest of the year.  Additionally, a floating bubbly type 

of blue green algae clumps rise up to and float on the water surface and then accumulates on 

anything sticking out of the river and in back eddies.  The fishing is impossible because you 

cannot fish without fouling your line on the algae, the fish won’t bite lures or bait with algae. I 

find this problem everywhere I fish in the river.   

 

I would like to see improvements in water quality and be able to recreate more often on the 

Shenandoah river system.   I request that DEQ include the three sections of the Shenandoah River 

on 305B/303D list, determine why we are having these algae problems, and to develop and 

implement a plan to make them go away.   

 

Urbie Nash , P.E. 

1232 Frederick Street 

Waynesboro, Virginia 22980 



Allan Thomson 

709 Cargil Lane 

Charlottesville 

VA 22902 

John M. Kennedy 

DEQ Office of Water Monitoring and Assessment 

P.O. Box 1105 

Richmond, Virginia 23218-1105 

RE: Draft 2012 305(b)/303(d) Water Quality Assessment Integrated Report 

 

 

Dear Sir, 

As a frequent user of the Shenandoah River, I have noticed that there is often in the spring and summer 

a slimy mat of algae covering the rocks and native grasses which makes the river not only unsightly but 

also hazardous to walk in. This is especially true in the North fork and the main stem north of Front 

Royal. I have been told that this algal bloom is caused by excess fertilizer and manure seeping into the 

waterway which is a severe deterrent from using the river for recreational purposes with friends and 

family. 

I hope that there is something you can do about this to restore the river to being the wonderful 

resource for recreation and tourism that it should be. 

 

Yours Sincerely 

 

Allan Thomson 



John M Kennedy  

DEQ Office of Water Monitoring and Assessment 

PO Box 1105 

Richmond VA 23218-1105 

RE: Draft 2012 305(b)/303(d) Water Quality Assessment Integrated Report 

 

Dear Mr. Kennedy,  

I am a long time resident and nature photographer in Shenandoah County.  The 

Valley and the beautiful Shenandoah River have been something that I have enjoyed for 

decades.  Several times a year, I will go to the river, either by myself or with friends 

and/or family to enjoy it.  Canoeing is my favorite activity but also swimming, wading, 

wildlife watching and fishing are things that I enjoy with my daughter as I did when I 

was her age growing up in Mt. Jackson.   

Problems affecting the health of the Shenandoah River have been around for a 

very long time.  On many occasions over the past several years, algae blooms have been 

observed from Deer Rapids to the Strasburg town park.  I live near Strasburg and this 

stretch of the river is one that I canoe many times.  The algae on this section is worse 

during the summer months. 

In 2009, I canoed the entire length of the North Fork and main stem from Fulks 

Run to Harper’s Ferry at its confluence with the Potomac River.  During that time on the 

river in April and early May, I witnessed something at the area known as Shenandoah 

Shores on the main stem below Front Royal.  There were large clumps of green and 

brown stuff that were floating around.  As I passed, the clumps had a sewage-like stench 

that could be smelled. 

Due to the algae that has been occurring in the river for many years, I try to avoid 

the areas that are plagued by the algae during my visits or I just avoid going to the river 

altogether.  I am only one person with one family and the algae has certainly diminished 

our enjoyment and our experience of the river to the point where we have cut back on our 

use of the river.  I am sure many other people, locals and tourists, also feel this way and 

are affected in a similar fashion. 

Because of the algae pollution that is affecting the quality of our environment, I 

am requesting the Virginia Department of Environmental Quality to have the Shenandoah 

River (North Fork, South Fork and the main stem) be included to the impaired waters 

303D/305B list.  I believe it is important that the DEQ study this unique algae problem 

found in the valley then solve it in order to clean it up.  

The Shenandoah River has been romanticized and immortalized through songs, 

poems and verse.  The health of the river is important to the wildlife that live within its 

ecosystem, to the local economy that depends upon the dollars that recreation on the river 

brings in and the communities that use it for consumption.  We should clean and protect 

this great Virginia and national treasure that is our Shenandoah River. 

 

Andrew Thayer 

361 Little Sorrel Drive 

Strasburg, VA 22657 

(540) 465 – 8266 

<<CONTINUED>> 



 
 

 
 



 
 

 
 



 
 

 

 

 

  



      Bernard Griswold 

      829 Hickory Lane 

      PO Box 267 

      Woodstock, Virginia, 22664 

      April 12, 2012 

 

Mr. John M. Kennedy 

DEQ Office of Water Monitoring and Assessment 

PO Box 1105 

Richmond, Virginia 23218-1105 

 

RE:  Draft 2012 30(b)/303(d) Water Quality Assessment Integrated Report 

 

Dear Mr. Kennedy: 

 

I am writing to request that Virginia’s Department of Environmental Quality add the 

Shenandoah River system as impaired waters to the 2012 305(b)3/303(d) Water Quality 

Assessment Integrated Report because of severe and growing algae growth and blooms 

each year. 

 

I have had riverfront property directly on the North Fork outside of Woodstock since 

1991, first as a weekend retreat, then as a permanent new retirement home on expanded 

land holdings since 2002.  Therefore, I have had intimate contact and use of the North  

Fork for over 20 years, mainly through floating, fishing, some swimming, and regular 

environmental monitoring both for water quality and benthos for the Friends of the North 

Fork of the Shenandoah River.  Our home sits on a 25-foot bank with deck directly above 

the river affording a close up river view 24/7.  My use of the river includes primarily the 

stretch from Edinburg to Strasburg.  I am amazed at the changes in indicators of water 

quality over these 20 years, accelerating in the past 6 or 7.   

 

The visible issue is primarily an increase in attached algae, both type and quantity. 

However, during dry low water spells, planktonic algae also increases dramatically to the 

point that it covers and clogs grass beds from shore to shore. Fifteen years ago, 

vegetation in this area consisted primarily of rooted grasses which provided cover and 

food for a variety of river creatures, especially from mid-June through early fall.  Now, 

beginning in early June, rooted filamentous brown algae begins to coat rocks and rubble 

in pools and runs and increases by mid-August to provide floating clumps of brown gunk 

in such quantity as to collect in masses around any object at the surface.  This has 

resulted, in recent years, in much reduced use of the river in late summer and early fall 

for all our activities and provides a real eyesore from our vantage point on shore.  It also 

provides a severe odor problem during hot dry, low water periods in late summer.  It is 

obvious, from these indicators over a 20 year time frame that significant changes are 

occurring in water quality that are not indicative of a healthy ecosystem.   

 

 

 



Thus, I am asking that DEQ include the Shenandoah River in its 2012 Water Quality 

Assessment Report to study this issue carefully and develop a plan and strategy to reverse 

these issues.  The Shenandeoah River is historically a national icon and conserving it as a 

healthy ecosystem should be paramount as an environmental goal. 

 

Sincerely, 

Bernard Griswold 



April 8,2012 

Mr. John M. Kennedy 

DEQ Office of Water Monitoring and Assessment 

P.O. Box 1105 

Richmond, Virginia 23218 

 

RE: Draft 2012 305(b)/303(d) Water Quality Assessment Integrated Report 

 

Dear Mr. Kennedy, 

 

I am writing this letter to request that your organization add the North Fork, South Fork and Main Stem 

of the Shenandoah River as impaired waters on your Water Quality Assessment integrated Report 

because of the very severe algae problems evident in the river every year. 

 

I fish for small mouth bass in all portions of the river, particularly the North Fork near Edinburg, and the 

main stem down river from Route 50.  I also fish the South Fork near Bentonville.    I am experiencing a 

lot of frustration as the temperature rises during the summer months with regard to cloudiness of the 

water, and the algae blooms that cause the fishing to be difficult, and the river bottom to be slippery 

and the surface of the water to be unsightly. This lasts until the fall.   It is getting to the point that I do 

not find it much fun anymore.  I cannot even run a lure through the water because of this problem.  

Also, I am beginning to wonder if there are some things in the water that might affect my skin, should I 

continue to come in contact with it.  

 

I keep hoping for some improvement, but over the years the problems continue.  They continue to the 

point that it my use of the river will diminish accordingly.    It is a shame because it is so beautiful but not 

so pristine, as it used to be. 

 

Accordingly, I am repeating my request for you to include the waters of the Shenandoah on 305B/303D 

list to determine why the river is having these problems. 

 

Thank you for taking the time to read this letter.  Hopefully, if addressed a plan can be developed and 

implemented to make the problem go away and make the river more enjoyable for me and future 

generations. 

 

 

Sincerely, 

 

Carl Cisky 

 

Carl Cisky 

13113 Applegrove Lane 

Herndon, VA 20171 

Tel. 703-476-2391 

Email: cfcisky@verizon.net 

 



April 18, 2012 

John M. Kennedy 

DEQ Office of Water Monitoring and Assessment 

P.O. Box 1105 

Richmond, Virginia 23218-1105  

2012 305(b)/303(d) Water Quality Assessment Integrated Report 

 

Dear Mr. Kennedy, 

I am writing to request that Virginia’s Department of Environmental Quality add the North Fork, South 

Fork and Main Stem of the Shenandoah as impaired waters on thee 2012  305(b)3/303(d) Water Quality 

Assessment Integrated Report because of the severe algae problems the river experiences every year. 

 

I was born and raised in Northern VA and lived in this wonderful state my whole life.  When it came time 

for my wife and me to buy our first house we both decided that we would like to settle and make a home in 

the Shenandoah Valley.  So we could be closer to the things we love, for me that was mostly the 

Shenandoah River.  From the early spring to late fall I enjoy floating, fishing and swimming in the river.  I 

take my dogs down to the river for a swim from time to time and I use to take my lab mix fishing with me 

before she got too old to handle a long day on the river.   

 

I have seen in recent years when on the river that the water has an odd dark greenish color that seems 

almost like it could glow in the dark to it in the spring.  I have witnessed this just last weekend on 4-15-12 

when I had floated from Rt.50 to a takeout 4 miles downstream.  Then on other floats I have taken in the 

summer between July and August on the main stem at the low water bridge at Morgan’s Ford and between 

Rt.50 and Rt.7, as well as the South Fork between New Port and Alma also as far up river as Kara there are 

tons of large clumpy pods of algae that are so bad that it looks like you could walk across it.  It is very hard 

to float this because basically you can’t float on top of these algae clumps very well.  It has also make it 

very hard to fish when every cast I’m clearing the algae from my line or lure.  Also during the summer 

there is a strong smell that is not enjoyable at all.  This smell seems to stay with you because it is on 

everything from my canoe and everything I take fishing.  I have to spend hours cleaning my gear and 

bathing my dogs after a trip.   

 

This cycle of algae has diminishes my use and my enjoyment of the Shenandoah River system.  As a result 

I would like to ask that DEQ include the three sections of the Shenandoah River on 305(b)/303(d) list, 

determine why we are having these algae problems, and to develop and implement a plan to make them go 

away.   

Thank you for considering my comments, 

 

Mr. Charles V Loudermilk II 

150 Travis Court  

Winchester, VA 22602 

Email:  Charlie@winchestertu.org 

Phone: 571-236-5640 



 

April 15, 2012 

 

 

John M. Kennedy 

DEQ Office of Water Monitoring and Assessment 

P.O. Box 1105 

Richmond, Virginia 23218-1105  

 

 

RE: Draft 2012 305(b)/303(d) Water Quality Assessment Integrated Report 

 

 

 

Dear Mr. Kennedy, 

 

I am writing to request that Virginia’s Department of Environmental Quality add the North Fork, South 

Fork and Main Stem of the Shenandoah as impaired waters on thee 2012  305(b)3/303(d) Water Quality 

Assessment Integrated Report because of the severe algae problems the river experiences every year. 

 

I have fished the North Fork, South Fork and sometimes the Main Stem of the Shenandoah frequently 

over the last forty plus years.  In recent years large sections of each river get nasty algae blooms that 

seriously diminish my use and enjoyment of the rivers. 

 

It seems that the problems now begin early in the spring of the year with a dark green, murky color to the 

water that lasts several months. The fishing suffers during this time and it barely goes away around June 

when the snot grass version comes on and covers everything in the water including the rocks and the 

native grasses. I used to do a lot of wade fishing in the summer, but because of this snot grass overlay on 

the whole river bottom, I can’t. The fishing isn’t as good and the bottom is slippery and dangerous….and 

it smells bad.  I’ve tried to get away from this by going to different stretches of the rivers, but it seems 

more and more to cover almost all of both branches and the main stem. 

 

Although I don’t live on the river, enjoying it has been a long and valuable part of my and my family’s 

life. And I know that’s true for so many of the people I’ve met there over the years.  

 

The degradation that is happening to the Shenandoah system is a shame and affects a lot of people like me 

personally. Its worthy of some focused attention by the State of Virginia and its DEQ. Therefore I ask that 

DEQ include the three sections of the Shenandoah River on 305B/303D list, determine why we are 

having these algae problems, and to develop and implement a plan to make them go away.   

 

Thank you for considering these comments,  

 

 

Francis C. Steinbauer 

2501 Fowlers Lane 

Reston, VA 20191 

 



 

Jeff Kelble <jeff@potomacriverkeeper.org> 

River letter 

George Patterson <gpatterson@thedownstreamproject.org> 
Fri, Apr 13, 2012 at 12:28 

PM 
To: Jeff Kelble <jeff@shenandoahriverkeeper.org> 

April 13, 2012
John Kennedy                  
DEQ Office Of Water Monitoring and Assessment
PO Box 1105 
Richmond VA 23218
RE:Draft 2012 305(b)/303(d) Water Quality Assessment Integrated Report
 
Dear Mr. Kennedy,
 
As a resident of Clarke County, we are blessed to be bordered to our east by the Shenandoah and The 
Blue Ridge Mountains. I enjoy this stretch of river mostly in a kayak taking video and still pictures. I do this 
for fun and the love of the river. I also am trying to document the state of this iconic national treasure. I 
helped produce a documentary film released in 2007, titled "Shenandoah; Voices of The River." The film as 
told through the voices of people who had a stake in the rivers past and future, spoke about the rivers 
place in history, it's storied beauty, it's economic importance, brutal legacy environmental challenges, and 
most of all, the stake all of it's residents had in improving it's water quality as an example to others in the 
greater Chesapeake Bay watershed. I am concerned about what progress we are making.
 
My first actual, on stream, concern about an increased algae problem was in October 2009. We were on an 
educational trip canoeing with a group of students from Shenandoah University. Port Republic was our 
starting point, and after a presentation about ongoing efforts at Dupont in Waynesboro it was not long into 
our trip that mercury concerns turned into seeing algae blooms along the way; not typical in late October. 
The students took part in Benthic testing, with the help of The Chesapeake Foundation, near the Coors 
plant (good results). Virginia Department of Game and Inland Fisheries did a fish shock to show us the 
diverse aquatic population in the river. We toured landowner riparian restoration efforts and unfortunately 
saw the other end of the spectrum; terrible stream bank erosion on farms not employing the best of farm 
management practices. We finished at Andy Guest State Park with Shenandoah Riverkeeper Jeff Kelbe, 
along for the last 20 miles or so. The Bottom line for that whole 75 mile trip; we got to see many problems 
and hope for the river. Hope, being mostly in citizen participation and one of the largest problems; Algae.
 
Recently my experiences on the river have been kayaking during the summer months, 2008- 2012. I've 
also photographed different sections of the river ongoing since 2007. The algae in the summer goes from 
noticeable to annoying. The noticeable involves the encroachment this stuff has on grasses, fish nests, as 
well as many other unseen habitats; stated simply, you can't see the damage because of the algae. The 
annoying involves more the smell and actually having to paddle around the heavy blooms. 
Photographically, most places you go, a bad picture can be had. A picture is worth a thousand words, good 
or bad. Clean pictures are there, only they require a bit more work.
 
Recently, Spout Run, in our county, was added to the dirty waters list and our organization hopes to be a 
force in cleaning up this stream. It is a small watershed, but it provides a snap shot of problems in much 
larger watersheds. It has agricultural impacts, two new residential neighborhoods have runoff issues, 
educational opportunities at two schools that are bordered by it, a sewage treatment plant pipes into a 
tributary, a golf course shares it boundaries, Project Hope is located there as well as The University of 
Virginia's State Arboretum. So you see, with a conservation minded community here, we see a bright future 
to take this stream off the impaired list. What a great example that would be to others in the state; that it 
can be done. We plan to document this effort as well as help with outreach and support by, among other 
things, providing a website as a virtual meeting place for watershed information and citizen involvement. 
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Spout Run, as a small stream has a chance through citizen effort to be de-listed. The bigger picture now 
arises, pardon the metaphor, but does all that effort get washed away as soon as that stream flows into the 
Shenandoah River? I know quite a few people who care and work tirelessly for better water quality in this 
watershed. I think great consideration should be taken in helping them give the Shenandoah River and it 
major tributaries the same chance as its smaller stream and tributaries. Please consider adding them to the 
305(b)/303(d) list of impaired or unhealthy waters.
 
Thank you and everyone at DEQ for what they do!
 
Thanks for your consideration and kindest personal regards.
 
All Best!
 
George F. Patterson
 
 

George F. Patterson 

PO Box 1000 | Berryville, Virginia | 22611  

Cell: (540) 550-2089 | Office: (540) 955-6066 

 

Page 2 of 2PRK Mail - River letter

4/13/2012https://mail.google.com/mail/?ui=2&ik=5cea7b456c&view=pt&search=inbox&msg=136a...



Dr. Hays Blaine Lantz, Jr. 

P. O. Box 744, 236 Ellis Road 

Telephone 540-856-2452 

hlantz4446@gmail.com 

 

April 14, 2012 

 

John M. Kennedy 

DEQ Office of Water Monitoring and Assessment 

P.O. Box 1105 

Richmond, Virginia 23218-1105  

RE: Draft 2012 305(b)/303(d) Water Quality Assessment Integrated Report 

 

Dear Mr. Kennedy: 

 

The purpose of this correspondence is to communicate my concerns about the increasing 

nuisance algae problem in the North Fork of the Shenandoah River and the tributaries that are 

part of this watershed. I have lived on Stony Creek, a tributary to the North fork, and Lake Laura 

in Bryce Resort for almost thirty years. My background is in biology (three degrees) with much 

work in aquatic ecology, and I along with Friends of the North Fork have conducted water 

quality research on the Lake Laura watershed for many years. In addition, I am most familiar 

with past research on the Lake Laura watershed, including three scientific studies conducted by 

Dr. Thomas Grizzard of Virginia Tech and Aquatic Resources, Inc. Stony Creek and Lake Laura are 

part of my daily existence as I can look upon them from the deck of my home. I fish, boat, and 

walk around Lake Laura and the North Fork a minimum of 40-50 days per year.  

 

The algae problem in Lake Laura and Stony Creek began to be noticeable in the early 1980’s and 

has gotten increasingly worse with each successive year. Tremendous algal blooms now occur 

yearly in Lake Laura and cover about 1/3 of the surface. This growth is well documented by the 

Virginia Department of Game and Inland Fisheries, Dr. Grizzard, and me. The algal blooms create 

an environment in which boating, fishing, and swimming are next to impossible in Lake Laura 

and Stony Creek. .The recreational value and use of Lake Laura is decimated each year in the 

months of July through October. My use and enjoyment of Stony Creek and Lake Laura diminish 

significantly each year during this period of time. It is difficult if not impossible for me to take 

water samples during these months in Lake Laura for my studies Because of the algal blooms 

and subsequent decay, the odors emanating from Lake Laura are almost unbearable, to the 

point where my wife and I cannot sit on our deck and enjoy the vista. 

 

Because of this situation with Stony Creek and Lake Laura I am requesting that the North Fork, 

South Fork and main stem of the Shenandoah River be added to Virginia’s impaired waters 

303D/305B list. This problem is as significant, if not more so, as many other impairments.  

 

Respectfully submitted, 

 

 

 

Dr. Hays B. Lantz, Jr.  

 



 

Jeff Kelble <jeff@potomacriverkeeper.org> 

Algae Letter 

Hays Lantz <hlantz4446@gmail.com> Mon, Apr 16, 2012 at 4:55 PM 
To: Jeff Kelble <jeff@shenandoahriverkeeper.org> 

Hi Jeff,
 
I just finished conducting a BMI study at Bergton and noted that algae was starting to grow in the North 
Fork near these headwaters. 
 
I would like to continue our discussion regarding Lake Laura as it has to be a significant contributor to 
algae problems in Stony Creek and the North Fork.  
 
[Quoted text hidden]

--  
Dr. Hays B. (HB) Lantz, Jr.
236 Ellis Road, PO Box 744
Basye, VA 22810
540-856-2452 (Home)
540-624-9019 (Mobile)
 
 

"Success isn't how far you got, but the distance you traveled from where you started." 
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John M. Kennedy
DEQ Office of Water Monitoring and Assessment
P.O. Box 1105
Richmond, VA 23218-L105

Dear Mr Kennedy

I am writing to you to have you consider placing the Shenandoah River on the Virginia list of impaired
waterways.

I am a frequent user of the river, an avid fisherman, outdoorsman, naturalist and photographer. I spend
many days on our states rivers, but the beauty and proximity of the Shenandoah make it my
favorite...until the last few years.

The last few years, starting about the end of June, I find long stretches of the river, choked with algae.
This emerald green slime coats rocks in the river, making it dangerous to wade and then breaks off and
becomes suspended in the water making it difficult to fish. This algae is not a 'normal' condition for the
river. lt's a direct result of excess nitrogen and phosphorus in the river. Cleaning a hookful of this stuff
off every time you reel in a lure gets old very quickly. I do a lot of 'sight-fishing', looking for fish activity,
or bait fish being chased, and bird activity that tells me larger fish are present in that area. When this
algae moves in and coats the bottom, the fish move out because they can't survive in that area. There's
no oxygen. Which also means the fish-eating birds I so enjoy photographing move out as well. I recall an
area of the south fork near Andy Guest State Park that was almost completely coated in the emerald
green goo. I did finally find a bare area2 miles downriver. This area was about the size of my dining room
and there was at least 3 dozen large fish milling around it, trying to breath and find some food. But it's
not just near the park. I have found it up beyond Luray near Newport, as well as Karo landing, Front
Royal landing and on into the main stem. The North Fork gets almost completely clogged with this stuff
due to its shallowness.

As the summer wears on, the blue-green algae begins to show up in the low-water eddies and
backwaters of the river. This stuff not only smells horrendous, it is also toxic to people and animals. I
can't imagine allowing my kids to come in contact with any water where blue-green algae is growing. I
don't care to come in contact with it either. I find myself traveling further afield to other waterways, and
other states even, to find water where I can fish and pursue my passions. But not before I spend a good
deal of time scrubbing my kayaks and pontoons boat. I don't care to inflict this on anyone else's river.l
would strongly request that DEQ place both forks and the main stem of the Shenandoah River on
Virginia's impaired waters 303D/3058 list so that a proper plan and funding for it's cleanup and
improvement can be formulated. I think all Virginians would appreciate being able to point to such a
nationally famous and historic river as a point of pride and not as a river with a pollution problem.

Herschel L. Finch
Conservation Chairman
Potomac River Smallmouth Club
310 Oakridge CT.
Front Royal, VA 22630
540-270-1590



April 6, 2012
John M. Kennedv
DEQ Office of Water Monitoring and Assessment
P.O. Box 1 105
Richmond,VA 23218J 105
RE: Draft 2012 305(b)/3103(d) Water Quality Assessment Integrated Report

Dear Sir:

I am writing.ygu as l.am deeply concerned about the declining water quality and
overall condition of the Siouth Fork of the Shenandoah River,'particulartv tn'e
stretch between the low water bridge at Bentonville and the nbw closed-
campground at Hazard nilill. I used to fish this particular stretch of the Shenandoah
many years ago and hal'e always considered the fabled Shenandoah as one
of the prem-iere lvaterwa;ys, not only in the state of Virginia, but also in the
entire Mid Atlantic region.

During the 1960s, I fished this stretch of the river at least once a week and
sometimes would camp lfor days at a time at the Hazard Mill recreation area some
five miles upstream from the low water bridge at Bentonville. I have fond
memorigs oJ my early days on the river as l-recalled the crystal clear waters
and rocky river bottom brroken up by occasional rocky ridges which held
grea! Lqmbers of beautiful smalimouth bass. I contiiued-to fish the river during
the 1970s and 1980s anrl in dismay watched the quality of the river decline
markedly. I first noticed the algae blooms , which were practically nonexistent
4uring my early years on lhe riVer, become quite prevalent as time wore on.
The last time lfished the Shenandoah was sometime during the 1990s.
The algae had become er real pain as you had to clean youi lure after every
cast and the algae had taken on a real noxious odor wlrich greatly diminished
what I had always consiclered a memorable visit to what was then one of
Virginia's best waterways. Considering the money and effort the state of
Virginia has spent creating the Andy Guest State Park, which I presume was
meant to replace the old Hazard Mill recreation area, one would think that you
would want a pristine river which would attract plenty of fishermen and other
outdoor enthusiasts. Unfortunately, this does not seem to be the case. As
a matter of fact, the last time I fished the Shenandoah, it was in the Guest state
park.

Finally in 2008, I decided to visit the low water bridge at Bentonville to see if the river
quality had improved sinr:e I last fished there in the 1990s. lt was during a
particularly hot period in July. I was shocked to see the amount of algae
both upstream and downstream from the bridge. The slime that clung to the
rocks was clearly evident and the noxious odors that lfirst noticed in the
1990s had become worse. lt is a sad epitaph for a river that so many
considered one of the premier rivers in the Mid Atlantic.

It is for this reason that I implore the Virginia Department of Environmental
Quality to include the three sections of the Shenandoah River on 3058/
303D list, determine why we are having these algae problems, and to
develop and implement er plan to make them go away. lt is imperative



that the state of Virginia take the necessary steps to insure that this wonderful
waterway is restored to its past pristine qullity.'Thank you for considering mycomments.

$incerely,

k2 ft,,,h*L
lJohn F. Ehr[ch
522 N. Nonntood St.
Arflngton, VA 22203
E-mail : bluesally@verizon.net
Phone: 703527-58e0



March 27, 2012 

John M. Kennedy 

DEQ Office of Water Monitoring and Assessment 

P.O. Box 1105 

Richmond, Virginia 23218-1105  

RE: Draft 2012 305(b)/303(d) Water Quality Assessment Integrated Report 

 

Dear Mr. Kennedy, 

I am writing to request that Virginia’s Department of Environmental Quality add the North Fork, South 

Fork and Main Stem of the Shenandoah as impaired waters on thee 2012  305(b)3/303(d) Water Quality 

Assessment Integrated Report because of the severe algae problems the river experiences every year. 

 

I run a fishing camp for children every summer. In the past 3 years we have taken over 400 children to 

fish the North Fork, South Fork and Main Stem of the Shenandoah a whole lot and I also use all three 

rivers  personally to take my family canoeing and rafting and have done so since 1982.  However, for 

much of the past few years, large sections of each river seems to experience a series of noxious algae 

blooms that seriously diminish my use and enjoyment of the rivers. 

 

In each of the past six years during late winter a planktonic algae blooms, usually after a high water event, 

but not always.  Over the course of the year I use the entire river system and have seen this on all three 

rivers from Port Republic down to Front Royal, from Broadway to Front Royal and from Front Royal to 

the Confluence with the Potomac River.  This bloom turns the river a dark murky green color, like green 

paint, from late winter until about July.  When the algae blooms, I opt to take the children to fish other 

bodies of water so they can catch more fish and swimming safely and comfortably.   Last year was a 

particularly poor year for fishing for the children in my camps and they requested we spend more time 

elsewhere. Whenever the river is this murky color, it’s disturbing to us and the animals that we encounter. 

The numbers of fish that we catch are lower and the fish are usually lethargic.  Activity in the river drops 

to near zero. For the past two years I simply could not fish the lower south fork or the entire MainStem 

from July through August because of the plankton green water. 

 

By mid May or June each year as the river clears the planktons seem to die back.  But then a filamentous 

algae (rock snot) takes hold covers the river bottom and the native grasses which are trying to emerge. 

The native grasses turn brown and lose their leaves and remain bare the rest of the year.  Additionally, a 

floating bubbly type of algae (I’m told its Cynabacteria or Blue Green Algae) comes at this time.  Clumps 

rise up to and float on the water surface and then accumulates on anything sticking out of the river and in 

back eddies.  This algae smells like sewage or rotting broccoli.  When these algaes are blooming I literally 

do not want to be anywhere near the river and I often choose to go somewhere else.  When I have no 

other place to go then it just takes all the enjoyment out of my day.  The fishing is frustrating because you 

cannot fish without fouling your line on the algae, the fish won’t bite lures or bait with algae sticking to it.  

I find being around the river very unpleasant due to the odors and annoyance.  I found this problem in the 

following areas last year from July through August; Broadway, Lupton, Deer Rapids, Edinburg, 

Woodstock, Strasburg, Front Royal, Goods Mill, Luray Dam, 211, Alma, Port Republic, Warren Dam, 

Shenandoah, Route 50, Route7 among other places. 

 

Finally, in the fall each year the native grasses die back and a bright green algae again covers the entire 

river.  These algaes make it nearly impossible to fish and again diminishes and sometimes eliminates my 

ability to enjoy the river. 

 

This cycle of algae diminishes both my use and my enjoyment of the Shenandoah River system.  As a 

result I would like to ask that DEQ include the three sections of the Shenandoah River on 305B/303D list, 

determine why we are having these algae problems, and to develop and implement a plan to make them 



go away.   

Thank you for considering my comments, 

 

Mr. John D. Lipetz 

2717 Pioneer Lane 

Falls Church, VA 22043 

Email:  jdlipetz@fishandexplore.com 

Phone: 703-609-8083 
 



John M Kennedy  

DEQ Office of Water Monitoring and Assessment 

PO Box 1105 

Richmond VA 23218-1105 

RE: Draft 2012 305(b)/303(d) Water Quality Assessment Integrated Report 

 

Dear Mr. Kennedy,  

 

My name is John Politz.  I am a native and resident of Louisiana.  Awhile back, I had the 

pleasure to live in the Shenandoah Valley for a few years and to have the opportunity to 

enjoy my favorite activities of fishing and hunting.  

 

During the years of 2000 - 2003, I fished all over the Shenandoah River, the South Fork 

and the Main Stem.  However, the North Fork was where I spent most of my time fishing.  

I saw problems with algae at all areas of the river.   

 

Because of the problems with the algae, fishing became a hassle with having to avoid it 

for it would get tangled up on the line.  There isn’t much worse than having an enjoyable 

day of fishing ruined by some algae.  I still return to the valley and visit old friends every 

few years.  I like to take the opportunity while here to get some fishing in.  I spend 

money at the local businesses because of fishing but if the algae continues to worsen, 

then fishing might not be on my list of things to do while here.   

 

The problems of the river have made me decide to write the VA DEQ to say that the 

Shenandoah River needs to be included on the impaired waters 303D/305B list.  The 

Shenandoah River is a great river and I tell people wherever I go that it has some of the 

best fishing in the country.  Please don’t make a liar out of me and take care of your river. 

            

Respectfully, 

John Politz 

535 Broadmoor Blvd 

Shreveport, LA 71105 

 

 

 

  



 

Jeff Kelble <jeff@potomacriverkeeper.org> 

Form submission from: Take Action!- Help the Shenandoah Riverkeeper Get 
Rid of Algae 

Potomac Riverkeeper <sarah@potomacriverkeeper.org> 
Sun, Apr 15, 2012 at 11:56 

AM 
To: jeff@potomacriverkeeper.org 

Submitted on Sunday, April 15, 2012 - 11:56am 
Submitted by anonymous user: [76.120.244.178] 
Submitted values are: 
 
Your Letter: 
Mr. Kennedy, 
As an outdoorsman and father who recreates in the South Fork and main stem of the Shenandoah River 4 
to 5 times a year, I urge you to add the Shenandoah River system (NF, SF, and main stem) to Virginia's 
impaired waters 303D/305B list due to reduced water clarity and increased amount of algae. 
 
For over 20 years, I have camped, canoed and fished on the SF of the Shenandoah near Newport, VA 
every April and September.  I float and fish the SF of the Shenandoah from Luray to Front Royal at least 
once a year.  I also wade fish the main stem of the Shenandoah River near Harpers Ferry multiple times 
every summer for over 30 years.  During that time, I have noticed a gradual reduction in water clarity and 
increases in algae in the river.  During the most recent 10 or so years, these clarity and algae issues have 
increased dramatically to the point where these issues have diminished my enjoyment considerably on 
every outing on the river.  Even the smell of the river in the summer makes me question wading in the 
Shenandoah.  As a result, I now consider not going to the river when the opportunity arises.  I also second 
guess recommending the Shenandoah River to new acquaintances, as their experience is likely to be 
marred by the algae and water clarity issues. 
 
I have always been proud to be a Virginian and of the Shenandoah River.  She is still visually beautiful from 
a distance and the valleys she flows through are still a delight to travel through.  I still catch some fish when 
I do go, but not like in year's past.  Her resiliency is great, characterized by the increasing, but lagging 
recovery from the fish kills a few years ago.  Only diligent efforts by the citizens' of the Old Dominion's with 
the help of our great State, can we bring the Shenandoah River back to her former glory. 
 
Thanks in advance for your consideration.  I can be reached at: 
 
Michael E. Dunn 
21370 Ashburn Run Place 
Ashburn, VA 20147 
 
(703) 723-4443 
 
 
Name: Michael E. Dunn 
Email: med5987@comcast.net 
 
 
The results of this submission may be viewed at: 
http://www.potomacriverkeeper.org/node/428/submission/823 

Page 1 of 1PRK Mail - Form submission from: Take Action!- Help the Shenandoah Riverkeeper Get ...
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March 27, 2012 

John M. Kennedy 

DEQ Office of Water Monitoring and Assessment

P.O. Box 1105 

Richmond, Virginia 23218-1105  

RE: Draft 2012 305(b)/303(d) Water Quality Assessment Integrated 

 

Dear Mr. Kennedy, 

I am writing to request that Virginia’s Department of Environmental Quality add the North Fork, South Fork and Main 

Stem of the Shenandoah as impaired waters on the

because of the severe algae problems the river experiences every year.

 

I fish the North Fork, South Fork and Main Stem of the Shenandoah extensively and I also use all three rivers to take my 

family canoeing and camping.  However, for much of the year, 

noxious algae blooms that seriously diminish my use and enjoyment of the rivers.

 

In each of the past six years during late winter 

Over the course of the year I use the entire river system and have seen this on all three rivers from Port Republic down to 

Front Royal, from Broadway to Front Royal and from Front Royal to the Confluence with the Potomac River.  This bloom 

turns the river a dark murky green color, like green paint, from late winter until about July

often choose not to swim or fish and I don’t like to take my family swimming because they don’t like the off

water.  When I do fish I find the fishing is poor and I don’t enjoy the experience as much.  Whenever the river is this 

murky color, it’s disturbing to fish and the fish are usually lethargic and often they don’t feed at all.  Activity in the ri

drops to near zero. For the past two years I simply could not fish the lower south fork or the entire MainStem from July 

through August because of the plankton green water.

 

By mid May or June each year as the river clears

takes hold covers the river bottom and the native grasses which are trying to emerge

lose their leaves and remain bare the rest of the year.  Additionally

Cynabacteria or Blue Green Algae) comes at this time.  Clumps rise up to and float on the water

accumulates on anything sticking out of the river and in back eddies.  This algae smells like sewage or rotting broccoli.  

When these algaes are blooming I literally do not want to be anywhere near the river and I often choose to go somewhere 

else.  When I have no other place to go then it just takes all the enjoyment out of my day.  The fishing is frustrating 

because you cannot fish without fouling your line

find being around the river very unpleasant 

last year from July through August; Broadway, L

Goods Mill, Luray Dam, 211, Alma, Port Republic, Warren Dam, Shenandoah, Route 50, Route7 among other places.

 

Finally, in the fall each year the  native grasses die back

bottom of the river from Broadway to Strasburg

diminishes and sometimes eliminates my ability to enjoy the river.

 

This cycle of algae diminishes both my use and

to ask that DEQ include the three sections of the Shenandoah River on 

these algae problems, and to develop and imp

Thank you for considering my comments, 

 

Nick Elgas 

13211 Sapphire ridge pl 

Bristow VA, 20136 

703-498-9723 
 

DEQ Office of Water Monitoring and Assessment 

RE: Draft 2012 305(b)/303(d) Water Quality Assessment Integrated Report 

I am writing to request that Virginia’s Department of Environmental Quality add the North Fork, South Fork and Main 

as impaired waters on thee 2012  305(b)3/303(d) Water Quality Assessment Integrated Report 

because of the severe algae problems the river experiences every year. 

fish the North Fork, South Fork and Main Stem of the Shenandoah extensively and I also use all three rivers to take my 

However, for much of the year, large sections of each river seems to experience

noxious algae blooms that seriously diminish my use and enjoyment of the rivers. 

ix years during late winter a planktonic algae blooms, usually after a high water event, but n

Over the course of the year I use the entire river system and have seen this on all three rivers from Port Republic down to 

Front Royal, from Broadway to Front Royal and from Front Royal to the Confluence with the Potomac River.  This bloom 

green color, like green paint, from late winter until about July.  When the

fish and I don’t like to take my family swimming because they don’t like the off

ish I find the fishing is poor and I don’t enjoy the experience as much.  Whenever the river is this 

murky color, it’s disturbing to fish and the fish are usually lethargic and often they don’t feed at all.  Activity in the ri

e past two years I simply could not fish the lower south fork or the entire MainStem from July 

through August because of the plankton green water. 

By mid May or June each year as the river clears the planktons seem to die back.  But then a filamentous alg

nd the native grasses which are trying to emerge. The native grasses 

rest of the year.  Additionally, a floating bubbly type of algae (I’m told its 

Green Algae) comes at this time.  Clumps rise up to and float on the water

accumulates on anything sticking out of the river and in back eddies.  This algae smells like sewage or rotting broccoli.  

ooming I literally do not want to be anywhere near the river and I often choose to go somewhere 

else.  When I have no other place to go then it just takes all the enjoyment out of my day.  The fishing is frustrating 

your line on the algae, the fish won’t bite lures or bait with algae sticking to it.  I 

very unpleasant due to the odors and annoyance.  I found this problem in the following areas 

last year from July through August; Broadway, Lupton, Deer Rapids, Edinburg, Woodstock, Strasburg, Front Royal, 

Goods Mill, Luray Dam, 211, Alma, Port Republic, Warren Dam, Shenandoah, Route 50, Route7 among other places.

native grasses die back and a bright green filamentous algae again covers the entire 

from Broadway to Strasburg.  All three of these algaes make it nearly impossible to fish and again 

diminishes and sometimes eliminates my ability to enjoy the river. 

diminishes both my use and my enjoyment of the Shenandoah River system.

to ask that DEQ include the three sections of the Shenandoah River on 305B/303D list, determine wh

these algae problems, and to develop and implement a plan to make them go away.   

 

I am writing to request that Virginia’s Department of Environmental Quality add the North Fork, South Fork and Main 

ty Assessment Integrated Report 

fish the North Fork, South Fork and Main Stem of the Shenandoah extensively and I also use all three rivers to take my 

rge sections of each river seems to experience a series of 

blooms, usually after a high water event, but not always.  

Over the course of the year I use the entire river system and have seen this on all three rivers from Port Republic down to 

Front Royal, from Broadway to Front Royal and from Front Royal to the Confluence with the Potomac River.  This bloom 

.  When the algae blooms I 

fish and I don’t like to take my family swimming because they don’t like the off-color murk 

ish I find the fishing is poor and I don’t enjoy the experience as much.  Whenever the river is this 

murky color, it’s disturbing to fish and the fish are usually lethargic and often they don’t feed at all.  Activity in the river 

e past two years I simply could not fish the lower south fork or the entire MainStem from July 

filamentous algae (rock snot) 

. The native grasses turn brown and 

type of algae (I’m told its 

Green Algae) comes at this time.  Clumps rise up to and float on the water surface and then 

accumulates on anything sticking out of the river and in back eddies.  This algae smells like sewage or rotting broccoli.  

ooming I literally do not want to be anywhere near the river and I often choose to go somewhere 

else.  When I have no other place to go then it just takes all the enjoyment out of my day.  The fishing is frustrating 

lures or bait with algae sticking to it.  I 

I found this problem in the following areas 

upton, Deer Rapids, Edinburg, Woodstock, Strasburg, Front Royal, 

Goods Mill, Luray Dam, 211, Alma, Port Republic, Warren Dam, Shenandoah, Route 50, Route7 among other places. 

ilamentous algae again covers the entire 

All three of these algaes make it nearly impossible to fish and again 

enjoyment of the Shenandoah River system.  As a result I would like 

305B/303D list, determine why we are having 





Steve Kimm 

1933 Wilson Lane #T2 

McLean, VA 22102 

 

  

 

April 11, 2012 

 

John M. Kennedy 

DEQ Office of Water Monitoring and Assessment 

P.O. Box 1105 

Richmond, Virginia 23218-1105  

 

RE: Draft 2012 305(b)/303(d) Water Quality Assessment Integrated Report 

 

 

 

Dear Mr. Kennedy, 

 

I am writing to request that Virginia’s Department of Environmental Quality add the North Fork, South Fork and 

Main Stem of the Shenandoah as impaired waters on the 2012  305(b)3/303(d) Water Quality Assessment 

Integrated Report because of the severe algae problems the river experiences every year. 

 

I fish the South Fork and Main Stem of the Shenandoah and I also use these rivers to take club fishing trips.  

However, for much of the year, large sections of each river seems to experience a series of noxious algae blooms 

that seriously diminish my use and enjoyment of the rivers. 

 

In each of the past five years during late winter a algae blooms, usually after a high water event, but not always.  

This bloom turns the river a dark murky green color, like green paint, from late winter until about July.  When the 

algae blooms I may still fish but I find the fishing is poor and I don’t enjoy the experience as much.  Whenever the 

river is this murky color, it’s disturbing to fish and the fish are usually lethargic and often they don’t feed at all.  

Activity in the river drops to near zero. For the past two years I simply could not fish the lower south fork or the 

entire Main Stem from July through August because of the plankton green water. 

 

By mid May or June each year as the river clears the planktons seem to die back.  But then a another algae (rock 

snot) takes hold and covers the river bottom and the native grasses which are trying to emerge. The native grasses 

turn brown and lose their leaves and remain bare the rest of the year.  Additionally, a floating bubbly type of algae 

often comes about this time.  Clumps rise up to and float on the water surface and then accumulates on anything 

sticking out of the river and in back eddies.  This algae smells like sewage or rotting broccoli.  When these algaes 

are blooming I literally do not want to be anywhere near the river and I am forced go somewhere else.   

 

I personally found this problem in the following areas: Front Royal, Goods Mill, Luray Dam, 211, Alma, Port 

Republic, Warren Dam, Shenandoah, Route 50, Route7 among other places… 

 

This cycle of algae diminishes both my use and my enjoyment of the Shenandoah River system.  As a Virginian and 

a taxpayer I encourage DEQ to include the all sections of the Shenandoah River on 305B/303D list, determine why 

we are having these algae problems, and more importantly to develop and implement a plan to make them go away.   

 

Respectfully, 

 

 

 

Steve Kimm 



 

 

John M. Kennedy 

DEQ Office of Water Monitoring and Assessment 

P.O. Box 1105 

Richmond, Virginia 23218-1105  

RE: Draft 2012 305(b)/303(d) Water Quality Assessment Integrated Report 

 
 
Mr Kennedy, 
 
My name is Tim England and I have lived here in Winchester VA since 1998.  Before moving 
here, I was in the military and lived in TN, TX, AR, MT, MS and CA.  I have fished and hunted in 
what I would consider some of the the finest areas of our country.  I can say without hesitation 
that the best river that I ever fished was the Shenandoah River.  That includes the Mississippi 
River, Tom Bigbee Waterway and the Missouri River in Montana.  Some of my best memories 
were floating down the South Fork in 1999- 2001.  That all came to a halt.  SInce then, the 
combination of the fish kills and the algae on the river have taken this great resource and ruined 
it.  The fishing has become so unproductive, that I have essentially stopped river fishing. 
 
Usually April brings solid rainfall and great fishing.  By June, due to low water and hot 
temperatures, the river becomes an eyesore and stops becoming an asset to the state.  I don’t 
know what is causing this, but this I do know.  Other states like Montana (with Whirling Disease) 
become very proactive when evasive infestations threaten the waters.  Even Maryland has 
become very forward thinking.  They are aggressively battling the Snakehead, require watercraft  
exclusivity on lakes like Liberty and Prettyboy and have enacted a new law requiring rubber 
wading boots on rivers instead of felt to prevent invasive species. 
 
The effects of weeds and algae have certainly gotten out of control in VA.  Every year, the weed 
growth in Lake Frederick becomes thicker and deeper in the lake.  Since I don’t fish the Doah 
anymore, all I have to go by is the sight of algae on the river as I drive on route 7 on my way to 
work.  I can tell it is getting worse, thicker and deeper each year. 
 
Hopefully, the tide will turn for this great river which has become the example for all other VA 
rivers NOT to follow.  Hopefully, it will return the glory years of not so long ago.   
 
Thanks,  
Tim England 
92 Abbey Rd 
Winchester VA 22602 
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